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ABSTRACT OF THE DISSERTATION
Use of Proteomics to Probe Dynamic Changes in Cyanobacteria
for Arts & Sciences Graduate Students
by
Amelia Yen Nguyen
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Washington University in St. Louis, 2016
Professor Himadri B. Pakrasi, Chair
Cyanobacteria are unicellular photosynthetic microorganisms that capture and convert
light energy to chemical energy, which is the precursor for feed, fuel, and food. These oxygenic
phototrophs appear blue-green in color due to the blue bilin pigments in their phycobilisomes
and green chlorophyll pigments in their photosystems. They also have diverse morphologies, and
thrive in terrestrial, marine water, fresh water, as well as extreme environments. Cyanobacteria
have developed a number of protective mechanisms and adaptive responses that allow the
photosynthetic process to operate optimally under diverse and extreme conditions. Prolonged
deprivation of essential nutrients, such as nitrogen and sulfur, commonly found in the natural
environments cyanobacteria grow in, can disrupt crucial metabolic activities and promote the
production of lethal reactive oxygen species. The dynamic remodeling of protein complexes and
structures facilitates adaptation to environmental stresses, however, specific protein
modifications are poorly understood. Synthetic and systems biology approaches have been used
to study how photosynthetic microorganisms optimize their cellular metabolism in response to
adverse environmental conditions. To gain insights on how cyanobacteria cope with
environmental changes, we created a global proteomics map of redox-sensitive amino acid
xviii

residues and examined the degradation of light harvesting apparatus in cyanobacteria. These
studies offered significant insights into the broad redox regulation and protein degradation,
advancing knowledge of how photosynthetic microbial cells dynamically rely on protective
mechanisms to survive changing environmental conditions.
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Chapter(1 (

Chapter 1
Protective Mechanisms in Cyanobacteria

1

1.1 Cyanobacteria
Known as the evolutionary precursors of chloroplasts, cyanobacteria are responsible for
oxygenating the Earth 2.4 billion years ago and are major drivers in the global carbon and
nitrogen cycles (Buick 2008). Cyanobacteria are oxygenic photosynthetic prokaryotes that
generate chemical energy in the form of carbohydrates, which are the precursors for food, feed,
fuel, and fiber. In addition, some diazotrophic cyanobacteria can fix atmospheric nitrogen into
more accessible forms like nitrate and ammonia (Herrero et al. 2001). The integral protein
machineries in oxygenic photosynthesis are the light harvesting phycobilisome (PBS) complex
and the reaction centers of Photosystem I (PSI) and Photosystem II (PSII). Due to the brilliantly
colored blue bilin pigments in the PBS complexes and green chlorophyll pigments in the
photosystems, cyanobacteria were previously referred to as blue-green algae. The PBS
complexes are the massive light harvesting antennas in cyanobacteria that harvest light energy
and funnel the energy down towards both PSII and PSI to initiate photosynthesis (Bogorad 1975;
Liu et al. 2013). PSI and PSII are two thylakoid membrane bound pigment-protein complexes
that carry out photosynthesis in a series of light-dependent electron transfer reactions (Pakrasi
1995).

1.2 Oxygenic Photosynthesis
Light is the driving force of oxygenic photosynthesis, a process that oxidizes water
molecules into O2, protons, and electrons and converts CO2 into desirable chemical products
(Buchanan 1991). The splitting of water molecules occurs in the oxygen-evolving complex
(OEC) called the manganese cluster (i.e. Mn4CaO5) that is located centrally in the PSII. The
protons create a proton gradient and the electrons are passed along the photosynthetic electron
transport (PET) chain to produce ATP and NADPH, which are energy currencies for the
2

biosynthesis of energy rich sugars and lipids. Oxygenic photosynthesis occurs in a specialized
membrane system call the thylakoid found in photosynthetic organisms like plants algae, and
most cyanobacteria.

1.2.1 Photosynthetic Electron Transport Chain
The pigment-protein complexes and redox intermediates in the thylakoid membrane
create a PET chain that play a crucial role in the reduction of soluble electron carriers, e.g.
NADP(H), and the formation of a trans-thylakoid electrochemical gradient that generates ATP.
These processes are known to modify the redox environment in photosynthetic organisms.
Alterations of the redox environment occur because photosynthesis operates in the presence of
strong oxidants and reductants that lead to the production of potentially destructive chemically
reactive species (Shulaev and Oliver 2006; Singh et al. 2010).

1.2.2 Morphologies
In addition to converting carbons to sugars during photosynthesis, cyanobacteria can
convert sugars to carbons during respiration too. The photosynthetic and respiratory machineries
are both located in the internal thylakoid membrane. The electron transport chains for both
processes share several redox active protein components, i.e. the plastoquinone pool, cytochrome
b6f complex, plastocyanin, and cytochrome c553 (Vermaas 2001). In addition, as gram-negative
bacteria (Hoiczyk and Hansel 2000), all cyanobacteria commonly have an outer membrane,
peptidoglycan layer, and plasma membrane, but grow with varied spherical, rod-shaped, or
filamentous morphology. Intriguingly, some cyanobacteria can cultivate symbioses with plants,
fungi, sponges, and protists (Adams and Duggan 2008).
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1.2.3 Habitats
The metabolic flexibility of cyanobacteria allows them to thrive in a variety of
environments, from terrestrial to marine conditions. Cyanobacteria are often exposed to
fluctuating nutrient and light levels that can range from limiting to in excess. Several protective
mechanisms and adaptive responses help cyanobacteria cope with fluctuating environmental
conditions. For example, redox regulation and PBS remodeling allow cyanobacteria to exploit
environmental conditions and withstand oxidative and nutrient stresses.

1.2.4 Photo-oxidative Damage and Photoprotection Mechanisms
Countless heterotrophic organisms generate numerous chemically reactive species during
photosynthesis, respiration, and/or fatty acid oxidation. The presence of strong oxidants and
reductants in cyanobacteria inevitably lead to the production of chemically reactive species.
Cells undergo oxidative stress in the prolonged presence of (i) reactive oxygen species (ROS),
e.g. hydroxyl, peroxide, and superoxide anion radicals, or (ii) mixed reactive nitrogen–oxygen
species (RNS), e.g. nitric oxide (NO) and peroxynitrite (ONOO-) (Dalle-Donne et al. 2009). To
minimize photo-oxidative damage, photosynthetic organisms have developed a number of
protective mechanisms to operate optimally under adverse conditions. For instance, thermal
dissipation, antenna size adjustments, state transitions, photo-respiration, water-water cycle,
antioxidant systems, and repair & synthesis are employed to combat photo-oxidative damage
(Niyogi 1999; Gilmore 1997; Horton et al. 1996; Noctor and Foyer 1998; Demmig-Adams and
Adams 1996). How proteins are modified in response to the production of ROS during
photosynthesis and respiration remains unclear for some organisms, but recent studies in various
biological systems demonstrated that proteins rely on reversible ROS-mediated post-translational
modifications to regulate their functions (Rinalducci et al. 2008; Winterbourn and Hampton
2008; Fratelli et al. 2002; Brandes et al. 2011).
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1.3 Redox Regulation
Cyanobacteria have developed elaborate mechanisms to prevent excessive absorption of
light energy. Although ROS and RNS may form at all light intensities, they become destructive
when the amount of light energy available exceeds what could be used for phytochemical
conversion of light to chemical energy. Interestingly, these chemically reactive species may play
important roles in signaling and maintenance of redox homeostasis in both non-stressed and
oxidative stressed conditions. The redox states of proteins in the PET chain depend on the redox
environment in cells. Modifications of protein thiols in cysteine (Cys) residues involved in the
PET chain regulate gene transcription, stability of PSI and PSII, and post-translational
modifications (PTMs) of proteins in cyanobacteria, green algae, and plants (Pfannschmidt et al.
2009; Hihara et al. 2003; Lopez-Maury et al. 2009; Gill et al. 2002). Redox regulation is one
mechanism that helps cyanobacteria to withstand oxidative stresses, and is an emerging
paradigm in which protein thiols undergo reversible PTMs that affect protein functions.

1.3.1 Protein Redox Modifications
Oxygen evolution in cyanobacteria and plant promotes significant PTMs of the proteins
present in the thylakoid membranes. The thylakoid membrane in cyanobacteria is one of the
most redox active compartments in biological systems since oxygen is constantly evolved during
photosynthesis. However, little is known about the redox proteomics in cyanobacteria. The thiol
side chain in Cys often participates in enzymatic reactions and may become inactivated when
oxidized, and activated when reduced (Buchanan and Balmer 2005). Additionally, many
metabolic pathways in plastids are regulated by the conversion of protein thiols from dithiol
(reduced Cys) to disulfide (oxidized Cys) (Navrot et al. 2011). The thiol side chain in Cys, under
steady-state or oxidative stresses conditions, can be modified in various forms, including
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reversible forms: disulfides, S-nitrosylation (SNO), S-glutathionylation (SSG), sulfenylation
(SOH), and irreversible forms: sulfinylation (SO2H), and sulfonylation (SO3H) (Bachi et al.
2013; Held and Gibson 2012).
Elucidation of the redox proteome in cyanobacteria under different redox stress
conditions will undoubtedly reveal new insights into the functions of proteins that protect
photosynthetic organisms under unfavorable conditions. But detection of the dynamic redox
states of specific Cys in proteins (as cells are exposed to different environmental stresses) have
been limited due to 1) the transient nature of PTMs of thiols and 2) technical challenges
associated with site-specific detection of Cys modifications.
Understanding the dynamic redox changes of specific protein thiols on a global scale
should provide a comprehensive picture of the key players that protect the photosynthetic
apparatus from oxidative stress. The finding that an increasing number of proteins undergo
reversible ROS-mediated thiol modifications instead of photo damage in various biological
systems supports the rising concept of redox regulation (Fratelli et al. 2002). The extent to which
Cys residues are modified depend on the amounts and types of ROS present, the reactivity of the
Cys thiols involved, and the kinetic and thermodynamic stability of the respective thiol
modifications (Winterbourn and Hampton 2008).

1.3.2 Thioredoxin
Thiols play a central role in coordinating the antioxidant defense network by acting as
reversible redox switches. Previous studies suggest that the oxidative PTMs of protein thiols
induce redox regulation in cells by switching protein functions on or off. After light activates
photosynthesis, electrons flow through the PET chain and reduce critical enzymes like
ferredoxin, ferrodoxin-thioedoxin reductase, and thioredoxin (Trx) (Buchanan 1991). Trx has
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two Cys in its active site that form a disulfide bond when Trx is inactive. The reduced state of
Trx is responsible for the reduction of thiols, which then modulates the activation or inactivation
of enzymes linked to PSI and PSII (Buchanan and Balmer 2005), and various other redoxregulated target processes in plants and cyanobacteria (Lindahl and Florencio 2003). In short, the
redox states of protein thiols are crucial determinants of multiple metabolic, signaling, and
transcriptional processes in cells (Dalle-Donne et al. 2009).
Traditionally, Trx affinity chromatography had been used to identify proteins that are
regulated by Trx. The method consists of thioredoxin that is immobilized and mutated at one Cys
residue in the active site. Proteins that naturally interact with Trx will form one disulfide bond
with Trx, and be trapped to Trx because they cannot form a second disulfide bond to be fully
oxidized. The trapped proteins can be identified by first being eluted with DTT, run on a protein
gel, and sequenced. The identified proteins are redox sensitive since they interact with Trx, an
enzyme that plays a major role in regulating the redox states of proteins. Using this method, less
than 100 proteins were confirmed as Trx-regulated before our current study (Lindahl and
Florencio 2003; Hosoya-Matsuda et al. 2005; Mata-Cabana et al. 2007). This biochemical
approach lost its appeal after scientists refined mass spectrometry (MS) experiments to increase
levels of sensitivity and detection of site-specific modifications.

1.4 Phycobilisome Complexes
In cyanobacteria, light harvesting is accomplished by a combination of membrane
intrinsic proteins, such as CP43, CP47 (Zak et al. 2001), and IsiA (Bibby et al. 2001), and large
extrinsic PBS complexes (Grossman et al. 1993; Bogorad 1975). The primary photosynthetic
antenna systems in prokaryotic cyanobacteria, eukaryotic red algae, and cyanelles are PBS
complexes that range from 3-7 Mega Daltons in size (Adir et al. 2006). The PBS complexes
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function in the process of harvesting sunlight for conversion into cellular fuel. PBS complexes
initiate photosynthesis by absorbing light energy and funneling it to the reaction centers in
photosystems. PBS may account up to 50% of the total soluble proteins in the cell, thus serving
as a large cellular nitrogen reserve (Bogorad 1975). These principal light-harvesting antennas in
cyanobacteria are composed of phycobiliproteins, but little is known how redox signaling
regulates the functions of such proteins to help cyanobacteria cope with light stress (Campbell et
al. 1998).

1.4.1 Phycobilisome Synthesis
PBS complexes are composed of pigment-proteins called phycobiliproteins. The Cys
residues in phycobiliproteins are covalently bonded to linear tetrapyrroles. The ordered assembly
of PBS begins with the nucleation of the α- and β-phycocyanin (PC) subunits to form a PC
monomer that serves as the building block for the PBS complex. Six PC monomers form a PC
hexamer. With the help of color-less linker proteins, usually three PC hexamers are linked
together to form a PC rod. Ultimately, six peripheral PC rods radiate from the allophycocyanin
(APC) core in the PBS in a fan shaped manner (Ajlani and Vernotte 1998). More than a hundred
monomers of α- and β-PC make up one PBS complexe, highlighting the enormous amount of
phycobiliproteins that must come together to make these massive light apparatuses. Some
cyanobacteria also have phycoerythrin (PE), another type of phycobiliproteins that facilitates the
harvesting of light energy at lower wavelength compared to the other types of phycobiliproteins.

1.4.2 Phycobilisome Degradation
PBS complexes play a key role in allowing cyanobacteria to cope with light and nutrient
stresses. PBS complexes serve as a large nutrient reserve due to the massive number of
phycobiliproteins needed to create these complexes. The dynamic remodeling of PBS complexes
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provides a mechanism for cyanobacteria to fine-tune their responses to environmental stress.
During nitrogen, sulfur, or phosphorous depletion, the degradation of PBS complexes provide
building blocks that are essential for the maintenance of crucial metabolic activities and as a
form of photoprotection (Adir et al. 2006; Adir et al. 2003). As cellular metabolism slows down
during nutrient depletion, the amount of light energy harvested needs to decrease to prevent ROS
from being created.
The dynamic remodeling of PBS occurs on a rapid and massive scale in, enabling
cyanobacteria to acclimate to changing environmental conditions. This plasticity is best seen
during nutrient deprivation, e.g. nitrogen or sulfur deplete condition, which causes cells to bleach
(Collier and Grossman 1994). Upon addition of nutrients, cyanobacteria regain their blue-green
color due to the re-synthesis of PBS. PBS degradation plays an important function in cell
maintenance, growth, and development. The processes of PBS degradation and re-synthesis play
a key role for cell survival. If PBS do not degrade during nutrient deprivation, photosynthetic
rates will remain unchanged while cellular metabolism slows down, which will cause excessive
energy to be absorbed and production of harmful radical species (Adir et al. 2003).
Consequently, PBS degradation plays an important function in cell maintenance, growth, and
development.
Degradation of PBS is an active, rapid and specific process that occurs on a massive
scale. A popular model of PBS degradation begins with the sequential trimming of the peripheral
rods, starting at the most distal PC end, and terminates 1 day after nitrogen or sulfur starvation,
with complete degradation of the remaining PBS occurring 2 days after continued nutrient
depletion in Synechococcus sp. PCC 7942 (hereafter referred to as Synechococcus 7942) cells are
not supplemented with carbon dioxide (Collier and Grossman 1994). An essential factor for the
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ATP-dependent degradation of PBS is Non-bleaching A (NblA), a 7-kDa, 59 amino acids
polypeptide (Collier and Grossman 1994). NblA is a protein that triggers the active, specific, and
massive degradation of PBS in cyanobacteria. This proteolysis adaptor facilitates the interactions
between ClpC and a phycobiliprotein targeted for degradation at its N and C-termini,
respectively (Karradt et al. 2008; Stanne et al. 2007). ClpC is a chaperon partner of an ATPdependent protease found in eubacteria and eukaryotes (Stanne et al. 2007; Andersson et al.
2006). Elucidation of how NblA mechanistically facilitates PBS destruction may reveal general
principles that govern the specificity of macromolecular complex degradation (Collier and
Grossman 1994).

1.5 Mass Spectrometry
Mass spectrometry (MS) enables examination of the PTMs of proteins in cyanobacteria
under stress. Due to enormous advancements in MS during the past two decades, the field of
proteomics has exploded with powerful techniques that offer accurate information on the
composition, dynamics, and structure of proteins (Weisz et al. 2016). The numerous applications
MS offers to science triggered the development of redox proteomics, which investigates how
oxidative stress modifies protein structure and function (D'Alessandro et al. 2011; Rinalducci et
al. 2008). For example, tools have been developed to detect diverse sets of Cys modifications as
a result of the global interest in redox biology. Traditional methods used diagonal electrophoresis
or antibodies against Cys oxoforms, but they suffer from moderate sensitivity and limited sitespecific identification (McDonagh 2009; Seo and Carroll 2009). Methods based on differential
chemical labeling have also been developed to identify Cys modifications and their dynamic
changes (Bachi et al. 2013; Lin et al. 2010; Forrester et al. 2007; Jaffrey and Snyder 2001;
Jaffrey et al. 2001; Izquierdo-Alvarez and Martinez-Ruiz 2011; Nelson et al. 2010; Leichert et al.
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2008; Sethuraman et al. 2004; Liu et al. 2004; Liu et al. 2005; Leonard and Carroll 2011). Our
collaborators at the Pacific Northwest National Laboratory (PNNL) and others have developed
proteomic approaches to enrich protein/peptide thiols for quantitative and site-specific profiling
of Cys-containing peptides, Cys-SNO and Cys-SSG (Liu et al. 2004; Liu et al. 2005; Su et al.
2013).

1.6 This Work
An understanding of how cyanobacteria dynamically process information and selfregulate in response to environmental changes would provide significant insights on how
biological platforms can be optimized to address global challenges. Cyanobacteria are excellent
model organisms for biological research, namely because they grow fast, are transformable,
survive in minimal growth nutrients, and do not require arable land. Genetic modifications of
cyanobacteria for strategic production of desirable chemicals have the potential to drive
innovation in the energy sector to decrease America’s dependence on foreign oil, ameliorate
environmental pollution, and increase economic security. However, a major challenge in
engineering microbial factories for production of biochemicals is the low yield, which is costprohibitive for large-scale production. To optimize biological production platforms, we aimed to
analyze the protective role protein modifications play in enabling cyanobacteria sense and adapt
to their environments.
Several strategies were used to study the mechanisms and functions of protein
remodeling in cyanobacteria. Proteomics research was carried out in Synechocystis sp. PCC 6803
(hereafter referred to as Synechocystis 6803) and Synechococcus sp. UTEX 2973 (hereafter
referred to as Synechococcus 2973). These two cyanobacterial strains were chosen due to the
extensive omics and bioinformatics information available for them, ease of genetic
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modifications, and fast growing capabilities. To study how cyanobacteria respond to different
redox environments, we examined the global redox states of protein thiols in Synechocystis 6803
that was exposed to distinct oxidizing and reducing conditions. Tandem mass isobaric tags were
used to streamline high-throughput LC-MS/MS runs. Genetic engineering allowed us to
investigate the function of specific Cys residues from our large-scale map of redox-sensitive
protein thiols. We verified that mutations in redox-active Cys inactivated protein functions.
Given that numerous phycobiliproteins have redox-active protein thiols, molecular biology and
biochemistry techniques allowed us to investigate how the PBS complexes are degraded. A
combined cross-linking and MS approach allowed us to study the disassembly, binding, and
structures of the PBS complexes.
To start, the rapid rise in popularity of relying on MS to analyze the structure and
function of proteins prompted the creation of redox proteomics, which aims to identify and
quantify redox-based changes within the proteome (Butterfield and Dalle-Donne 2012). In
Chapter 2, a detailed redox proteomics global map of Synechocystis 6803 was created in
collaboration with a team of proteomics specialists at the PNNL. The goal was to quantify the
magnitude of redox state changes on protein thiols of all proteins in cyanobacteria. A resinassisted enrichment of oxidized Cys residues coupled with MS detected, on a global scale, redoxsensitive Cys residues in vivo that are switched on and off by redox processes. This data
facilitates the discovery of the factors responsible for protecting cells from ROS damage and the
broad redox regulation of photosynthetic organisms.
Interestingly, the dramatic redox sensitivity in numerous phycobiliproteins highlights
how the PBS complexes are redox active centers. This correlates to the role PBS complexes have
in harvesting light energy to trigger a series of redox signaling cascade during photosynthesis.
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Interests in phycobiliprotein inactivation/activation led to investigations into PBS degradation
during environmental stresses. In Chapter 3, I presented novel insights in how a small soluble
proteolysis adaptor, NblA, triggers the degradation of the massive PBS complexes. NblA has
been shown to be critical in this degradation process (Collier and Grossman 1994). A combined
affinity chromatography, cross-linking, and MS approach facilitated investigations of the binding
partners of NblA. These findings revealed insights about the protein-protein interactions NblA
has and provided low-resolution structural data about the PBS complexes. With help from our
collaborators at MIT, we carried out protein docking studies to suggest how NblA could interact
with β-PC and hypothesize that the PBS complex dynamically change conformations during
nutrient stress.
In conclusion, I have developed an efficient and reliable method for quantitative sitespecific profiling of the redox dynamics of protein thiols on a global scale. This map provides
insights in how the redox states of Cys residues affect play a role in the redox regulation of broad
biological processes like photosynthesis and metabolism. Several novel proteins that presumably
play important roles in regulating redox homeostasis in cyanobacteria have been discovered.
Furthermore, components of the PBS, PSI, PSII, and other proteins translated from genes in the
Core Transcriptional Response (Singh et al. 2010) were significantly oxidized after both dark
and DCMU in light exposures. Given the redox sensitivity many phycobiliproteins have, we
decided to research the mechanism of NblA-mediated PBS degradation in the fast growing strain
Synechococcus 2973. A His-tagged version of nblA had been overexpressed in E. coli, and in
vitro binding studies suggested that purified NblA specifically binds to PBS. Cross-linking
coupled with MS experiments elucidated the binding partners of NblA. NblA may be able bind
and disrupt the structural integrity of the PBS complexes via the α-helical structural mimicry
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they share with phycobiliproteins (Dines et al. 2008), highly conserved amino acid residues
(Karradt et al. 2008), electrostatic interactions, and/or van der Waals interactions. Together,
these studies are unraveling the different aspects of light harvesting and the various strategies
that cyanobacteria employ to optimize energy capture.
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2.1 Introduction
2.1.1 Abstract
Reversible protein thiol oxidation is an essential regulatory mechanism of photosynthesis,
metabolism, and gene expression in photosynthetic organisms. Herein, we present a proteomewide quantitative and site-specific profiling of in vivo thiol oxidation modulated by light/dark in
the cyanobacterium Synechocystis sp. PCC 6803, an oxygenic photosynthetic prokaryote, using a
resin-assisted thiol enrichment approach. Our proteomic approach integrates resin-assisted
enrichment with isobaric tandem mass tags labeling to enable site-specific and quantitative
measurements of reversibly oxidized thiols. The redox dynamics of ~2,100 Cys-sites from 1,060
proteins under light, dark, and 3-(3,4-dichlorophenyl)-1,1-dimethylurea (DCMU, a photosystem
II inhibitor) conditions were quantified. In addition to relative quantification, the stoichiometry
or percentage of oxidation (reversibly oxidized/total thiols) for ~1,350 Cys-sites was also
quantified. The overall results revealed broad changes in thiol oxidation in many key biological
processes including photosynthetic electron transport, carbon fixation, and glycolysis. Moreover,
the redox sensitivity along with the stoichiometric data enabled prediction of potential functional
Cys-sites for proteins of interest. The functional significance of redox-sensitive Cys-sites in
NADP-dependent glyceraldehyde-3-phosphate dehydrogenase, peroxiredoxin (AhpC/TSA
family protein Sll1621), and glucose 6-phosphate dehydrogenase were further confirmed by sitespecific mutagenesis and biochemical studies. Together, our findings provide significant insights
into the broad redox regulation of photosynthetic organisms.

2.1.2 Redox Biology
Reversible protein thiol oxidation has been recognized as a fundamental redox regulatory
mechanism occurring throughout biology and plays essential roles in photosynthesis, cellular
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metabolism, gene expression, and other key biological processes (Buchanan and Balmer 2005;
Foyer and Noctor 2009). Protein thiols serve as important redox switches in cells through
reversible thiol oxidation by forming diverse post-translational modifications (PTMs), including
disulfide (Sato and Inaba 2012), S-nitrosylation (SNO) (Derakhshan et al. 2007; Greco et al.
2006), S-glutathionylation (SSG) (Hess et al. 2005), and S-sulfenylation (SOH) (Paulsen et al.
2012). In the case of photosynthesis, redox regulation is inextricably associated with the
photosynthetic electron transport (PET) chain and regulation of gene expression. In light/dark
cycles, thiol oxidation (e.g., disulfide formation) through the thioredoxin and glutaredoxin
systems modulates the activation status of many enzymes linked to photosystem I (PSI) and
photosystem II (PSII), as well as many other redox related processes in plants (Buchanan and
Balmer 2005) and cyanobacteria (Lindahl and Florencio 2003). However, it is still largely
unknown how broadly the redox process is involved beyond photosynthesis and, importantly,
what are the specific cysteine (Cys) sites serving as redox switches in photosynthetic organisms.

2.1.3 Thiol Redox Dynamics in Cyanobacteria
Cyanobacteria are considered useful model organisms for photosynthesis research due to
their evolutionary similarities to chloroplasts (Falcon et al. 2010). These oxygenic photosynthetic
prokaryotes are also increasingly recognized as microbial biofactories for the production of
desired chemicals (Singh et al. 2011), and potentially for biofuels from solar energy and carbon
dioxide (Singh et al. 2010; Nogales et al. 2012). Of particular interest is the thiol redox dynamics
of proteins localized in the thylakoid lumen as redox regulation directly impacts the PET chain
and photosystem stability, which in turn affects light energy utilization efficiency and biofuel
production (Rosgaard et al. 2012). In the cyanobacterium Synechocystis sp. PCC 6803 (hereafter
referred to as Synechocystis 6803), modulation of the thiol redox states of the PET chain
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(Alfonso et al. 2000) and the redox environment (Cameron and Pakrasi 2010) has been observed
in response to a light/dark cycle. The oxidative environment of the dark phase, due to the
decreased PSII activity and NADPH production (Alfonso et al. 2000; Pfannschmidt et al. 2009),
alters the redox state of PET chain electron carriers by oxidizing the proteins, similar to changes
exhibited in the presence of electron transport inhibitors (Alfonso et al. 2000; Pfannschmidt et al.
2009). This in turn suggests that the redox state of the PET chain is a key mechanism of
light/dark gene transcript regulation, involving the stability and protein PTMs in response to
environmental stresses (Pfannschmidt et al. 2009; Lopez-Maury et al. 2009). In the current study,
we applied a recently described quantitative redox proteomic approach (Guo et al. 2014) with the
aim of obtaining a proteome-wide view of in vivo thiol-oxidation in Synechocystis 6803 as
modulated by the light/dark cycle. Due to the complexity of the multiple forms of Cys oxidation
(e.g, disulfide, SNO, SSG, SOH), the current study focuses on the quantification of total
reversible thiol oxidation as a starting point of investigating the thiol redox proteome.

2.1.4 In Vivo Thiol Quantification
Measurements of in vivo thiol redox status at physiological conditions have traditionally
been challenging because free thiols are unstable and prone to oxidation during sample
preparation with labile reversible oxidized Cys-residues. Although many redox-sensitive proteins
have been reported (Lindahl and Kieselbach 2009), in most cases it was unknown which specific
Cys-residues were modified in vivo. To identify Cys modifications, most initial redox approaches
employed differential chemical or isotopic labeling followed by biotin-based affinity enrichment.
In these methods, free protein thiols were initially blocked by alkylation and then specific
oxidized Cys-residues were selectively reduced and labeled with biotin tags (Jaffrey et al. 2001),
fluorophores (Izquierdo-Alvarez and Martinez-Ruiz 2011; Nelson et al. 2010), radioactive
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compounds (Leichert and Jakob 2004), or isotope-coded affinity tags (Leichert et al. 2008;
Sethuraman et al. 2004) for Western blot, gel electrophoresis, or mass spectrometry (MS)
analysis. Alternatively, thiol-reactive chemical probes coupled with click chemistry have
recently been applied to identify redox sensitive proteins or Cys-residues (Deng et al. 2013;
Weerapana et al. 2010) and in vivo thiol redox changes (Sadler et al. 2013). However, most of
these approaches do not provide broad site-specific identifications of Cys modifications with
accurate quantification. Several groups have recently reported an alternative isobaric iodoTMT
or cysTMT switch approach for multiplexed quantification of reversible thiol modifications (Pan
et al. 2014; Qu et al. 2014; Murray et al. 2012). However, the enrichment specificity of the antiTMT-based approach is still a potential factor of concern that may limit the achievable coverage
of Cys-peptides since in a recent report only ~21% of enriched peptides were observed to be
TMT-labeled peptides using an optimized competitive elution buffer (Qu et al. 2014).
Recently, we and others have developed a resin-assisted enrichment to facilitate more
sensitive proteomic identification and quantification of Cys-containing peptides (Liu et al. 2004)
and Cys-based reversible modifications (Forrester et al. 2009; Guo et al. 2014). In this study, we
extend the resin-assisted enrichment for proteome-wide quantification of in vivo reversible thiol
oxidation on individual Cys sites under multiple conditions (light, dark, and in the presence of a
photosystem II inhibitor DCMU [3-(3,4-dichlorophenyl)-1,1-dimethylurea]) in Synechocystis
6803. ~2,100 Cys sites from 1,060 proteins were identified with the vast majority of Cys sites
displaying redox changes induced by the light/dark switch. Our results provide a broad
quantitative picture of redox-mediated changes of the thiol proteome in cyanobacteria, inferring
the extent of thiol-based redox regulation in photosynthetic organisms.
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2.2 Materials and Methods
2.2.1 Reagents
Synechocystis 6803 cells were obtained from Washington University (St. Louis, MO). E.
coli strains were purchased from New England Biolabs (Ipswith, MA). BCA protein assay
reagents, silver stain kit, spin columns, tandem mass tags (TMT) reagents, and isopropyl β-D-1thiogalactopyranoside (IPTG) were purchased from Thermo Fisher Scientific (Rockford, IL).
Porcine trypsin was from Promega (Madison, WI). The SeeBlue Plus2 protein standard was from
Invitrogen (Carlsbad, CA). Thiopropyl Sepharose 6B affinity resin was from GE Healthcare BioSciences (Pittsburgh, PA). Tris/glycine/SDS (TGS) buffer, Laemmli sample loading buffer, and
Tris-HCl precast gel with 4–20% linear gradient were all from Bio-Rad Laboratories (Hercules,
CA). Unless otherwise noted, all other chemicals and reagents were purchased from SigmaAldrich (St. Louis, MO).

2.2.2 Cyanobacteria Culture Conditions
Oxygen evolution in cyanobacteria and plant promotes significant post-translational
modifications (PTMs) of the proteins present in the thylakoid membranes. The thylakoid
membrane in cyanobacteria is one of the most redox active compartments in biological systems
since oxygen is constantly evolved during photosynthesis. However, little is known about the
redox proteomics in cyanobacteria. The thiol side chain in Cys often participates in enzymatic
reactions and may become inactivated when oxidized and activated when reduced (Buchanan
and Balmer 2005). Additionally, many metabolic pathways in chloroplastic proteins are
regulated by the transitions of protein thiols from dithiol (reduced Cys) to disulfide (oxidized
Cys) (Navrot et al. 2011). Elucidation of the redox proteome in cyanobacteria under different
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redox stress conditions will undoubtedly reveal new insights into the functions of proteins that
protect photosynthetic organisms under unfavorable conditions.
Understanding the dynamic redox changes of specific protein thiols on a global scale
should provide a comprehensive picture of the key players that protect the photosynthetic
apparatus from oxidative stress. The discovery that an increasing number of proteins undergo
reversible ROS-mediated thiol modifications instead of photo damage in various biological
systems supports the rising concept of redox regulation (Fratelli et al. 2002). The extent to which
cysteine (Cys) are modified depend on the amounts and types of ROS present, the reactivity of
the Cys thiols involved, and the kinetic and thermodynamic stability of the respective thiol
modifications (Winterbourn and Hampton 2008). Thiols play a central role in coordinating the
antioxidant defense network by acting as reversible redox switches. Previous studies suggest that
the oxidative PTMs of protein thiols induce redox regulation in cells by switching protein
functions on or off. For instance, the reduction of thiols by thioredoxin (Trx) modulates the
activation or inactivation of enzymes linked to photosystem (PS) I (PSI) and II (PSII) (Buchanan
and Balmer 2005), and various other redox-regulated target processes in plants and
cyanobacteria (Lindahl and Florencio 2003). In short, the redox states of protein thiols are crucial
determinants of multiple metabolic, signaling, and transcriptional processes in cells (DalleDonne et al. 2009).
Countless heterotrophic organisms still generate numerous ROS during respiration and
fatty acid oxidation, despite being incapable of evolving oxygen like phototrophic organisms.
Heterotrophic organisms like Escherichia coli (E. coli) and Saccharomyces cerevisiae (yeast)
have one form of electron transport chain that takes place during respiration. In contrast,
photosynthetic organisms contain two types of electron transport chains involved in
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photosynthesis and respiration. How proteins change in response to the production of ROS
during photosynthesis and respiration remains unclear for some organisms, but recent studies in
various biological systems demonstrated that proteins rely on reversible ROS-mediated PTMs to
regulate their functions (Rinalducci et al. 2008; Winterbourn and Hampton 2008; Fratelli et al.
2002; Brandes et al. 2011).
The thiol side chain in Cys, under steady-state or oxidative stresses conditions, can be
modified in various forms, e.g. reversible forms: disulfides, S-nitrosylation (SNO), Sglutathionylation (SSG), sulfenylation (SOH), irreversible forms: sulfinylation (SO2H), and
sulfonylation (SO3H) (Bachi et al. 2013; Held and Gibson 2012). But detection of the dynamic
redox states of specific Cys in proteins as cells are exposed to different environmental stresses
have been limited due to 1) the transient nature of PTMs of thiols and 2) technical challenges
associated with site-specific detection of Cys modifications.
Traditionally, Trx affinity chromatography had been used to identify proteins that are
regulated by Trx. About 50 novel Trx-regulated proteins were identified by 2007 using this
biochemical approach (Hosoya-Matsuda et al. 2005; Lindahl and Florencio 2003; Mata-Cabana
et al. 2007). The rapid increase in popularity of deep sequencing and MS opened the doors for
the identification of the dynamic PTMs of protein thiols. The numerous applications mass
spectrometry offers to science triggered the creation of redox proteomics, which investigates
how oxidative stress modifies protein structure and function (D'Alessandro et al. 2011;
Rinalducci et al. 2008). Numerous tools have been developed to detect diverse sets of Cys
modifications as a result of the global interest in redox biology. Traditional methods used
diagonal electrophoresis (McDonagh 2009) or antibodies against Cys oxoforms (Seo and Carroll
2009), but they suffer from moderate sensitivity and limited site-specific identification. Methods
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based on differential chemical labeling have also been developed to identify Cys modifications
and their dynamic changes (Bachi et al. 2013; Lin et al. 2010; Forrester et al. 2007; Jaffrey and
Snyder 2001; Jaffrey et al. 2001; Izquierdo-Alvarez and Martinez-Ruiz 2011; Nelson et al. 2010;
Leichert et al. 2008; Sethuraman et al. 2004; Liu et al. 2004; Liu et al. 2005; Leonard and Carroll
2011). Our collaborators at the Pacific Northwest National Laboratory (PNNL) and others have
developed proteomic approaches to enrich protein/peptide thiols for quantitative and site-specific
profiling of Cys-containing peptides (Liu et al. 2004; Liu et al. 2005), Cys-SNO (Su et al. 2013)
and Cys-SSG (Dr. Jia Guo, data not published).

2.2.3 Sample Preparation
Cell pellets were resuspended with 10% (w/v) trichloroacetic acid (TCA) and incubated
on ice for 20 min, which leads to partial lysis of the bacterial cells, precipitation of proteins and
effectively stops thiol-disulfide exchange reactions. After this incubation, proteins and cell debris
were spun down at 4 °C for 30 min at 13,000 g and then carefully rinsed the pellet with 500 µl
ice cold 10% (w/v) TCA, followed by a second rinse with 200 µl ice-cold 5% (w/v) TCA. Lysis
buffer (pH 7.6) containing 100 mM N-ethylmaleimide (NEM), 200 mM Tris-HCI, 10mM EDTA,
0.5% (w/v) SDS and 8 M urea was added to dissolve the above pellet with brief intermittent
sonication until the pellet dissolved. The resultant mixture was incubated at 37 °C for 2 h. Beadbeading was performed using 200 µl of 0.1 mm Zirconia/Silica beads to extract more proteins.
Another 200 µl of lysis buffer was used to wash beads, and cell lysates were centrifuged at
10,000 × g for 10 minutes at 4 °C to pellet cellular debris. Supernatant was transferred to a new 2
ml microcentrifuge tube, and excess NEM was removed by cold acetone precipitation. Proteins
were re-dissolved in lysis buffer, and 10 mM DTT was added to the above mixture to reduce the
oxidized thiols. After reduction, excessive DTT reagents were removed by buffer exchange with
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8 M urea and then Milli-Q water by centrifuge centrifugation at 4,000 × g for 30 min at 4 °C.
Proteins concentration was determined by the BCA assay and total 500 µg of proteins were used
for the following enrichment experiment. ~100 µg of proteins from each sample was subjected to
trypsin digestion without enrichment according to the previously described procedure (Qian et al.
2008) for global proteome profiling.

2.2.4 Selective Enrichment of Oxidized or Total Cys-peptides
The samples were transferred to Handee mini spin columns with 35 mg prewet and
prewashed Thiopropyl Sepharose 6B resin and 50 mM HEPES buffer as described previously
(Guo et al. 2014). To enrich the total Cys-peptides, NEM was not added during sample
processing. Enrichment of free Cys-containing proteins was carried out by incubating the
samples in a Thermomixer at room temperature with shaking at 850 rpm for 2 h. Nonspecifically
bound proteins were removed by washing five times with the following solutions: (1) 8 M urea,
(2) 2 M NaCl, (3) 80% (v/v) acetonitrile (ACN) with 0.1% (v/v) trifluoroacetic acid (TFA), and
(4) 25 mM HEPES (pH 7.7). To perform the on-resin digestion, 120-µl solution containing 25
mM HEPES buffer (pH 7.7), 1 M urea, 5 mg trypsin, and 1 mM CaCl2 was added to the columns
and the samples were incubated at 37 °C with shaking at 850 rpm for 3 h. Nonspecifically bound
peptides were washed away using the same procedure as described above for removing
nonspecifically bound proteins.

2.2.5 On-resin TMT labeling
On-resin isobaric labeling using six-plex TMT were performed for labeling the captured
peptides to achieve relative quantification for oxidized Cys under light, dark or DCMU. For
TMT labeling, acetonitrile (40 µl) was added to the manufacturer-provided TMT reagents to
dissolve/dilute them. Then, 80 µl of dissolution buffer and above TMT reagent solutions were
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added to the spin columns. The labeling reaction was carried out at room temperature with
shaking at 850 rpm on a Thermomixer for 1 h. The reaction was stopped by adding 8 µl of 5%
(w/w) NH2OH in 200 mM triethylammonium bicarbonate buffer followed by incubation at room
temperature with shaking at 850 rpm for 15 min. The excess TMT reagents were removed by
washing five times with the following solutions: (1) 80% (v/v) ACN/0.1% (v/v) TFA and (2) 25
mM ammonium bicarbonate (pH 7.8). Cys-peptides were eluted by incubation with 20 mM
dithiothreitol (DTT) in 100 µl of 25 mM ammonium bicarbonate for 30 min followed by rinsing
with 100 µl of 80% ACN and 0.1% TFA. Cys-peptide samples were then concentrated in a
Thermo Scientific Speed Vac concentrator and adjusted to a final volume of 25 µl with water.
The final Cys-peptide sample contained 20 mM DTT, which prevented free thiols from oxidation
before LC–MS/MS analysis. Equal amounts of the samples from each labeling channel were then
mixed to generate the final sample for LC–MS/MS analyses.

2.2.6 SDS-polyacrylamide Gel Electrophoresis
SDS–PAGE was carried out with a 4–20% (w/v) precast linear gradient Tris–HCl
polyacrylamide gel (Bio-Rad) to assess enrichment efficiency and total oxidation levels. Equal
volumes (5 µl) of the above Cys-peptide sample and Laemmli sample buffer (Bio-Rad) were
mixed and then incubated at 95 °C for 5 min. Meanwhile, 1 ml of See Blue Plus 2 protein
standard was directly loaded onto the gel. Gel electrophoresis was run at 170 V for 30 min in
Tris/glycine/SDS buffer (Bio-Rad). After electrophoresis, the gel image was developed with
silver staining following the manufacturer’s standard protocol.

2.2.7 LC-MS/MS Analysis
All TMT-labeled samples were analyzed by LC–MS/MS with two technical replicates.
All peptide samples were analyzed by a Waters nano-Aquity UPLC system (Waters Corporation,
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Milford, MA) with a homemade 75 µm i.d. × 70 cm reversed-phase capillary column using 3 µm
C18 particles (Phenomenex, Torrance, CA, USA). The system was operated at a constant flow of
300 nl/min over 3 h with a gradient starting with 100% of mobile phase A (0.1% (v/v) formic
acid in water) to 60% (v/v) of mobile phase B (0.1% (v/v) formic acid in acetonitrile). MS
analysis was performed on a Thermo Scientific LTQ-Orbitrap Velos mass spectrometer (Thermo
Scientific, San Jose, CA, USA) coupled with an electrospray ionization interface using homemade 150 µm o.d. × 20 µm i.d. chemically etched electrospray emitters (Kelly et al. 2006). The
heated capillary temperature and spray voltage were 350 ºC and 2.2 kV, respectively. Full MS
spectra were recorded at resolution of 100 K (m/z 400) over the range of m/z 400–2000 with an
automated gain control (AGC) value of 1×106. MS/MS was performed in the data-dependent
mode with an AGC target value of 3×104. The most abundant 10 parent ions were selected for
MS/MS using high-energy collision dissociation (HCD) with a normalized collision energy
setting of 45. Precursor ion activation was performed with an isolation width of 2 Da, a minimal
intensity of 500 counts, and an activation time of 10 ms. A dynamic exclusion time of 45 s was
used. Label-free analyses were performed by the same LC-MS platform from three biological
replicates under data-dependent acquisition mode using collision-induced dissociation with a
normalized collision energy setting of 35.

2.2.8 Data Analysis
LC-MS/MS raw data were converted into dta files using Bioworks Cluster 3.2 (Thermo
Fisher Scientific, Cambridge, MA, USA), and an MSGF plus algorithm (v9979 released in
March 2014)(Kim et al. 2008) was used to search MS/MS spectra against the Synechocystis 6803
FASTA database (3,169 entries, Kazusa Genome Resources 2011-09-09). The key search
parameters used were 20 ppm tolerance for precursor ion masses, 0.5 Da tolerance for fragment
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ions, partial tryptic search with up to three miscleavages, dynamic oxidation of methionine
(15.9949 Da), dynamic NEM modification of Cys (125.0477 Da), and static 6-plex TMT
modification of lysine and N-termini of peptides (229.1629 Da). For the label-free global
proteome analysis, dynamic oxidation of methionine, NEM modification of Cys, and
carbamidomethylation of Cys-residues (57.0215 Da) were applied. Peptides were identified from
database searching results applying the following criteria: MSGF E-value <1E-8, Q-value <0.01,
and mass measurement error <10 ppm. The decoy database searching methodology (Qian et al.
2005) was used to confirm the final false discovery rate at the unique peptide level to be ~0.3%.
Since NEM blocked only the free Cys-residues, all originally oxidized Cys-residues were
identified as unmodified Cys. The Cys-sites of oxidation were identified based on each peptide
and its corresponding protein sequence using an in-house software tool, Protein Coverage
Summarizer (available at panomics.pnnl.gov).
For TMT-based relative quantification, all MS/MS spectra were grouped based on
individual Cys-sites and their TMT reporter ion intensities were summed from all spectra
corresponding to a given Cys-site. The relative oxidation levels for individual Cys-sites were
calculated by dividing the summed intensities for each TMT channel in a given six-plex
experiment against the average values across the three conditions. Following this conversion, the
data from the two independent 6-plex experiments were merged to provide data with four
biological replicates for each condition. The dynamic changes of relative oxidation for individual
Cys-sites were then compared by calculating the ratio between dark and light, and the ratio of
DCMU and light. At least 50% change in the level of Cys oxidation was considered confident
redox changes (p<0.05, ANOVA test). To calculate the relative oxidation level of a given
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protein, the data from all significant Cys-sites from a specific protein were averaged as the
relative oxidation level of specific proteins.
For TMT-based stoichiometric (percent of reversible oxidation) analysis, the ratios of
reporter ion intensities between channels for oxidized thiols and channels for total thiols were
calculated as a percentage. For the global proteome profiling, label-free spectral counting
strategy was applied. Peptides were chosen if they were observed in all three biological
replicates, and spectral counts of each peptide were transformed to log2 values and normalized
using the central tendency approach. The peptide level was considered significantly different
when p-value is less than 0.05 (ANOVA) with at least 50% change between conditions.
Biological function categorization of the identified proteins was clustered based on Gene
Ontology (GO) and KEGG (Kyoto Encyclopedia of Genes and Genomes) pathway analyses
using the DAVID functional annotation (Huang da et al. 2009).

2.2.9 Strains and Culture Preparation for Recombinant Proteins
E. coli Top10 cells were used as a host for Gibson assembly (Gibson et al. 2009). The E.
coli strains BL2 (DE3) and Lemo21 (DE3) (New England Biolabs, Ipswith, MA) were used for
protein expression. All bacterial cultures were grown on luria broth (LB) agar plates or in liquid
culture media with 100 µg/ml ampicillin. For plasmid DNA purification, a single colony was
grown in 10 ml of LB liquid culture medium in 125 ml Pyrex glass Erlenmeyer flask overnight at
37 °C at 250 rpm. Similarly, for E. coli protein expression, a single colony was inoculated in 10
ml of LB medium and grown overnight at 37 °C at 250 rpm. Aliquot (2 ml) of overnight culture
was transferred into 50 ml LB medium with 100 µg/ml ampicillin to reach the initial optical
density (OD600) of 0.15. After the cultures were grown to mid-logarithmic phase with OD600 of
0.5-0.6, IPTG was added into the cultures to a final concentration of 0.5 mM. The cultures were
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further grown at 30 °C and 250 rpm for 18-24 h. Bacterial cultures (10 ml) were transferred into
15 ml centrifuge tube and the rest cultures into 50 ml centrifuge tubes. The bacteria were pelleted
down by centrifugation at 4 °C and 4,500 × g for 15 min. Cell pellets were stored at -80 °C
freezer until use.

2.2.10 Site-specific Mutagenesis and Protein Expression Vector Construction
The genomic DNA isolation of Synechocystis 6803 was mainly followed by DNA
extraction protocol from cyanobacteria described by Sinha et al., 2009 at Protocol Online
(http://www.protocol-online.org) with modifications. Cyanobacterial cells (20 µl) were
resuspended in 1 ml 10 mM Tris buffer with 1mM EDTA, pH 8.0 and pelleted by centrifugation
for 2 min at 10,000 g at room temperature. The pelleted cells were resuspended in 200 µl of 1%
SDS and incubated at 70 °C for 15 min. After heat treatment, 300 mg glass beads (diameter of
0.4-0.6 mm) and 200 µl water saturated phenol (pH 8.0, Invitrogen, Carlsbad, CA) were added
and vortexed for 1 min. The cell debris was pelleted by centrifugation at 15,000 × g for 5 min at
room temperature. The supernatant was further treated with 1 mg/ml ribonuclease A for 30 min
at 50 °C and extracted twice with an equal volume of phenol-chloroform (1:1) and centrifuged at
15,000 × g for 5 min at room temperature. The genomic DNA in supernatant was precipitated
with 0.1 volume of 3 M sodium acetate (pH 5.2) and 2.5 volume of ice-cold 95% ethanol at room
temperature for 30 min and pelleted by centrifugation at 5,000 × g for 10 min at 4 °C. Finally,
the genomic DNA was resuspended in 100 µl of the 10 mM Tris buffer (pH 8.0). The sitespecific mutagenesis was carried out for the replacement of selected cysteine with serine in
cyanobacterial proteins of glucose-6-phosphate dehydrogenase (Zwf, C187S, C265S and
C445S), glyceraldehyde-3-phosphate dehydrogenase (Gap2, C154S, C154S/C158S and C292S),
and peroxiredoxin (Sll1621, C55S, C155S/C162S and C162S). Cynaobacterial genomic DNA
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(50 ng) were used as DNA templates for polymerase chain reaction (PCR) to generate a specific
DNA fragment with one unit Phusion high-fidelity DNA polymerase (New England Biolabs,
Ipswich, MA), 50 µl reaction mixture (Phusion HF buffer and dNTP) and a pair of corresponding
oligonucleotides listed in Table 2.1. DNA fragments were separated in 1% agarose gel and
purified with QIAquick gel extraction kit (Qiagen, Valencia, CA).
Protein expression vector construction was carried out with a Gibson assembly kit (New
England Biolabs, Ipswich, MA). Briefly, the plasmid DNA of protein expression vector
pET6xHN-N (Clontech, Mountain View, CA) was linearized by digestion with restriction
endonucleases Stu I and Xba I. Proportional amounts of the linearized plasmid DNA of
pET6xHN-N and corresponding DNA fragments were mixed and assembled at 50 °C for 1 h.
The assembled DNA mixtures were transferred into E. coli Top10 cells by chemical
transformation for plasmid DNA replication. The plasmid DNA was purified from specific
Top10 cells with QIAprep spin miniprep kit (Qiagen, Valencia, CA). DNA sequencing by
Beckman Coulter Genomics (Danvers, MA) verified the site-specific mutation in the selected
protein expression vector.

2.2.11 Expression and Purification of Recombinant G6PDH, Gap2, Sll1621
The plasmid DNA of designated protein expression vectors was transformed into the E.
coli BL2 [(DE3), G6PDH and Gap2] or Lemo21 [(DE3), Sll1621] by following the
manufacturer’s transformation protocol. Since all three proteins were in frame assembled with 6
repeating His-Asn and enterokinase cleavage site at their N-terminal, proteins were purified with
His60 Ni superflow gravity columns (Clontech, Mountain View, CA). Briefly, the E. coli cell
pellets were fully re-suspended in 1 ml ice-cold Ni60 Ni xTractor buffer per 10 ml of the original
cultures by pipetting up and down gently. The re-suspended cells were further homogenized with
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Cole Parmer 4710 series homogenizer at the output of 3 and 70% cycle duty for 3 × 5 seconds on
ice with 1 min interval. The cell lysates were incubated on ice for 15 min and then centrifuged at
10,000 × g and 4 °C for 20 min. Finally, the supernatants were passed through 1 ml His60 Ni
gravity columns to purify the recombinant proteins with detailed instruction described by the
manufacturer’s manual (Clontech, Mountain View, CA). Purified proteins (30 µg) were
separated by SDS-PAGE gels and visualized by Gel DocTM EZ system (Bio-Rad, Hercules,
CA).

2.2.12 Enzymatic Activity Measurement
The G6PDH catalyzes the first step in the pentose phosphate pathway by oxidizing
glucose-6-phosphate (6-PG) and reducing NADP+ (nicotinamide adenine dinucleotide
phosphate) to NADPH. The rate of NADPH formation is correlated to the G6PDH activity and
can be measured with the change in NADPH absorbance at 340 nm. G6PDH (35 µg) and its
mutants were mixed with reaction buffer (50 mM phosphate buffer, 10 mM MgCl2, pH 7.5) and
0.67 mM NADP in 1-ml final volume in a 1-ml plastic cuvette and kept at room temperature for
3 min. The reaction kinetics was initiated by addition of 2 mM 6-PG. G6PDH activity was
calculated by mainly following the instruction of G6PDH activity calculation described by
Sigma-Aldrich (St. Louis, MO). The activities of Gap2 (GAPDH), peroxiredoxin (Sll1621,
thioredoxin reductase) and their mutants were determined by KDalertTM GAPDH assay kit (Life
Technologies, Grand Island, NY) and thioredoxin reductase assay kit (Sigma-Aldrich, St. Louis,
MO), respectively.
For DTT and H2O2 treatment, wild-type Gap2 protein were treated by either 10 mM DTT
or specific amount of H2O2 by directly adding the reagent into the reaction mixture and
incubated at room temperature for 2 min prior to initiation of enzyme reactions. For the treatment
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of Sll1621, 10 mM DTT was mixed the 100 µl (250 µg) enzyme and kept at room temperature
for 15 min. Then, excess DTT was removed by Amicon ultra-0.5 centrifugal filter devices (EMD
Millipore, Billerica, MA) with 500 µl of 50 mM phosphate buffer, pH 7.5 for 5 times. The same
procedures for DTT treatment and washing were applied prior to additional 15 min treatment
with 1 mM H2O2. The activities were determined with thioredoxin reductase assay kit.

2.3 Results
2.3.1 Quantitative Site-specific Measurements of Reversible Thiol Oxidation
Resin-assisted thiol-affinity enrichment has recently shown to be effective for
identification and quantification of SNO (Forrester et al. 2009; Su et al. 2013) and SSG (Su et al.
2014). Here we adapted this strategy for the quantitative profiling of the reversible thiol
oxidation in the Synechocystis 6803 proteome in response to light/dark modulation. Briefly,
Synechocystis 6803 was grown in the presence of oxygen and continuous light to the mid-log
phase under continuous light, then exposed to 1) continuous light, 2) darkness, or 3) DCMU in
continuous light (hereafter referred to as DCMU) for 2 h before cell harvesting. All endogenous
free thiols are initially trapped by acid trapping using TCA precipitation (Leichert and Jakob
2004) followed by blocking with NEM (Fig. 2.1a). Following free thiol blocking, the oxidized
Cys-residues (i.e., disulfide or other reversible oxidative modifications) are reduced back to free
thiols by DTT. The newly formed free thiols from the originally oxidized proteins are then
specifically captured by Thiopropyl Sepharose 6B resin through a disulfide exchange reaction
(Liu et al. 2004). The enriched proteins are subjected to on-resin trypsin digestion. Resin bound
Cys-peptides are further labeled with amine-reactive isobaric TMT reagents (Thompson et al.
2003) to facilitate quantification of the dynamics of thiol oxidation across multiple conditions.
The 6-plex TMT reagents allow simultaneous quantification of six samples in a single
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experiment. Here two biological replicates of light, dark, and DCMU conditions can be
quantified in a single experiment (Fig. 2.1b). The TMT labeled Cys-peptides are subjected to
LC-MS/MS analyses for site-specific identification and relative quantification of the levels of
oxidation on individual Cys sites.
In addition to the relative quantification, our strategy can also be modified to quantify the
percentage (or stoichiometry) of thiol oxidation (reversibly oxidized/total thiols) for individual
Cys-residues (Fig. 2.1c). In this case, a given biological sample is divided into two identical
aliquots with one aliquot processed for oxidized thiols only and the other for total thiols without
NEM blocking. By using 6-plex TMT labeling, the percentage of reversible oxidation of three
replicates can be quantified in a single LC-MS/MS experiment (Leichert et al. 2008). But several
caveats associated with this method should be noted. First, the irreversible oxidation was
excluded in the measurement of total thiols. Thus, overestimation of the percentage of reversible
oxidation might occur if irreversible oxidation is present at high levels (Held et al. 2010). Second,
when a given peptide contains more than one Cys-residues, the percentage of oxidation cannot
be accurately measured. We note that this is a common limitation shared by several previously
reported methods (Leichert et al. 2008; Knoefler et al. 2012) due to the existence of multiple
combinatory forms of oxidized Cys-sites for the given sequence.
In our approach, a key step for measuring oxidized thiols is the effective blocking of free
thiols. To achieve this, we adapted the acid trapping method (Leichert and Jakob 2004; Held et
al. 2010) using 10% TCA followed by alkylation with a high concentration of NEM (100 mM) in
lysis buffer to block free thiols and prevent artificial thiol oxidation during sample processing.
To assess the efficiency of the free thiol blocking, one set of sample pellets from the TCA
precipitation were dissolved in lysis buffer containing the alkylating agent, NEM, while another
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set was not exposed to NEM. The set of sample pellets in lysis buffer containing NEM was
carefully dissolved with sonication so as to not introduce additional oxygen from air and
incubated to block free thiols to prevent artificial oxidation. The final level for enriched oxidized
Cys-peptides was observed to be very low (Fig. 2.1d) compared to the level of total Cys-peptides
in the sample pellet not exposed to NEM. The results suggested that there was minimal artificial
oxidation as a result of effective blocking with NEM, and evidence that in vivo thiol redox state
is being preserved. However, for comparison, cell pellet samples were alternatively subjected to
bead-beating before NEM incubation. Simply altering the preparation by performing a beadbeating process prior to blocking introduced a sufficient oxidative environment to artificially
increase thiol oxidation. The level of oxidized Cys-peptides was nearly the same as the level of
total Cys-peptides, abrogating the detection of any differential abundance (Fig. 2.1e).

2.3.2 Broad Redox Changes on Cys-sites Modulated by Light/Dark
To identify site-specific redox changes on protein thiols, LC-MS/MS analyses were
performed for four biological replicates of light, dark, and DCMU conditions. ~2,100 oxidized
Cys-sites from 1,060 proteins were identified and quantified based on TMT reporter ion
intensities in MS/MS spectra (Table 2.2). Among all identified peptides, ~98% were Cyscontaining peptides, in line with the high efficiency of the resin-assisted enrichment (Liu et al.
2004; Su et al. 2013). The overall results (Figs. 2.2a and 2.3a) demonstrate that most protein
thiols are less oxidized (or more reduced) under continuous light, but become significantly more
oxidized in the dark phase or in the presence of DCMU. DCMU is a specific inhibitor of PSII,
which blocks the plastoquinone binding site of PSII and stops the electron flow in the PET chain
(Trebst 2007), thus simulating the dark condition where no photosynthetic electron flow occurs.
~80% of the identified Cys-sites were observed with significant redox changes between light,
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dark, and DCMU conditions (p<0.05, ANOVA test) (Table 2.2). After applying a >1.5 in
abundance ratios (i.e., >50% change in oxidation levels) and p<0.05 cutoff, a total of ~1,100
Cys-sites were observed with substantial redox changes (Fig. 2.2b). This observation of
increased oxidation under the dark condition is consistent with the understanding that cells under
light, with active photosynthesis and electron flow through the PET chain, foster a reductive
environment through the regulatory mechanisms of the reduced ferredoxin and thioredoxin
systems, and hence are reflected in a more reduced form of thiols from thioredoxin target
enzymes (Dai et al. 2004; Buchanan and Balmer 2005). However, the dark conditions, or
similarly in the case of DCMU inhibition of the PET chain, facilitates a shift to a more oxidative
environment, leading to higher levels of oxidative modifications in target enzymes which
modulates enzyme activity across numerous cellular processes.

2.3.3 Percentage of Reversible Oxidation of Individual Cys-sites
We sought to measure the percentage or stoichiometry of reversible oxidation of
individual Cys-sites using the strategy outlined in Fig. 2.1c. Initial gel-based results showed that
a relatively high percentage of oxidation in the DCMU condition via comparison of the overall
level of oxidized thiols to total thiols (Fig. 2.3b). LC-MS/MS analyses were performed to
measure the percentages of oxidation of individual Cys-sites in the DCMU condition only. The
percentages of oxidation in light and dark conditions were calculated based on the data from the
DCMU condition and the relative abundance changes shown in Fig. 2.2a. Using this strategy,
stoichiometry data were obtained for 1,351 specific Cys-sites (~65% percentage of all Cys-sites
from the dynamic measurements in Fig. 2.2a). Due to the limitation for stoichiometric
measurements of peptides containing multiple Cys sites, these peptides were excluded for further
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analysis. Fig. 2.2c shows the distribution of Cys-sites peptides in terms of percentage of
oxidation for individual Cys sites (Table 2.2 and Table 2.3).
Again, one potential source of bias in calculating this percentage is the unknown levels of
irreversible oxidation. To address this issue, we compared the levels of total thiols (free and
reversibly oxidized thiols) across light, dark, and DCMU conditions, and no obvious change in
the levels of total thiols was observed in two independent experiments (left lanes in Fig. 2.3c and
Fig. 2.3d). The results suggested that no significant levels of irreversible oxidation occur in both
dark and DCMU conditions because the levels of total thiols (excluding irreversibly oxidized
thiols) should decrease if the levels of irreversible oxidation in dark or DCMU are high.
As shown in Fig. 2.2c the majority of Cys-residues under the light condition were mostly
reduced with only 5-20% in the oxidized form. However, the levels of oxidation were
significantly increased in dark and DCMU with the majority of Cys-sites at 20-40% oxidation.
The overall levels of oxidation support the models that protein thiols are mostly in a reduced
state under physiological conditions due to the highly reducing intracellular environment (Bachi
et al. 2013), both darkness and DCMU induced a consistent pattern of increased thiol oxidation
in the proteome compared to continuous light (Fig. 2.2c). The results suggest that a primary
redox-mediated mechanism in light/dark cycle can function by altering the thiol redox states. It is
interesting to note that DCMU inhibition consistently resulted in a slightly higher level of thiol
oxidation than the dark condition. We note that DCMU effectively inhibits electron flow under
continuous light, leading to a state similar to the dark condition; however, the DCMU condition
does not inhibit photo-oxidation of PSII and oxygen generation completely. The slightly higher
level of thiol oxidation of DCMU condition is presumably due to the photo-oxidation, which is
absent in the dark condition.
40

2.3.4 Total Protein Abundances
To verify that the observed redox changes were not due to the changes in total protein
abundances, we performed global proteome profiling across these conditions. Aliquots of all
protein samples before enrichment were digested, and subjected to LC-MS/MS analyses. Among
the total of 413 proteins with spectra count data, no significant abundance changes were
observed for the vast majority of the proteins in Table 2.4. Among them, 273 proteins
overlapped with those detected with oxidized Cys-residues in Table 2.2. Only 7 proteins
displayed a consistent increase in abundances (with p<0.05) similar to the observed redox
changes. The overall results suggest that the short 2 h dark incubation or DCMU inhibition is not
long enough to induce significant protein abundance changes as compared to previous largescale diurnal cycle studies. Such global diurnal proteome effects in cyanobacterium Cyanothece
sp. ATCC 51142 (Stockel et al. 2011) induced significant changes in the abundance of only ~70
proteins among the total identified ~1,200 proteins in the first 1-3 h of the dark phase during the
diurnal cycle. On the other hand, genomic studies for the dynamic transcriptional profiling of
light-to-dark transition in Synechocystis 6803 has revealed 387 genes of the full-genome (3,169
genes) responded to light exposure within 2 h (Gill et al. 2002), and the expression of 64 genes
significantly changed in response to DCMU (Hihara et al. 2003). Interestingly, we have observed
a number of transcriptional regulators (Table 2.5) are potentially redox-regulated, which may
facilitate initial changes in gene expression followed by changes in protein expression at later
time points.

2.3.5 Functional Implications of Redox-sensitive Proteins
To further narrow down the redox-sensitive Cys-sites that displayed significant dynamic
changes (>1.5-fold) between light and dark conditions, we applied >20% oxidation in dark or
DCMU conditions as an additional criterion for selecting those Cys-sites as more likely to induce
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a physiological effect (Leichert et al. 2008). This criterion is based on the general notion that the
potential physiological impact is larger when the extent of protein being modified is higher. This
additional filtering decreased the original list of ~1,100 sites with significant changes to ~600
redox-sensitive sites (from 428 proteins) (Table 2.3). Among the 428 identified redox-sensitive
proteins, only ~100 proteins in Synechocystis 6803 were reported with evidence of redox
relevance as interacting with thioredoxin (Mata-Cabana et al. 2007; Perez-Perez et al. 2006);
however, direct evidence of oxidation and site information were not available for most of these
proteins.
To gain an overall picture of the pathways and processes that are potentially redoxregulated, functional analysis based on Gene Ontology and KEGG pathway information was
performed for these redox-sensitive proteins. These proteins were observed to be broadly
involved in various biological processes or molecular functions, including amino acid
biosynthesis, glycolysis, PET, carbon fixation, and many enzyme classes such as oxidoreductase,
ligase, and hydrolase (Fig. 2.4). The identified redox-sensitive proteins within the context of
several key biological processes including PET, carbon fixation, glycolysis and the Krebs cycle
are illustrated in Fig. 2.5. The observation of a number of enzymes as redox-sensitive in these
processes is consistent with the existing knowledge on functional significance of disulfide
proteome in these biological processes (Lindahl et al. 2011), and our quantitative site-specific
data provide potential functional sites in the enzymes. Fig. 2.6 further illustrates the percentages
of thiol oxidation of selected proteins in these biological processes, demonstrating the consistent
increases in thiol oxidation in response to dark or DCMU and different degrees of relative
changes for different proteins.
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Our results revealed that several proteins within the PET chain, including the
phycobilisome complex and PSII, were redox-sensitive and were in a more reduced state under
continuous light compared to the other two conditions. This finding is consistent with the
knowledge that protein thiols play a significant role in the redox regulation of the PET chain
through the ferredoxin/thioredoxin system (Buchanan and Balmer 2005; Alfonso et al. 2000).
Moreover, the redox regulation of the PET chain is known to play a key role in modulating the
redox homeostasis and gene expression of cyanobacteria (Alfonso et al. 2000; Rochaix 2013).
Among the identified redox-sensitive proteins in photosynthesis (Figs. 2.5a and 2.6a), αsubunits of the ATP synthase complex (AtpA) were identified as thioredoxin targets in
Synechocystis 6803 (Lindahl and Kieselbach 2009; Lindahl and Florencio 2003). A number of
the observed redox-sensitive proteins, e.g. photosystem II manganese-stabilizing polypeptide
(PsbO), and F-type H+-transporting ATPase gamma subunit (AtpG), were also reported as
thioredoxin targets in Arabidopsis thaliana (Lindahl and Kieselbach 2009). The redox changes
observed in several phycobiliproteins in this study suggest that the redox changes on Cysresidues play a role in the assembly or stability of the phycobilisome complex.
A number of key enzymes involved in the Calvin cycle, glycolysis, and Krebs cycle have
been previously reported as potentially redox-regulated (Lindahl et al. 2011). Our study not only
identified the putative redox-regulated enzymes in these processes, but also the potentially
functional redox-sensitive Cys-sites. As shown in Fig. 2.5b and Fig. 2.6b, most of the enzymes
in the Calvin cycle were observed to be redox sensitive, confirming previous knowledge that the
entire Calvin cycle is under the control of thioredoxin in both chloroplast and cyanobacteria
thylakoid (Lindahl et al. 2011). The thiols in most enzymes were more reduced in the light
condition (Fig. 2.6b) compared to dark, supporting higher enzyme activities for carbon fixation
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in the light condition. Moreover, our results provide furthers insights into the redox regulation on
these enzymes. For example, fructose-1,6-bisphosphatase (FBPase) in chloroplasts has been
known to undergo light/dark redox transitions for many years (Schurmann 2003). However, the
redox
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bisphosphatase/sedoheptulose-1,7-biphosphatase (FBPase/SBPase, Slr2094 in Synechocystis
6803), has not been well established. For instance, one study reported that the FBPase activity
was not regulated by light intensities (Yan and Xu 2008). However, an earlier study reported that
the FBPase activity in Synechococcus sp. strain 6301 was under a delicate control of the
oxidizing and reducing conditions (Udvardy et al. 1982). Similarly, the enzyme
phosphoribulokinase (Prk) has been found to be regulated by light/dark and activated through
ferredoxin/thioredoxin system in chloroplast of plants (Buchanan 1991); however, it has not been
confirmed to undergo light/dark modulation in cyanobacteria, although its activity in vitro was
observed to be regulated by reversible thiol oxidation based on H2O2 and 5,5-dithiobis (2nitrobenzoic acid) treatments (Kobayashi et al. 2003). Our results clearly show light/dark
modulation of the thiol oxidation on these enzymes, providing evidence of potential light/dark
modulation of these enzyme activities. Additionally, a number of enzymes were observed as
redox-sensitive in glycolysis and the Krebs cycle (Fig. 2.5c and Fig. 2.6c), supporting the role of
redox-regulation in these metabolic processes. For example, aconitase and isocitrate
dehydrogenase were found to be associated with thioredoxin in higher plants, indicating the
potential redox regulation of their activities (Balmer et al. 2004). Currently, it is still unclear
whether redox-regulation of many potentially redox-sensitive enzymes exists in cyanobacteria
under physiological relevant conditions. Further studies need to be carried out in order to fully
determine how redox regulation happens in the cells.
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2.3.6 Site-specific Redox Sensitivity Predicts Functional Sites
A unique aspect of this study is the proteome-wide site-specific redox sensitivity
information for Cys-residues in response to physiological perturbations. One question is whether
such site-specific data provides any predictive value for identifying potential functionally active
Cys-residues. To examine this predictive potential, we compiled the existing data from identified
proteins with known functional Cys-sites (either annotated active Cys-sites or functional
information based on site-directed mutagenesis) in Synechocystis 6803 as listed in Table 2.6.
Out of 14 proteins, the functional sites of 12 proteins (8 selected proteins listed in Table 2.7
were observed to be either the most sensitive or the second most sensitive Cys-residues to
light/dark modulation for that particular protein. This provides a level of confidence in linking
site-specific redox sensitivity with functional Cys-residues, implying the predictability of the
site-specific redox sensitivity data for identifying potential functional sites. Such predictability is
in good agreement with results from several recent reactivity profiling studies in other organisms
(Deng et al. 2013; Weerapana et al. 2010).
Several examples illustrating the correlation of redox sensitivity with functional sites are
shown in Fig. 2.7. NADP+-dependent glyceraldehyde-3-phosphate dehydrogenase (Gap2 or
GAPDH, GeneBank: X83564) is a classic redox-sensitive enzyme that is specific to the Calvin
cycle and non-photosynthetic gluconeogenesis (Koksharova et al. 1998). The functional domain
of GAPDH is highly conserved and it is a well-known redox switch in cellular metabolism
(Brandes et al. 2009). Our site-specific redox sensitivity data implies that Cys-154 and Cys-158
were the most sensitive to light/dark modulation (Fig. 2.7a). The observed similar redox
sensitivity for both the active site Cys-154 and adjacent site Cys-158 is consistent with several
previously reports on other organisms (Su et al. 2014; Deng et al. 2013). Gap2 in Synechococcus
elongatus (PDB code: 2D2I) shares an 80% homology with Synechocystis 6803 and is conserved
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at the region containing the active sites. As shown in Fig. 2.7b, the nicotinamide ring of cofactor
NADP+ faces towards the catalytic Cys-154 in Gap2 (Kitatani et al. 2006). Previous mutational
studies have shown that the catalytic Cys of Gap2 can be oxidized and inactivated by oxidative
stress (Su et al. 2013; Deng et al. 2013). To confirm the functional Cys-residues in Synechocystis
6803 Gap2, recombinant Gap2 mutants C154S, C154S/C158S and C292S were generated and
tested for catalytic activity. Interestingly, all the mutations completely abolished Gap2 enzyme
activity (Fig. 2.7c), demonstrating that all redox active Cys-sites are crucial for Gap2 enzymatic
function. It is surprising to observe that C292S also abolished enzyme activity since it has not
been previously reported as a functional site. For this reason, we examined the protein expression
levels for these mutants by SDS-PAGE and observed that mutant C292S is essentially not
detected (Fig. 2.7c), suggesting that Cys-292 is structurally relevant for protein stability, with
C292S possibly causing a rapid degradation of the translated protein product. Purified
recombinant Gap2 was also treated with various concentrations of H2O2 or DTT. The catalytic
activity of Gap2 was significantly reduced after exposure to H2O2, while increased by DTT (Fig.
2.7d), which is in agreement with previous reports (Kitatani et al. 2006; Deng et al. 2013).
Ferredoxin NADP+ reductase (PetH, FNR) is the last enzyme in PET chain for
transferring electrons from reduced ferredoxin to NADPH, which serves as the electron donor for
the Calvin cycle. PetH is known to be bound to the phycobilisome complexes of Synechocystis
6803(van Thor et al. 1999). The activity of PetH is enhanced in light; however, the mechanism
of the enzyme activation is not fully elucidated (Talts et al. 2007). Site-specific redox data (Fig.
2.7e) shows high redox sensitivity for Cys-231 and Cys-236, and both residues were found
within the known FAD binding region. Mutation of Cys-231 and Cys-236 to serine in spinach
PetH resulted in decreased enzyme activity due to the altered kinetic properties (Aliverti et al.
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1993), supporting a prediction of redox alterations in Cys-231 and Cys-236 as functionally
relevant mechanisms for regulating PetH activity in Synechocystis 6803. Fig. 2.7f shows PetH in
Synechococcus sp. PCC 7002 (PDB code: 2B5O), which shares a 76% amino acid sequence
identity similar with Synechocystis 6803 and with a highly conserved FAD binding region. Cys231 of PetH locates in the nucleotide binding region for FAD.

2.3.7 Novel Functional Cys-sites in Redox Regulatory Proteins
Based upon the predictive observations linking redox sensitivity and functional Cysresidues (Table 6), we then attempted to determine whether our data would provide valuable
information in the identification of novel functional sites of redox regulatory proteins. One
protein of interest is peroxiredoxin, encoded by sll1621 (GeneBank: Bak49948.1) in the
AhpC/TSA family. Peroxiredoxins have been well-recognized as major players in the antioxidant
defense system and the redox regulatory network of the plant and cyanobacterial cells (Dietz
2011), and they are conserved markers of circadian rhythms (Edgar et al. 2012). It is known that
reduced Sll1621 plays a critical role in protection against photo-oxidative stress, especially under
high light conditions (Kobayashi et al. 2004). A Synechocystis 6803 sll1621 deletion mutant
showed a severely reduced growth rate compared to wild-type under light (Kobayashi et al. 2004;
Hosoya-Matsuda et al. 2005). Since Sll1621 is one of the most abundant and active
Synechocystis 6803 peroxiredoxin isoforms (Perez-Perez et al. 2009), Sll1621 likely represents
most of the peroxiredoxin activity in maintaining redox homeostasis for Synechocystis 6803
growth; however, its catalytic activity and functional sites are still unknown. We observed that
Cys-155 and Cys-162 are the most redox-sensitive sites among the identified three oxidized Cys
(Fig. 2.8a). Recombinant protein of Synechocystis 6803 Sll1621 and the mutants of C55S,
C162S, and C155S/C162S were generated to determine the functions of selected Cys-sites of
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Sll1621. The enzyme activity data (Fig. 2.8b) confirms that Cys-155 is a potentially novel
functional site for the peroxiredoxin activity, whereas both Cys-55 and Cys-162 have no effect
on the enzymatic activity. The lack of activity reduction for mutant C162S implies that this
residue is possibly exposed to capture redox sensitivity but is not directly related to (or required
for) peroxiredoxin activity. Also, the marked effects of DTT or H2O2 on its activity were also
observed (Fig. 2.8c), confirming its roles in redox response. To further examine whether Cys155 is a conserved residue across difference species, we blasted the sequence motif in UniProt
database and confirmed that the sequence motif “DNCP” containing Cys-155 in Sll1621 is
indeed conserved among ~50 cyanobacteria strains and up to 70 bacterial strains (Fig. 2.9),
strongly supporting the functional importance of Cys-155.
Another protein of interest is Glucose-6-Phosphate 1-Dehydrogenase (G6PDH, Zwf,
GeneBank: NP_440771.1), which is the first enzyme in the dark-initiated pentose phosphate
pathway. Zwf has been reported to be activated by Cys oxidation in dark conditions in plants
(Nee et al. 2009); however, the specific Cys-sites responsible for the activation of Zwf are not
known in Synechocystis 6803. Our data indicates that Cys-265 and Cys-445 are highly sensitive
to oxidation and are potential functional sites of Zwf (Fig. 2.8a). Additionally, Cys-445 is a
conserved Cys-residue among multiple strains of cyanobacteria, such as Anabaena, Nostoc and
Synechococcus (Newman et al. 1995). We created Zwf mutants of C187S, C265S and C445S for
functional activity assays. Results showed that all three Cys-sites play a role in maintaining Zwf
activity with Cys-445 playing the most significant role (Fig. 2.8d), which is consistent with the
redox sensitivity data. Interestingly, further assays involving the addition of H2O2 or DTT did not
affect the enzymatic activity of recombinant Zwf (data not shown), showing evidence that Zwf
alone may not be sensitive to a general redox status. It has been reported that Zwf is not sensitive
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to redox regulation without its allosteric activator (OpcA) present (Hagen and Meeks 2001). This
provides a potentially interesting scenario where either Cys-445, 265, and/or 187 are likely
functionally involved in Zwf/OpcA interactions facilitating redox regulation of the pentose
phosphate pathway and further studies will be necessary to confirm the role of these Cysresidues in redox regulation.

2.4 Discussion
Cyanobacteria are oxygenic photosynthetic prokaryotes that are believed to share a
common ancestor with higher plant chloroplasts. As in all photosynthetic organisms, redox
regulation via light/dark diurnal cycles is essential for photosynthesis, metabolism, and gene
expression, starting from the PET chain through the ferredoxin/thioredoxin system to all
downstream target proteins. Reversible oxidation of protein Cys-residues, an important type of
PTMs, is a major mechanism of redox regulation where thiols serve as redox switches
(Buchanan and Balmer 2005; Lindahl et al. 2011). Despite the significance, the overall
knowledge of site-specific redox modifications on Cys, especially under physiological conditions,
is still very limited due to the constraint of measurement technologies. A recent study on thiolbased redox modifications under physiological conditions of C. elegans only identified <200
Cys-sites as oxidized using OxICAT (Knoefler et al. 2012), illustrating the challenge of
identifying redox modification. This work provides a proteome-wide, quantitative and sitespecific analysis of light/dark modulated changes of thiol oxidation in cyanobacteria covering
~2,100 Cys-residues, significantly expanding the current repertoire of thiol-based redox
modifications under physiological conditions.
Our approach adapted an optimized resin-assisted enrichment approach for achieving
site-specific quantification of Cys oxidation across multiple conditions. In addition to the relative
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quantification of oxidation levels, our approach was also easily modified to quantify the
stoichiometry or fractional occupancy of oxidation of specific Cys-sites, which is particularly
important for studying PTMs since functional PTMs are likely to have higher fractional
occupancies of modifications in certain biological conditions. We have shown the advantages of
enrichment specificity, proteome coverage, and multiplexed quantification for measuring sitespecific redox changes (Fig. 2.1b) compared to existing methods such as OxiICAT, other biotinbased approaches (Leichert et al. 2008; Forrester et al. 2009), or anti-TMT antibody-based
approaches (Pan et al. 2014; Qu et al. 2014; Murray et al. 2012). We, and others, have also
shown the potential of applying this resin-assisted approach for studying other types of reversible
Cys redox modifications (e.g., S-nitrosylation, S-glutathionylation)(Guo et al. 2014; Su et al.
2014; Forrester et al. 2009).
Significantly, the advantages of this approach enabled quantitative profiling of Cys
oxidation in a physiological light-dark environment with in-depth proteome coverage of the Cys
redox modifications in cyanobacteria. The observed landscape of dynamic redox changes of
~2,100 Cys-sites from 1,060 proteins (nearly one-third of the genome) is much broader than one
would initially expect from light-dark modulation. However, given the fact that tens of thousands
of modification sites have been identified in other PTMs such as phosphorylation (Olsen et al.
2010), ubiquitylation (Mertins et al. 2013), and acetylation (Lundby et al. 2012), we assert that
this study likely represents the beginning of the expansion on the potential sites of thiol-based
redox modifications. Nevertheless, we recognize that there are still several technical limitations
of the current approach. First, since this approach measures the level of total reversible thiol
oxidation, the exact form of oxidation is not known. However, our approach can be adapted to
measure the exact forms of modification such as SSG or SNO by coupling selective reduction
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with resin-assisted enrichment as recently described (Guo et al. 2014). Second, our approach
does not measure the levels of irreversible oxidation such as S-sulfinic or S-sulfonic acids, which
may exist in dark or DCMU conditions. The potential irreversible oxidation could complicate the
data interpretation of reversible oxidation; however, the levels of irreversible oxidation under
physiological conditions are most likely to be insignificant (based on the results shown in Fig.
2.3c and Fig. 2.3d).
It is important to note that the current findings demonstrate a redox rheostat in the
cyanobacteria after light-to-dark transition in a global proteome scale, i.e., oxidation and
reduction of protein thiols do not function as an all-or-nothing phenomenon. Such dynamic redox
changes are actually reflected more by partial activation or inactivation of specific proteins,
given that the number of specific proteins reduced/oxidized differs between conditions. This is
an interesting observation as even in an environment so regimented as a light/dark cycle, we
clearly still detect specific regulatory sites in both the oxidized and reduced forms. The sitespecific dynamic data provide important information on redox-sensitive sites for proteins
involved in photosynthesis and metabolism (Fig. 2.5 and Fig. 2.6). Many specific enzymes in the
Calvin and Krebs cycles, as well as other biosynthetic pathways, were previously identified as
thioredoxin-regulated through disulfide formation (Lindahl and Kieselbach 2009). Most of these
enzymes are mainly in the activated state with reduced thiols under light condition, and become
inactivated by disulfide bond formation under dark condition (Buchanan and Balmer 2005),
consistent with our observations.
Similar to other PTM studies, significant challenges remain associated with deciphering
which specific proteins and their respective Cys-sites are most likely to be directly (or indirectly)
involved in protein function/regulation from such global proteomic data based upon the redox
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changes observed in such a relatively straightforward light/dark system. A broad coverage of
thiol-based redox modifications is a prerequisite for identifying novel redox regulated proteins or
functional sites; however, the large number of available sites is also a challenge for determining
functional redox sensitivity. One unique aspect of this study is that the redox sensitivity data for
individual Cys-residues provides important predictive information for identifying functional or
key regulatory sites for given proteins. The examination of proteins with known functional sites
showed good predictability (Fig. 2.7 and Table 2.7). Moreover, the stoichiometry or fractional
occupancy data on individual Cys-sites provided additional evidence of functional relevance.
Multiple site-mutagenesis and biochemical studies (Fig. 2.7 and Fig. 2.8) provided a range of
redox regulatory scenarios showing a proof-of-principle for both confirmation and identification
of novel functional sites utilizing the redox data. Therefore, with the redox sensitivity and
stoichiometry information on individual sites, this dataset should serve a unique resource for
identifying functional sites for redox-regulated proteins as well as for novel redox proteins.
Follow-up targeted site-specific mutagenesis and pertinent functional studies will help to
elucidate the mechanisms of redox regulation and its impact on protein function, and specific
pathways in response to environmental stimuli.
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Table 2.1: Oligonucleotides used for site-specific mutagenesis of selected cysteine sites in
G6PDH, Gap2 and Sll1621 proteins.
Oligoucleotide name# Oligoucleotide
G6PDH [parent (1/4)*, C187S(1/2, ¾)*, C265S (1/5, 6/5)* and C445S (1/7, 8/4)*]
1-pET6xHN
TGATGACGATGATAAGGCGGTAACGCTACTCGAAA
ATC
2-G6PRW1
TTTCTTTGCTGACACTCTGCACTACCCG
3-G6PFW1
AGAGTGTCAGCAAAGAAAATCAGGTGTATCGCATC
4-pET6xHN
GCCAACTCAGCTTCCTCTAAAGTCGGCGCCAGCG
5-G6PRW2
GGTGAGACTAAACAGTTGCATGAGGTG
6-G6PFW2
CAACTGTTTAGTCTCACCGCCATGGACC
7-G6PRW3
CCCAACATGGAATCTAATAAAAGGCGGTGATAG
8-G6PFW3
TTTATTAGATTCCATGTTGGGAGACCAAACCC
Gap2 [parent (9/12)*, C154S (9/10,11/12)*, C154S/C158S (9/13,14/15)* and
C292S (16/17, 18/19)*]
9-pET6xHN
TGATGACGATGATAAGGCGACTAGAGTAGCAATTA
ACGG
10-GP2RW1
GGTAGTACTACTAGCGTTACTAATTACTTCG
11-GP2FW1
ACGCTAGTAGTACTACCAACTGCCTCG
12-pET6xHN
GCCAACTCAGCTTCCTCTATTTCCAGTTTTTAGCCA
C
13-GP2RW2
GGCGAGGCTGTTGGTAGTACTACTAGCGTTACTAA
TTACTTCG
14-GP2FW2
ACGCTAGTAGTACTACCAACAGCCTCGCCCCATTC
GGCA
15-pET6xHN
GCCAACTCAGCTTCCTCTATTTCCAGTTTTTAGCCA
CAATTTCAGCCAAG
16PET6XHN
TGATGACGATGATAAGGCGACTAGAGTAGCAATTA
ACGGATTTGGAC
17GPRW3
AGAGCTATCCGTGCCCCGGAAGTC
18GPFW3
TTCCGGGGCACGGATAGCTCTTCCACTGTGGATGG
T
19PET6XHN
GCCAACTCAGCTTCCTCTATTTCCAGTTTTTAGCCA
CAATTTCAGC
Sll1621 [parent (20/23)*, C55S(20/21,22/23)*, C155S/C162S(20/24,25/26)*and
C162S (20/27,28/23)*]
20-pET6xHN
TGATGACGATGATAAGGCGACCCCCGAACGAGTTC
C
21-TRRW1
GTTAGAAGAAGAGGTGGGGGTGAAGGCAC
22-TRFW2
CCCCACCTCTTCTTCTAACCACTTGCC
23-pET6xHN
GCCAACTCAGCTTCCTTTAGCCGACAAAAGCTTTA
AC
24-TRRW2
ACACTCGAAGGGATCTACGGGAGAGTTGTCACCGA
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ACTCAGGCT
25-TRFW3
AGCCTGAGTTCGGTGACAACTCTCCCGTAGATCCC
TTCGAGTGT
26-TRRW3
GCCAACTCAGCTTCCTTTAGCCGACAAAAGCTTTA
ACGGGCT
27-TRRW4
TGTCAGCGTCGGAAGACTCGAAGGGATCTACGGGA
GAGTTGTCACCGAACTCAGGCTCA
28-TRFW4
TCGGTGACAACTCTCCCGTAGATCCCTTCGAGTCTT
CCGACGCTGACACCAT
*: oligionucleotide pair for PCR;
#: the list number of oligonucleotide shown for pairing.
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Table 2.2: Total identified Cys-sites along with peptide sequences.
Table 2.3: Cys-sites with significant redox changes (abundance ratios >1.50, percentage of
oxidation >20%).
Table 2.4: Total protein abundances from global proteome profiling.
Table 2.5: Redox-regulated transcriptional regulators or signaling proteins.
Table 2.6: Previously identified protein targets for Synechocystis thioredoxin A or
glutaredoxin
Tables 2.2- 2.6 are available online at:
http://www.ncbi.nlm.nih.gov/pmc/articles/PMC4256482/bin/supp_13_12_3270__index.html
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Table 2.7: The levels of relative Cys oxidation on individual Cys-sites for selected proteins
with known active or functional Cys-sites.
Ratios of oxidation
levelsa
Gene

Accessi

ID

on

Protein name
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%

sites

Oxidation
(Reversibl

Dark/
Light
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/Light

e)
sll0080
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158
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31%

1.8

1.7

216
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2.2

2.3

314@
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3.0

4.5

1.8

1.8
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slr0506

Q59987

Light-dependent NADPHprotochlorophyllide
oxidoreductase (por)

slr0527

Q55468

Transcription regulator ExsB

94, 97

1.3

1.3
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1.8

1.8
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22%

2.3
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1.3

1.5

226@
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3.7

7.5

1.8

2.7

190@

homolog (queC)
slr1463

P28371

Elongation factor EF-G
(fusA)

slr1643

Q55318

Ferredoxin-NADP+
oxidoreductase (petH)

105@

25%

2.2

2.6
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1.3

1.2
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3.2
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1.7
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27%

a

Ratios of Cys oxidation levels (calculated for each condition against light condition).

#

Active sites of the enzymes.

@

Functional sites verified by site-directed mutagenesis studies (Tsukamoto et al. 2013; Townley

et al. 2001; Menon et al. 2010; Aliverti et al. 1993).
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Figure 2.1: Overview of the enrichment and site-specific quantification strategy for thiol
oxidation.
a Enrichment and processing workflow by the resin-assisted approach. Note that S-X denotes
oxidized thiols. Proteins were extracted from different conditions and free thiols were blocked by
NEM alkylation. Oxidized Cys were reduced by DTT and captured by Thiopropyl Sepharose
resin. On-resin protein digestion and TMT isobaric labeling of enriched Cys-peptides were
carried out, subsequently followed by DTT elution of the enriched peptides for LC-MS/MS
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analysis. b 6-plex quantitative strategy for profiling Cys redox dynamics. Synechocystis were
cultured under continuous light, or switched to dark for 2 h, or treated with 10 µM DCMU in
light for 2 h. Proteins were extracted and processed to enrich the oxidized Cys-peptides
accordingly, and enriched peptides were labeled with TMT reagents with different reporter tags
(126-131). The six labeled samples were combined to facilitate MS/MS-based 6-plex
quantification. c Workflow for quantifying the percentage of reversible Cys oxidation. Equal
amounts of protein samples were processed in parallel both with NEM blocking (oxidized thiols)
and without NEM blocking (oxidized thiols). Total thiols (free plus reversibly oxidized thiols)
are enriched in the sample reduced by DTT without NEM blocking. d Gel image of enriched
total Cys-containing peptides and oxidized Cys peptides for the samples processed by the
incubation with 100 mM NEM before bead-beating. Samples were from the light condition.
Lane 1: standard protein ladder; Lane 2: total enriched Cys-peptides; Lane 3: enriched oxidized
Cys-peptides. e Gel image of enriched total Cys-containing peptides and oxidized Cys peptides
for the samples processed with bead-beating prior to incubating with 100 mM NEM. Lane 1:
standard protein ladder; Lane 2: total enriched Cys-peptides; Lane 3: enriched oxidized Cyspeptides.
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Figure 2.2: Broad Cys redox changes modulated by light/dark.
a The relative oxidation levels of ~2000 identified Cys-sites under light, dark or DCMU
conditions. The relative oxidation levels were calculated by dividing the total reporter ion
intensity from each TMT channel for a given Cys-site against the average intensity across all
conditions for the same Cys-site. b The redox sensitivity of individual Cys-sites. The y-axis
abundance ratios are expressed as the ratios of oxidation levels under dark or DCMU conditions
divided by those under the light condition. Peptides were considered confident redox-sensitive if
all four data points were observed (p<0.05 and fold change >1.5-fold). c Distribution of Cys-sites
in terms of the percentage of Cys oxidation for individual Cys-residues. Histograms show a shift
to higher levels of oxidation for dark and DCMU compared to light.
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Figure 2.3: SDS-PAGE gel images of oxidized Cys-peptides.
a SDS-PAGE gel image of the enriched oxidized Cys-peptides in light, dark, and DCMU
conditions. The intensities of peptide bands indicate an increase in the oxidation levels in dark
and DCMU. b SDS-PAGE gel image showing the levels of oxidized cysteine-peptides versus
total cysteine-peptides from 3 biological replicates under the DCMU condition. c Gel image of
enriched total Cys-containing peptides and oxidized Cys peptides for the samples processed by
incubating with 100 mM NEM before bead-beating. d Gel image of enriched total Cyscontaining peptides and artificially oxidized Cys peptides during sample handling. The false
levels of oxidation were introduced by bead-beating prior to incubating with 100 mM NEM.
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Figure 2.4: Functional categories of the significant oxidized proteins in the dark and
DCMU conditions.
Enrichment scores are calculated based on the p-values in a corresponding annotation cluster by
DAVID bioinformatics tool, where the p-values associated with annotation terms were calculated
by Fisher Exact test. The enrichment scores indicate the ranked biological significance of the
functional categories, and the number of proteins indicates the identified redox proteins from
each category.
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Figure 2.5: Broad redox regulations in cyanobacteria.
Redox-sensitive proteins are involved in a PET, b carbon fixation, and c glycolysis and the Krebs
cycle. The identified redox-regulated enzymes are labeled in red.
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Figure 2.6: Comparison of protein thiol oxdiations levels of individual proteins from
different biological processes in light, dark, and DCMU conditions.
Redox-sensitive proteins involved in a PET, b carbon fixation, and c glycolysis were selected.
The percent of oxidation for each protein is represented by the Cys-site with the highest
stoichiometry of each protein. Error bars are the standard errors from four biological replicates.
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Figure 2.7: Site-specific redox sensitivity and functional Cys-sites.
a Relative oxidation levels of individual Cys-sites of Gap2 as modulated by light, dark, DCMU.
b Monomer crystal structure of Gap2 (PDB code: 2D2I) in Synechococcus elongatus PCC 7942.
NADP is shown in stick model; catalytic Cys154 is highlighted in ball-and-stick model. c Sitespecific mutants of Gap2 abolished its activity. Top: expressed levels of recombinant WT (wildtype), C154S, C154S/C158S, and C292S; Bottom: Gap2 activities of wild-type, C154S,
C154S/C158S, and C292S. d Redox regulation of Gap2 activity as treated by 10 mM DTT or
various concentrations of H2O2 for 2 min. The asterisks denote that the differences from the
DTT treated are statistically significant (p < 0.05). e Relative oxidation levels of individual Cyssites of PetH. f Monomer structure of Ferredoxin NADP+ reductase (PetH, FNR) in
Synechococcus sp. pcc 7002 (PDB code: 2B5O). FAD is shown in stick model, and the FAD
binding region Cys231 and Cys236 are highlighted in ball-and-stick model. Quantitative data are
represented as the mean ± standard errors.
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Figure 2.8: Functional sites of peroxiredoxin (Sll1621) and G6PDH (Zwf).
a Relative oxidation levels of individual Cys-sites of Sll1621 and Zwf in light, dark, DCMU. b
Enzymatic activity of purified peroxiredoxin (Sll1621) wild-type, C55S, C155S/C162S, and
C162S mutants. Activity was indicated as mU/ mg protein. mU is defined as nmole/time. c
Enzymatic activity of purified peroxiredoxin (Sll1621) wild-type treated with water (control), 10
mM DTT for 15 min, and 1 mM H2O2 for 15 min after DTT treatment where DTT was removed
by buffer exchange. H2O2 treatment was performed after the removal of DTT by buffer exchange
with phosphate buffer. Same buffer exchange step was applied to DTT treatment prior to activity
measurement. d Enzymatic activity of purified Zwf (G6PDH) wild-type, C187S, C265S, C445S.
All data are represented as the mean ± standard errors. The asterisks denote that the differences
from the parent type or untreated are statistically significant (p < 0.05).
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Figure 2.9: Cys-155 in Sll1621 is conserved across many cyanobacterial and other bacterial
strains as shown in the ‘DNCP’ motif.
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The Proteolysis Adaptor, NblA, Binds to the
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data; and wrote the manuscript.
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3.1 Introduction
3.1.1 Abstract
Phycobilisome (PBS) complexes are the massive light-harvesting apparati in
cyanobacteria that capture and funnel light energy to the photosystems for conversion into
cellular fuel. PBS complexes are dynamically degraded during nutrient deprivation, which
causes severe chlorosis, and resynthesized during nutrient repletion. The degradation of PBS
complexes occurs rapidly after nutrient step-down, and is specifically triggered by a small
protein called non-bleaching protein A (NblA), which serves as a proteolysis adapter that
facilitates interactions between a protease and the phycobiliproteins. Little is known about the
mode of action of NblA during PBS degradation. In this study, we used a chemical cross-linking
coupled

LC-MS/MS

approach

to

investigate

the

interactions

between

NblA

and

phycobiliproteins. An isotopically-coded BS3 cross-linker captured protein interactions formed
between immobilized NblA and free phycobiliproteins during pull-down assays. A liquid
chromatography and tandem mass spectrometry approach determined the amino acid residues
that confer binding between key factors involved in PBS turnover. These results were modeled
into existing crystal structures of NblA and PC using protein-docking simulations. Our crosslinking and protein docking results indicate that the K52-T2 cross-link between NblA and βphycocyanin (PC) occurs in the central hollow cavity of the PC rods where the C-terminal end of
NblA fits in an open groove in β-PC. This finding suggests that the PBS complex undergoes
conformational changes during nutrient stress for NblA to gain access to a inaccessible region. In
addition, M1-K44 and M1-K52 cross-links between the N-terminus of NblA monomer to the Cterminus of another NblA monomer are consistent with the NblA crystal structure, suggesting
that the purified NblA is structurally biologically relevant. This work presents direct evidence
that NblA physically interacts with PBS.
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3.1.2 Phycobilisome Function
Cyanobacteria are unicellular phototrophs that naturally thrive in diverse terrestrial and
marine ecosystems, where they are exposed to scarce or excess levels of nutrients and light
levels. The versatility in cyanobacteria’s ability to acclimate to environmental changes is due to
their ability to rapidly modify their metabolism and dynamically remodel their phycobilisome
(PBS) complexes (Grossman et al. 1993) and optimize the utilization of nutrients (Schwarz and
Forchhammer 2005). The light-harvesting apparati in cyanobacteria are called PBS complexes
(Glazer 1982), which are massive, multi-subunit complexes found on the stromal side of the
thylakoid membrane (Bogorad 1975; MacColl 1998). Soluble PBS complexes in cyanobacteria
initiate photosynthesis by absorbing and transferring light energy to the reaction centers in both
photosystem I (PSI) and photosystem II (PSII) (Liu et al. 2013). The photosystems are found in
thylakoid membranes, where photochemical electron transfer reactions occur to convert light
energy to chemical energy (Glazer 1982). In nutrient-rich media, cyanobacteria appear bluegreen in color owing to blue bilin pigments covalently attached to the PBS complexes and green
chlorophyll (Chl) pigments in the photosystems.

3.1.3 Phycobilisome Structure
The phycobiliproteins that make up the PBS assemble into 3-7 megadalton complexes
(Adir et al. 2006) that may account up to 50% of the total soluble proteins in the cell; thus
serving as a large cellular nitrogen reserve (Bogorad 1975). With the help of colorless linker
proteins, the pigment-protein phycobiliproteins associate to form PBS complexes (Elmorjani et
al. 1986; MacColl 1998). The major components of the PBS complexes are brilliantly colored
red phycoerythrin (PE), blue phycocyanin (PC), and blue-green allophycocyanin (APC)
(Grossman et al. 1993; Scheer and Zhao 2008). Structurally, PBS complexes contain three
hexamers of six PC rods radiating out from a bi- or tri-cylindrical APC core in a fan-shaped
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manner (Grossman et al. 1993; Ajlani and Vernotte 1998; Glazer 1982; Bogorad 1975; Sidler
2004). Given that a monomer of PC is comprised of an α- and β-PC heterodimer (Ajlani and
Vernotte 1998), over 100 units of both α- and β-PC are required to form six peripheral PC rods in
a PBS complex, highlighting the enormous number of phycobiliproteins that make up one PBS
complex.

3.1.4 Dynamic Remodeling of Phycobilisomes
The plasticity of PBS restructuring is best seen during nitrogen, sulfur, or phosphorous
depletion (Richaud et al. 2001), where non-diazoptropic cyanobacteria undergo bleaching (Allen
and Smith 1969) owing to PC and APC transcript-synthesis repression and protein degradation
(Collier and Grossman 1992) to free up macronutrients for maintenance of essential metabolic
activities and for photoprotection (Adir et al. 2006). If PBS complexes do not degrade during
nutrient deprivation, photosynthetic rates will remain unchanged whereas cellular metabolism
slows down, causing excessive energy to be absorbed and harmful radical species to be produced
(Adir et al. 2003). Low-level photosynthesis and loss of pigments are crucial for cell survival
during nitrogen stress (Sauer et al. 2001). Prolonged deprivation of nitrogen-induced chlorosis in
Synechococcus sp. PCC 7942 (hereafter referred to as Synechococcus 7942) occurs in three
phases: 1) rapid decline of phycobiliproteins while chl a decreases at a slower rate, 2)
progressive chlorophyll a and carotenoid decreases, and 3) undetectable levels of pigments and
high levels of glycogen (Gorl et al. 1998). Upon exogenous addition of nutrients, cyanobacteria
regain their blue-green color because phycobiliproteins are resynthesized (Schwarz and
Forchhammer 2005). The processes of PBS degradation and re-synthesis play a key role for cell
survival in terms of cell maintenance, growth, and development (Schwarz and Forchhammer
2005).
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The remodeling of PBS is an active, reversible, rapid, and specific process that occurs on
a massive scale. A popular model of PBS degradation begins with the sequential trimming of the
peripheral PC rods, starting at the most distal end, with complete degradation of the remaining
PBS occurring two days after continued nutrient depletion in Synechococcus 7942 (Collier and
Grossman 1994). The degradation of these enormous light-harvesting apparatuses in
cyanobacteria is triggered by an ATP-dependent Non-bleaching protein A (NblA) that is 7 kDa
and is comprised of 59 amino acids (Collier and Grossman 1994). The Synechococcus 7942 nblA
deletion strain maintains high levels of PBS after nitrogen, sulfur, or phosphorous step down
(Collier and Grossman 1994). In most cyanobacteria, levels of nblA transcripts and NblA
proteins are up-regulated during nitrogen, sulfur, and phosphorous stress (Collier and Grossman
1994; Baier et al. 2001), whereas PBS levels are simultaneously down-regulated (Adir et al.
2006; Baier et al. 2001; Li and Sherman 2002).
NblA is an adapter protein that triggers the degradation of PBS in cyanobacteria (Collier
and Grossman 1994; Karradt et al. 2008). A single copy of nblA is present in most PBScontaining cyanobacteria and red algae, although there is low similarity between species (i.e.,
30% sequence identity) (Baier et al. 2014; Bienert et al. 2005; Dines et al. 2008). Some strains
have two copies of nblA (e.g., Nostoc sp. PCC 7120) (Karradt et al. 2008), which only need the
expression of one nblA gene for PBS degradation, and Synechocystis sp. PCC 6803, for which
both genes are required for PBS degradation (Baier et al. 2001). Crystal structures of NblA from
Nostoc 7120 (Karradt et al. 2008), Thermosynechococcus vulcanus (Dines et al. 2008), and
Synechococcus 7942 (Dines et al. 2008) demonstrate that the NblA monomer has a helix-loophelix motif that undergoes homo- or hetero-dimerization to form an open four-helix bundle,
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which is the basic functional unit of NblA proteins (Bienert et al. 2005; Baier et al. 2014; Dines
et al. 2008).
As a proteolysis adaptor, NblA triggers PBS complexes by binding to ClpC and
phycobiliproteins on its N-terminus (Karradt et al. 2008) and C-terminus (Bienert et al. 2005),
respectively. ClpC functions in protein recognition, unfolding, and chaperoning to the membrane
bound ClpP catalytic core for degradation (Olinares et al. 2011; Porankiewicz et al. 1999). The
Clp proteasome system serves as an important cellular disposal system. Clp proteins are
universally found in eubacteria, including cyanobacteria, and eukaryotes (Andersson et al. 2006;
Stanne et al. 2007). Cross-linking studies reveal that ClpC binds to phycobiliproteins, suggesting
that the degradation of PBS is regulated by the Clp proteasome system. ClpC is an ATPdependent, HSP100 chaperon partner that is essential and constitutively expressed in
cyanobacteria and plants (Andersson et al. 2006). In Nostoc sp. PCC 7120, NblA binding
activates ClpC by initiating its oligiomerization into a hetero-hexamer with three NblA dimers
(Karradt et al. 2008).
The sequential mechanism of how NblA triggers and relies on the Clp proteasome system
to disassemble PBS complexes is poorly understood. Random mutagenesis studies of NblA
demonstrate that variable residues residues in the middle part of NblA play a crucial role in
mediating PBS degradation in vivo (Dines et al. 2008). Combined with the α-helical structural
similarities between NblA and phycobiliprotiens, structural mimicry may be the method for
NblA binding to the PBS complexes (Dines et al. 2008). Site-directed mutagenesis and pulldown assays, however, highlight several conserved amino acid residues in NblA that specifically
bind to ClpC and α-PC (Karradt et al. 2008; Stanne et al. 2007; Dines et al. 2008; Bienert et al.
2005). Western Blots show that NblA also binds to APC subunits (Bienert et al. 2005). Several
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reports indicate that NblA does not bind to β-PC (Bienert et al. 2005; Luque et al. 2003). Recent
results, however, show that immobilized Synechocystis sp. PCC 6803 NblA1/NblA2 can pull
down β-PC from Synechocystis sp. PCC 6803 crude cell lysate (Baier et al. 2014).

3.1.5 Binding Partners of NblA
In this report, we describe a combined in vitro binding assay, cross-linking, and mass
spectrometry (MS) approach to investigate the binding patterns of NblA in the cyanobacterium
Synechococcus elongatus UTEX 2973 (hereafter referred to as Synechococcus 2973) that
doubles in ~ 2 hours and has only one copy of nblA that is sufficient to mediate PBS degradation
(Yu et al. 2015). In vitro binding assays combined with chemical cross-linking and MS prove
that the C-terminal K52 in NblA binds to the N-terminal T2 in β-PC. Protein-docking models
provided insights on how NblA may interact with the PC structure.

3.2 Materials and Methods
3.2.1 Bacterial Strains and Growth Conditions
All E. coli strains were grown under standard conditions (Sambrook and Russell 2001),
and supplemented with 100 µg/mL Ampicillin (Amp). E. coli cultures induced with 1mM IPTG
were kept at 16 oC for 96 h. Details about strains, plasmids, and oligonucleotides are listed in
Table 3.1.

3.2.2 Overexpression and Purification of NblA2973_His7 Fusion Protein in E.
coli
Overexpression of nblA2973_His from Synechococcus 2973 was driven by the T7
promoter in pET21a expression vector. We placed a TEV cleavage site between nblA and the His
tag. The resultant plasmid, pSL2432, was transformed into the E. coli expression host BL21DE3
to make pSL2436 (Fig. 3.1). The E. coli cells transformed with pSL2436 were grown in LB at 37
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C to O.D.600 0.5. WT NblA2973 with ENLYFQGSSHHHHHHH appended on the C-terminus end

was induced with 1 mM IPTG (Sigma) in SL2436 E. coli cells at 16 oC for 96 hours to
discourage the formation of inclusion bodies (Fig. 3.2a). Urea (2 M) was used to increase the
solubility of NblA2973_His7 fusion proteins (Dines et al. 2007). Cell pellets were washed with
Triton X-100 to remove cell membrane and wall debris. Before elution, proteins were refolded
on the column with an extensive wash step in the absence of urea. Purification of NblA2973_His7
was facilitated by using 2 M urea to solubilize the protein from inclusion bodies in the pellet
fraction and by washing extensively (Dines et al. 2007). Cell pellets were dissolved in lysis
buffer (50 mM Tris pH 8, 20 mM Imidazole, 500 mM NaCl, 10% glycerol, 1% Tween 20) in the
presence of a protease inhibitor cocktail, DNase, and lysozyme and sonicated to lyse cells. The
cell lysate was centrifuged for 1 h at 20,200 x g and 4 oC. Inclusion bodies were recovered by
saving the pellet fraction. The pellet was washed by re-suspending with wash buffer A (50 mM
Tris pH 8, 20 mM imidazole, 500 mM NaCl, 10% glycerol, 0.5% Triton X-100, and 2 M urea).
Five 20 min centrifugations at 20,200 x g and 4 oC were carried out to remove E. coli membrane
and cell-wall materials. The pellet was re-suspended in wash buffer B (50 mM Tris pH 8, 20 mM
imidazole, 500 mM NaCl, 10% glycerol, and 2 M urea), and then submitted to two rounds of
centrifugation for 20 min at 20,198.7 x g and 4 oC to recover the pellet. Wash buffer B was
combined with wash buffer C (50 mM Tris pH 8, 20 mM imidazole, 500 mM NaCl, and 10%
glycerol) to create a linear gradient running from 2 M to 0 M urea (with NaCl constant in the
buffer) at 1 mL/min, was used to refold the protein on the column before elution. A step gradient
of 100, 200, 300, 400, and 500 mM imidazole was used to elute the bound protein with an
elution buffer D (50 mM Tris pH 8, 100-500 mM Imidazole, 500 mM NaCl, 10% glycerol).
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3.2.3 Isolation of Intact PBS
The NblA-mediated PBS degradation mechanism was studied in cyanobacterium
Synechococcus 2973. Preparation of PBS from crude Synechococcus 2973 and Synechocystis
6803 was carried out as described by Ajlani et al 1995 (Ajlani et al. 1995). A sucrose gradient
containing 0.8 M potassium phosphate pH 7.0 buffer was used in combination with
ultracentrifugation (SW41Ti rotor at 209,490 x g and 20 oC) to isolate intact PBS from
Synechococcus 2973. Sucrose gradients consisted of 3 mL 1.0 M sucrose, 2.5 mL 0.75 M
sucrose, 2.5 mL 0.5 M sucrose, and 2.0 mL 0.25 M sucrose. The PBS from Synechocystis 6803
was used as a control to check the specificity of NblA2973 binding to PBS from Synechococcus
2973.

3.2.4 In Vitro Binding Assays
Purified NblA2973_His7 fusion protein was mixed with PBS via affinity chromatography.
NblA2973_His7 was first incubated with Ni-NTA resin (Qiagen) overnight at 9 oC with gentle
agitation. Unbound proteins were removed by five-column volumes of wash buffer C (10 mM
HEPES pH 7.8, 50 mM NaCl, and 5 mM imidazole). NblA-loaded resin was incubated with
isolated PBS overnight at 9 oC with gentle agitation, and then incubated at room temperature for
1 h with gentle agitation. Bound proteins were eluted with buffer B (10 mM HEPES pH 7.8, 50
mM NaCl, and 200 mM imidazole). The molar ratios of NblA:PBS were optimized in many
trials.

3.2.5 Chemical Cross-linking
Isotopically labeled 1 mM N-hydroxysuccinimide ester-based chemical cross-linker BS3H12/D12 (Creative Molecules, Inc., http://www.creativemolecules.com/) was incubated overnight
at 9 oC with the elution fractions from in vitro pull-down assays to capture any transient protein
interactions of NblA and PBS. BS3 reactive groups on both ends underwent covalent binding to
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the primary amines of lysine and at the N-terminus (Leitner et al. 2014) and linked any reactive
site 11.4 Å apart. Unbound proteins were washed with HEPES buffer. A final concentration of
1.0 mM BS3 yielded the best results. The BS3 cross-linking reaction was quenched by incubating
with 2 M excess Tris-HCl to BS3 for 20 min. Samples were analyzed with gel electrophoresis by
using SDS-PAGE, Coomassie Brilliant Blue R250, and UV-enhanced illumination of bilin
pigments (Fig. 3.3).

3.2.6 Sample Digestion, LC-MS/MS, and Data Processing
For MS analysis, cross-linking products were precipitated with acetone by using a 2Dcleanup Kit (GE Healthcare) and digested in-solution with LysC (Wako Chemicals, Richmond,
VA) and Trypsin (Promega, Madison, WI) by following a previously published method (Leitner
et al. 2014). In brief, protein pellets were re-suspended in 20 µL 8 M urea (Sigma-Aldrich, St.
Louis, MO), then incubated with 2.5 mM tris(2-carboxyethyl)phosphine (Sigma-Aldrich, St.
Louis, MO) at 37 oC for 30 min and 5 mM iodoacetamide (Sigma-Aldrich, St. Louis, MO) for 30
min at room temperature (21 oC). LysC (Wako Chemicals, Richmond, VA) stock solution (2 µL
of 0.5 µg/µL) was added to each cross-linking sample at 37 oC for 2 h. The protein solution was
diluted into 100 mM Tris (Sigma-Aldrich, St. Louis, MO) and incubated with trypsin overnight
at 37 oC. Formic acid (0.1%, Sigma-Aldrich, St. Louis, MO) was added to the samples to quench
the digestion.
LC-MS/MS comprised of an Ultimate 3000 Nano LC system (Thermo Scientific Dionex,
Sunnyvale, CA) attached on-line to a Q Exactive Plus mass spectrometer (Thermo Fisher,
Waltham, MA) was used to analyze the cross-linked sample digests. A 5 µL aliquot of each
sample was loaded onto a guard column (Acclaim PepMap100, 100 µm × 2 cm, C18, 5 µm, 100
Å; Thermo Scientific Dionex) in Solvent A (water with 0.1% formic acid), and the peptides in
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the sample were then separated on a C18 reversed-phase column (Magic, 0.075 mm ×150 mm, 5
µm, 120 Å, Michrom Bioresources, Inc., Auburn, CA) custom-packed at a flow rate of 4.5
µL/min. A linear 90-min gradient from 5-95% solvent B (80% acetonitrile, 20% water, 0.1%
formic acid), followed by a 10-min hold at 95% solvent B, was used for peptide elution. After
elution, peptides were admitted into the mass spectrometer via a PicoView Nanospray Source
(PV550, New Objective, Inc., Woburn, MA) with a spray voltage of 1.8 kV. The mass
spectrometer was operated in the positive-ion mode with standard data-dependent acquisition
settings as described previously (Liu et al. 2016) with the following modifications: for each
precursor-ion scan, the top 15 ions with minimal intensity of 4 x 104 counts were selected for
fragmentation with an isolation width of 3.0 m/z and normalized collision energy of 30% of
maximum. Data processing and analysis used Protein Prospector (see references cited in (Liu et
al. 2016).

3.2.7 Protein Modeling
To gain insight into the NblA – PC binding modes, a two-step protein-protein docking
methodology was used to elucidate likely structural motifs. First, the NblA protein dimer was
globally docked from two potential starting configurations onto the PC monomeric sub-unit,
consisting of an α-PC and a β-PC protein monomer, with an additional β-PC protein necessary to
define the NblA binding pocket. Second, the most likely structural binding mode from each
starting configuration was retained and used as an initial structure for a local protein docking
routine. The best scoring structures from this local search were retained as the most likely
structural motifs for NblA – PC binding.
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3.2.8 Global Protein Docking
Initial models for the NblA protein dimer and the monomeric sub-unit of PC were from
the X-ray crystal structures for NblA from Synechococcus 7942 (PDB ID: 3CS5) (Dines et al.
2008) and PC from Synechococcus 7942 (PDB ID: 4H0M) (Marx and Adir 2013) were used. For
each of the two starting configurations was generated 100,000 globally docked models of the
NblA – PC binding motif, by using the protein-protein docking protocol (Gray et al. 2003; Wang
et al. 2007) implemented in the Rosetta 3.4 software package (Leaver-Fay et al. 2011).
To prepare for the docking simulation, initial structures were first relaxed with all heavy
atoms constrained using the Rosetta’s relax protocol. This initial step minimized steric clashes
due to irregularities in the X-ray crystal structures. Next, the docking partners were “pre-packed”
by using Rosetta’s docking prepack protocol, which moved the docking partners out of contact,
optimized the side chains, and then brought the docking partners back to their initial positions.
Subsequently, global protein-protein docking was performed by generating 100,000 decoys of
the NblA – PC binding motif. For global docking, the NblA dimer was moved out of contact
with PC, randomly oriented, and brought back into contact with PC. During this step, PC was
held in its initial orientation. Next, the rigid-body orientation of NblA was energy minimized,
and positions of NblA and PC side-chains were optimized before scoring the docked
conformation (Leaver-Fay et al. 2013).
For each starting conformation, the top 10 scoring structures were retained, and the
distance between residues K52 on NblA and T2 on β-PC was calculated to accommodate a crosslink between these residues. The ProDy package (Bakan et al. 2011) was used to extract atomic
level structure from residues K52 on NblA and T2 on β-PC, and estimate the cross-linking
distance from the centroids of the two residues. The cross-linking distance was ranked from
lowest to highest, and the binding motif with the lowest cross-linking distance was retained for
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subsequent local protein docking (Fig. 3.4 and Fig. 3.5) from global docking results for the two
starting conformations).

3.2.9 Local Protein Docking
By using the best globally docked NblA – PC structure from both starting conformations,
a second local protein docking search was performed. This refining step was similar to global
docking except that the NblA dimer was not randomly oriented prior to rotamer sampling and
side-chain optimization. Instead, the initial structure was randomly perturbed by using a
Gaussian function for the translational and rotational components, where starting structures were
within a 3 Å translation and an 8° rotation of the initial structure. Local protein docking was
performed for 25,000 decoys of the NblA – PC binding motif at each starting conformation. For
each starting conformation, the top 10 structures were sorted according to their total docking
scores, and the estimated cross-linking distance from K52 on NblA and T2 on β-PC was calculated
from the centroids of the two residues. The binding motifs with the lowest cross-linking distance
as candidate structures were retained.

3.3 Results
3.3.1 Overexpression and Purification of Fusion Protein
Overexpression and purification of fusion protein – To study the binding partners of
NblA, we expressed and purified NblA2973_His7 fusion protein in E. coli cells (Fig. 3.2a). SDSPAGE gels confirmed that NblA2973_His7 fusion proteins were purified well at the 7 kDa range
(Fig. 3.2b). Bottom-up proteomics (LC-MS/MS) analyses identified 100% of the NblA2973_His7
sequence (Fig. 3.2c).
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3.3.2 In Vitro Binding Assays and BS3 Cross-linking
To determine the specific amino acid residues involved in the binding interactions
between NblA and phycobiliproteins, we used isotopically labeled BS3 cross-linkers to capture
any transient protein-protein interactions. Affinity columns demonstrate that purified NblA from
Nostoc sp. PCC 7120 and Synechocystis sp. PCC 6803 bind to α- and β- PC, and APC proteins
from crude cell extracts (Baier et al. 2014; Bienert et al. 2005). BS3 are 11.4 Å spacers that have
reactive groups on both ends that form covalent bonds with the primary amines in lysine residues
and the N-termini of proteins (Leitner et al. 2014), and possibly the secondary amines in serine,
and tyrosine residues (Rappsilber 2011; Sinz 2006). Using a 1:1 mixture of BS3 labeled with 12
hydrogens and 12 deuteriums encodes the cross-linked peptides and facilitates the identification
of true cross-links. A true protein-protein interaction will be labeled 50% of the time with both
light (H12) and heavy (D12) forms of BS3. Consequently, a doublet that has a 12 Dalton shift will
show up in the mass spectra, indicating a real cross-link. Careful analysis of the MS2
chromatograms is required to identify and sequence correctly the peptides that are participating
in the binding reaction. SDS-PAGE and ZnSO4 enhanced UV illumination of bilin pigments
visualized that the binding of NblA to α- and β-PC was captured by 1 mM BS3 cross-linker in
vitro. Extensive optimizations of the ratios between proteins and cross-links were necessary to
produce true cross-links. A 7:1 molar ratio of NblA:PBS in the presence of 1 mM BS3 was the
best condition for capturing the binding between NblA and phycobiliproteins (Fig. 3.3).

3.3.3 Mass Spectrometry
Studies show that the N- and C- termini of NblA bind to the ClpC protease and
phycobiliproteins, respectively (Baier et al. 2014; Baier et al. 2004; Bienert et al. 2005; Karradt
et al. 2008) although older work suggests that NblA preferentially binds to only the α-PC (Luque
et al. 2003; Bienert et al. 2005). We used a combined pull-down assay, cross-linking, and MS
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work-flow to provide direct evidence that NblA binds to PBS, specifically NblA can actually
bind to the β-PC.
We analyzed the mass spectral doublet and MS2 fragmentation spectra to demonstrate
that K52 from NblA is cross-linked to T2 from β-PC (Fig. 3.6a and Fig. 3.6b). Manual
verification of the MS2 chromatograms allowed confident determination of this cross-link (Fig.
3.6c). This cross-link suggests that the C-terminus of NblA is in close proximity to the Nterminus of β-PC (i.e., MAHENIFK52GMIR (NblA) to T2FDAFTK (β-PC)) (Fig. 3.6d). The
“MIR” region in the C-terminus end of NblA plays a critical role in mediating PBS degradation.
Sequence alignment of NblA demonstrates that the “MIR” region is conserved (Bienert et al.
2005). R56C mutagenesis in NblA inhibits PBS degradation during nutrient step-down (Dines et
al. 2008). The M54 and R56 residues from NblA2973 are analogous to the L51 and K53 residues in
NblA7120, and mutagenesis of L51 and K53 prohibits binding of α-PC to NblA7120 (Bienert et al.
2005; Karradt et al. 2008). Intriguingly, the T2 from β-PC residue that is cross-linked to K52 from
NblA is located inside the PC trimer, indicating that NblA is able gain access to the interior
region of the PC rod via a hollow cavity inside the PC rod (Marx and Adir 2013), a region that is
not easily accessible to solvents.
We also found NblA-NblA cross-links by interrogating the extracted mass chromatogram
(Fig. 3.7a), where analysis of the MS2 fragmentations (Fig. 3.7b) indicates that
QK44MAHENIFK from NblA is cross-linked to M1LPPLPDFSLSVEQQFDLQK from NblA
(Fig. 3.7c and 3.7d). A cross-link between M1LPPLPDFSLSVEQQFDLQK from NblA to
MAHENIFK52GMIR from NblA also formed (not shown). These cross-links highlight how the
N-terminus of NblA is in close proximity to the C-terminus of NblA. These cross-links are
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consistent with the crystal structure of NblA, where the M1 – K44 and M1 – K52 residues are
within an acceptable distance for cross-links to form.

3.3.4 Modeling
Structural analysis of the cross-links revealed that the N-terminus of β-PC is located in
the interior region of the PC trimer, which is potentially accessible from above or inside the rod
structure (Fig. 3.8a). To initiate PC degradation, NblA needs to infiltrate the PC rod for the Cterminus of NblA to bind to the N-terminus of β-PC (Fig. 3.8a). A monomer of β-PC has a
groove on the left side located near the T2 position identified in cross-linking. This vacancy is of
similar shape to that of the α-helices near the C-terminus of an NblA dimer, and docking
calculations (Fig. 3.8b) reveal this geometrical arrangement to be conducive to NblA – PC
binding, as well as bringing the K52 residue on NblA in close proximity to T2 on β-PC. In
addition, the inside of the PC rod contains a groove near each of the T2 residues on β-PC,
indicating an alternative, or initial mode of NblA – PC binding (Fig. 3.8c). Detailed information
on the modeling approach is contained in the Experimental Procedures.

3.4 Discussion
The combined chemical cross-linking and MS approach is a powerful structural
proteomics tool used to investigate protein-protein interactions and establish low-resolution
structures and their conformational changes (Bricker et al. 2015; Sinz 2014). But despite the
powerful strengths of this method, there are many challenges to analyzing cross-links correctly.
For example, the tryptic digest of cross-linked proteins is an extremely complex mixture eveb for
LC-MS/MS analysis. In addition, cross-links tend to be in low-abundance compared to the unlinked peptides. Lastly, unambiguous identification can be difficult, especially with a large
candidate protein database. To obviate these problems, we used a mixture of isotopically labeled
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BS3 and Protein Prospector, taking advantage of the characteristic doublet in the mass
chromatograms in a high-throughput manner.
In this study, we were particularly interested in discovering where NblA binds to the PBS
complex to understand how NblA regulates PBS degradation. We induced a C-terminal Histagged NblA protein from Synechococcus 2973 by 1 mM IPTG at low temperatures for several
days (Fig. 3.2a). We then purified NblA2973_His7 from E. coli with the assistance of urea to
increase the solubility and yield (Fig. 3.2b). Optimizations of the molar ratios of NblA2973_His7,
isolated PBS complexes from Synechococcus 2973, and BS3 cross-linker demonstrated that the
key factor to cross-link formation is the cross-linker concentration. In the absence of the
isotopically labeled BS3 H12/D12 cross-linker, we observed a faint band with an approximate MW
of 34 kDa. The presence of 1 mM BS3 encouraged the formation of a denser band, suggesting
that BS3 captured the transient protein-protein interactions in the cross-linking reactions. We
assign a band at 34 kDa to a PC hetero-dimer. In addition, the large band that migrated
corresponding to 21 kDa is a combination of α- and β- PC and α- and β- APC (Fig. 3.3). There
may be other cross-linked products that simply were not resolved by SDS-PAGE and ZnSO4
enhanced UV illumination of bilins.
MS analysis of the cross-link samples provided direct evidence that NblA interacts with
the PBS complexes, and we were able to assign the specific amino acid residues participating in
the binding sites. To start, the M1 – K44 (Fig. 3.7d) and M1 – K52 cross-links between NblA-NblA
confirm that NblA was properly refolded on the column after solubilization by urea. In addition,
the K52 –T2 (Fig. 3.6d) cross-link between NblA-β-PC is intriguingly positioned in the central
cavity of the PC rod. Protein docking studies suggest that NblA fits in the open groove near the
N-terminus of β-PC, via one or a combination of structural mimicry (Dines et al. 2008), binding
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to conserved residues (Karradt et al. 2008), electrostatic-binding association, and/or van der
Waals’ forces. The open groove is also in close proximity to the N-termini of both α and β-PC.
Interestingly, studies in Nostoc sp. PCC 7120 show that NblA binds to amino acid residues 16-39
of α-PC (Bienert et al. 2005). NblA binding inside the hollow cavity of the PC rods has
implications about the structural rearrangement and degradation of PBS complexes.
Given that NblA only functions as a proteolysis adaptor, the key factors that actually
degrade phycobiliproteins belong to the Clp proteasome system. ClpC is an essential protein
chaperone (Karradt et al. 2008) that is constitutively expressed in microbes and plants (Olinares
et al. 2011). After activation by NblA, ClpC chaperones oligomerize into NblA/ClpC heterohexamers that are several hundred kDa in size (Kirstein et al. 2006; Karradt et al. 2008). Crosslinking studies demonstrate that ClpC binds to PBS complexes (Stanne et al. 2007), and confocal
imaging shows that NblA co-localizes to photosynthetic membranes where PBS complexes are
present (Sendersky et al. 2014). These findings imply that NblA facilitates the interactions
between ClpC and phycobiliproteins (Karradt et al. 2008) in PBS complexes that are still
attached to the thylakoid membrane. ClpC has the ability to unfold and shuttle proteins to the
ClpP catalytic protease core, which is usually located in the membrane (Olinares et al. 2011). It
appears unlikely that these large NblA/ClpC complexes could fit inside the inner hollow cavity
of the PC rod if PBS complexes are rigid structures. Perhaps during nutrient stress, PBS
complexes undergo a conformational change. For instance, the extension or disassociation of the
linker proteins that hold the massive PBS complexes together may possibly allow NblA the
opportunity to enter the hollow cavity of the PC rod during nutrient stress. NblA binding may
also disrupt the structural integrity of the entire PBS complex to make the structure more
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accessible for degradation. Although compelling, experimental verification is needed for several
aspects of this model.
In summary, we successfully discovered that NblA binds to the interior region of the
central cavity of the PC rods (Fig. 3.8). This finding presents new directions of research to
elucidate the sequential mechanism of how NblA mediates PBS degradation. To start, how many
copies of NblA binds simultaneously to the PC rods remains a mystery. Densitometric analyses
of the LiDS gels of His6-NblA1-phycobiliprotein complexes from Tolypothrix PCC 7601
indicate that the molar ratio of NblA1/PC(α+β) is 0.65, after corrected for the difference in
molecular mass between these subunits (Luque et al. 2003). This suggests that the number of
NblA needed to trigger PBS degradation is less than the amount of PC available. Binding
between NblA and APC proteins were not detected by gels in Tolypothrix sp. PCC 7601 (Luque
et al. 2003). But recent imaging studies have shown that NblA can actually interact with the APC
proteins (Sendersky et al. 2015). Further analysis of NblA binding to the APC core would
provide greater insights on how NblA triggers degradation of the PBS complexes. Lastly, the
mechanistic details of how ClpC/NblA hetero-oligomer denatures and shuttles phycobiliproteins
to the proteolytic catalytic center is unclear. Continued explorations of how the Clp proteasome
system regulates the levels of phycobiliproteins would offer more insights into the roles of Clp
proteins in cyanobacteria, other eubacteria and plants.
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Table 3.1: Strains, plasmids, and oligonucleotides.
Strains, plasmids, or
oligonucleotides

Description

Source of
reference

Synechococcus 2973

Wild-type fast growing cyanobacterium

(Yu et al. 2015)

Synechococcus 2973
ΔnblA

Fast growing cyanobacterium with nblA deleted

(Yu et al. 2015)

DH5αMCR E. coli

Background strain

Transformed pET21a/
NblA2973_His7

E. coli transformed with expression vector
carrying nblA2973_His7

Strains

This reference

Plasmids
pET21a

Expression vector containing multiple cloning
sites

pET21a/ NblA2973_His7

Vector for expression of nblA2973_His7

This reference

Oligonucleotidesa
# nbl1: NblA.TEV.His.F

AGATATACATatgctcccccctctccccg

# nbl2: pET21a.R

gggggagcatATGTATATCTCCTTCTTAAAGTTAAAC

# nbl3: pET21a.F

GAGAACCTGTACTTCCAGGGCAGTAGTCACCACCACCACC
ACCAC

# nbl4: NblA.TEV.His.R ACTACTGCCCTGGAAGTACAGGTTCTCacttccttggcgaatcatgC
a

Oligonucleotides read in 5’ to 3’ direction.
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Figure 3.1: Plasmid map of the overexpression of NblA2973_His7 strain.
ORF of nblA was appended with a C-terminal TEV and His tag in the pET21a expression vector.
The T7 promoter was used to overexpress nblA.
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Figure 3.2: Induction, purification, and LC-MS/MS analysis of NblA2973_His7.
a The soluble NblA2973_His7 7-kDa fusion protein was induced with 1 mM IPTG (lanes 5-9) for
96 hours at 16oC, as shown by SDS-PAGE and Coomassie Blue R250 staining. b 2 M urea
solubilized the NblA2973_His7 that was trapped in the pellet fraction after sonication (lane 5).
NblA2973_His7 was washed and refolded extensively on the column before elution. The molecular
mass and purity of NblA2973_His7 (lane 1) was verified by SDS-PAGE and Coomassie Blue
R250 staining. c In-gel digestion of purified NblA2973_His7 was carried out for bottom-up
proteomics. 100% coverage of the protein was detected. Abbreviations: L – Ladder, CL – Cell
Lysate, FT – Flow Through, S – Supernatant, W – Wash, and E – Elution.
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Figure 3.3: In vitro binding and cross-linking of NblA and phycobiliproteins.
NblA2973_His7 bound NTA-Ni resin was incubated with isolated PBS from Synechococcus 2973
in the following concentrations of BS3: 0 mM (-), 0.5 mM (+), and 1.0 mM (++). Higher
concentration of BS3 yielded higher molecular weight bands, suggesting that cross-links between
NblA2973_His7 and PBS2973 had formed.

103

Figure 3.4: Docking results of an NblA dimer globally docked to α-PC/β-PC monomer for
orientation I.
a Best globally docked pose sorted by lowest cross-linking distance [RCL] between residue K52
of NblA (green) and residue T2 of β-PC (pink) after extracting the top ten scoring structures from
100,000 docked poses from initial orientation I. Total docking score [DockSc] and interface score
[IntSc] are also reported for the pose in addition to cross-linking distance [RCL]. b Total docking
score for the 100,000 globally docked poses vs. RMSD [Å] from initial orientation I, and
Interface score for the 100,000 globally docked poses vs. RMSD [Å] from initial orientation I.
The location of the best globally docked pose from orientation I is circled in red on both plots. c
Best globally docked pose sorted by lowest cross-linking distance [RCL] between residue K52 of
NblA (green) and residue T2 of β-PC (pink) after extracting the top ten scoring structures from
100,000 docked poses from initial orientation II. Total docking score [DockSc] and interface
score [IntSc] are also reported for the pose in addition to cross-linking distance [RCL]. d Total
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docking score for the 100,000 globally docked poses vs. RMSD [Å] from initial orientation II,
and Interface score for the 100,000 globally docked poses vs. RMSD [Å] from initial orientation
II. The location of the best globally docked pose from orientation II is circled in red on both
plots.
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Figure 3.5: Docking results of an NblA dimer globally docked to α-PC/β-PC monomer for
orientation II.
a Best locally docked pose sorted by lowest cross-linking distance [RCL] between residue K52 of
NblA (green) and residue T2 of β-PC (pink) after extracting the top ten scoring structures from
25,000 docked poses from initial orientation I. Total docking score [DockSc] and interface score
[IntSc] are also reported for the pose in addition to cross-linking distance [RCL]. b Total docking
score for the 25,000 locally docked poses vs. RMSD [Å] from initial orientation I, and Interface
score for the 25,000 locally docked poses vs. RMSD [Å] from initial orientation I. The location
of the best locally docked pose from orientation I is circled in red on both plots. c Best locally
docked pose sorted by lowest cross-linking distance [RCL] between residue K52 of NblA (green)
and residue T2 of β-PC (pink) after extracting the top ten scoring structures from 25,000 docked
poses from initial orientation II. Total docking score [DockSc] and interface score [IntSc] are also
reported for the pose in addition to cross-linking distance [RCL]. d Total docking score for the
25,000 locally docked poses vs. RMSD [Å] from initial orientation II, and Interface score for the
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25,000 locally docked poses vs. RMSD [Å] from initial orientation II. The location of the best
locally docked pose from orientation II is circled in red on both plots.
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Figure 3.6: C-terminus of NblA2973_His7 binding to the N-terminus of β-PC.
a 12 Dalton mass shift doublet in MS1 chromatogram suggests a real cross-link has been
detected. b MS2 fragmentations of the isotopic peaks from MS1. c In-depth analysis of all the
fragments from the MS2 confirms the identity of the two proteins participating in the binding
reaction. d Illustration of the T2 β-PC and M52 NblA residues are participating in the crosslinking reaction.
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Figure 3.7: C-terminus of NblA2973_His7 binding to the N-terminus of NblA.
a 12 Dalton mass shift doublet in MS1 chromatogram suggests a real cross-link has been
detected. b MS2 fragmentations of the isotopic peaks from MS1. c In-depth analysis of all the
fragments from the MS2 confirms the identity of the two proteins participating in the binding
reaction. d Illustration of the M1 NblA and K44 NblA residues are participating in the crosslinking reaction.
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Figure 3.8: Molecular Docking of NblA Dimer to PC.
a X-ray structure of Phycocyanin (PC) from Synechococcus 7942 (PDB ID: 4H0M), showing top
and side view of hexameric structure. Monomeric sub-unit highlighted including one α-PC (blue)
and one β-PC (pink), with an additional β-PC (pink) to define the NblA binding pocket. The Nterminus of β-PC is located in the interior hollow cavity of the PC rod. b X-ray structure of NblA
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dimer from Synechococcus 7942 (PDB ID: 3CS5), where residue K52 is highlighted due to crosslink with β-PC. c Protein-protein docking protocol using RosettaDock. Two initial orientations
are chosen, simulating an NblA dimer (green) docking to PC from above (orientation I) and from
inside the rod (orientation II). First, 100,000 globally docked candidates structures are generated,
sorted by docking score and subsequently sorted by closest cross-link between T2 (β-PC) and K52
(NblA). Global docking details are presented in Fig. S2. Second, the best globally docked
candidate is the initial structure for generating 25,000 locally docked candidate structures, sorted
again by docking score and subsequently sorted by closest cross-link between T2 (β-PC) and K52
(NblA). For orientation II, the trimeric PC structure (three sub-units each of α-PC and β-PC) is
used to accurately define the NblA binding pocket inside the PC rod. Local docking details are
presented in Fig. S3. d Binding candidates for NblA dimers docked to PC from the two initial
orientations. Residues T2 from β-PC and K52 from NblA are highlighted due to cross-link.
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Chapter 4
Conclusions and Future Directions
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4.1 Introduction
The goal of our studies was to investigate the protective mechanisms used by
cyanobacteria to overcome environmental stresses. Protein post-translational modifications
(PTMs) and catabolism play a key role in maintaining cell homeostasis, but these processes are
poorly understood. For this dissertation, we focused on the following two research areas: 1)
dynamic site-specific redox changes on protein thiols that inactivate/activate protein functions
and 2) disassembly of massive light harvesting apparatuses. By developing and optimizing
powerful proteomics work-flows, we have created a global map of the redox states of thiols
under different oxidizing conditions and discovered the binding partners of NblA, a proteolysis
adaptor. A comprehensive list of all redox-sensitive Cys residues in a model cyanobacterium was
determined, which provided insights into the broad and massive signaling network that promotes
cell acclimation to environmental perturbations. Given that numerous phycobiliproteins have
redox-active protein thiols, we explored the mechanism of how the PBS complexes become
degraded. Our biochemical and mass spectrometry (MS) studies provided direct evidence that
NblA interacts specifically to the N-terminal end of β-PC, a region inside the central cavity of
the PC rod. This finding offers insights in the structural rearrangements the PBS complexes may
have during nutrient deprivation.

4.2 Redox Regulation
Light is the driving force that powers photosynthesis and is known to modify the redox
environment in the cell, which impacts the photosynthetic electron transport (PET) chain and
photosystems stability. Alterations of the redox environment occur because photosynthesis
operates in the presence of strong oxidants and reductants that lead to the production of
damaging chemically reactive species. Upon light activation, electrons flow through the PET
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chain, and are transferred to enzymes like ferredoxin, then ferrodoxin-thioredoxin reductase,
which then reduce a crucial enzyme call thioredoxin (Trx), which has two Cys in its active site
(Buchanan 1991). The reduced state of thioredoxin is responsible for redox-dependent regulation
of thiol enzymes.
Redox signaling is the science of cellular communication and information processing
involving the electron-transfer processes. Redox-based PTMs are conserved throughout
evolution and influence many aspects of cellular physiology (Stamler et al. 2001). Thiol redox
state plays essential roles in the regulation of metabolic, signaling, and transcriptional process in
cells (Buchanan and Balmer 2005). Crucial biological processes like photosynthesis, cellular
metabolism, and gene expression are regulated by the redox states of proteins.

4.2.1 Reversible Protein Thiol Oxidations
During active photosynthesis, cyanobacteria and chloroplasts experience highly oxidizing
conditions that undoubtedly promote significant PTMs in proteins. Reversible reduction and
oxidation of proteins enable thiol residues to serve as dynamic redox switches. The emerging
principle of redox regulations revolves around the concept that proteins thiols undergo reversible
PTMs that affect protein functions. Which lead to the suggestion that thiols act like sub-cellular
redox switches. The term “reversible redox switches” have been coined to describe how the
dynamic redox state changes of protein thiols may determine the inactivation/activation of
enzymatic reactions. The types of Cys modifications are diverse. For example, the thiol side
chain in cysteines can become oxidized to acids, form disulfide bonds, or interact with RNS and
GSH to become mixed disulphides (Dalle-Donne et al. 2009). There are other different types of
redox modifications on proteins thiols. Unraveling the dynamics of such modifications should
provide a comprehensive understanding of how proteins protect cells from redox stresses.
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4.2.2 Quantification of Redox Protein Thiols
We developed and optimized a method to detect on a global-scale oxidized Cys peptides.
We accomplished this by enriching oxidized Cys peptides on a column and using quantitative
isobaric labeling to quantify the extent of oxidation on individual thiols and redox dynamics
under different oxidizing conditions. Cells were grown in optimal conditions to the exponential
growth phase, and then exposed to one of three conditions: 1) continuous light, 2) continuous
dark, and 3) continuous light and a chemical inhibitor DCMU (3-(3,4-dichlorophenyl)-1,1dimethylurea). Continuous light allows pigment proteins to initiate photosynthesis, which creates
a reducing environment as enzymes along the PET chain gains electrons. Continuous darkness
promoted an oxidizing environment since water cannot be split to yield electrons that could pass
through the PET chain. The presence of DCMU in continuous light artificially creates an
enhanced oxidizing environment since the chemical completely inhibits photosynthesis.
A resin-assisted thiol-affinity enrichment followed by LC-MS/MS analyses of four
biological replicates collectively led to the identification and quantification of 1,060 out of 3,672
predicted proteins in Synechocystis 6803 (i.e. 28.9%), among them more than half of the proteins
were redox-sensitive. A quantitative and site-specific analysis of ~2,100 Cys sites across diverse
protein functional processes provides a detail map of redox sensitive protein thiols that are
switched on and off by redox processes. This data facilitates the discovery of factors responsible
for protecting cells from ROS damage and provides a broad quantitative picture of thiol-based
redox regulation in photosynthetic organisms. There are consistent increases in the levels of Cys
thiol oxidation in the dark compared to the light condition. DCMU inhibition leads to further
increase in the level of oxidation. Fig. 2.2a illustrates that peptides are more oxidized under dark
and DCMU conditions compared to the light condition. About ~1,000 out of the ~2,100 peptides
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detected were classified as redox sensitive residues because of their 1.5 fold change in oxidation
levels in both dark against light and in DCMU against light.
The changes of Cys oxidation levels demonstrate that protein thiols are less reduced after
a switch to darkness or in the presence of DCMU, which is probably caused by the interruption
of electron flow through the PET chain. Our large-scale proteomic map is a valuable tool that
helps scientists focus on select dynamic redox changes in protein thiols to investigate how cells
cope with environmental stresses.

4.2.3 Broad Redox Regulation
We used the DAVID online tool to perform bioinformatics analysis on our large dataset
to identify the functional information about our 523 redox-sensitive proteins. Of the 523
significantly oxidized, 316 proteins have broad functional annotations that confirm they
participate in different processes that are regulated by Trx, such as, amino acid biosynthesis,
vitamin biosynthesis, starch degradation, glycolysis, DNA replication, Calvin cycle, nitrogen
metabolism, sulfur metabolism, fatty acid biosynthesis, pentose phosphate cycle, and oxidative
stress. ~200 proteins identified as redox-sensitive have unknown functions. Redox changes of
protein thiols from enzymes in the PET chain control many known processes in an oxygenic
photosynthetic organism. Of particular interest is the increased oxidation of Cys residues from
phycobiliproteins in darkness and DCMU compare to the light conditions. Out of 13 types of
phycobiliproteins, we have identified 10 redox-sensitive Cys residues of interest from 7 different
phycobiliproteins; 3 are novel redox-sensitive proteins; 4 have been found by earlier studies; 2
additional phycobiliproteins are regulated by thioredoxin, but are not redox-sensitive. All of
these redox-sensitive residues have a 1.5+ fold change for dark/light and DCMU/light.
Consequently, phycobiliproteins were chosen for in-depth characterizations.

116

4.3 PBS Structure and Function
The light harvesting PBS complexes in cyanobacteria form massive multi-subunit
structures on the stromal side of the thylakoid membrane. The major components of PBS
complexes are brilliantly colored blue phycocyanin (PC), blue-green allophycocyanin (APC),
and in some cyanobacteria, red phycoerythrin (PE). Multiple copies of these different
phycobiliproteins and color-less linker proteins assemble into a 3-7 Mega Dalton holo-complex
(Adir et al. 2006).
PBS complexes can account up to half of the total soluble proteins in cells and serve as a
large internal nutrient reserve for cells (Grossman et al. 1993). During nutrient stresses,
proteolysis of PBS promotes cell survival. Within hours after nitrogen, sulfur, or phosphorous
starvation, cyanobacteria bleach as their PBS complexes are degraded (Allen and Smith 1969).
This process frees up essential proteins for the maintenance of essential metabolic activities and
uncouples PBS from the photosystems to prevent excessive photo-oxidative damage to the
important photosynthetic protein machineries in the thylakoid membranes (Adir et al. 2003).

4.3.1 NblA Binding
Genetic screens for mutants that are unable to degrade their PBS complexes during
nutrient starvation helped discovered NblA, a integral player in the molecular pathway of PBS
degradation (Collier and Grossman 1994). As a soluble 7-kDa proteolysis adaptor, NblA,
triggers the degradation of PBS by facilitating the interactions between a protease chaperone,
ClpC, and a phycobliprotein (Karradt et al. 2008; Baier et al. 2004). But how NblA mediates
PBS degradation is poorly understood. To investigate the binding partners of NblA, C-terminal
His-tagged NblA was overexpressed, purified, bound to Ni-NTA resin, and incubated with
isolated PBS. Phycobiliproteins that interacted with NblA were pull-downed and chemically
cross-linked with an isotopically labeled BS3 cross-linker. LC-MS/MS analysis was performed in
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collaboration with proteomics experts from the MS facility at Washington University in St.
Louis. A cross-link between the C-terminal end of NblA and N-terminal end of β-PC provided
direct evidence NblA binds to the PBS complex. Specifically, NblA binds to the inner core
cavity of the PC rod, a region that is structurally not readily accessible. Protein docking
experiments with modeling experts in the Department of Biological Engineering at MIT
demonstrated that NblA fits best in a groove between the α- and β-PC subunits that is potentially
accessible from above or inside the PC rod structure. This finding insinuates that the PBS
complex is dynamically changing to allow NblA access to the inner cavity of the PC rod. NblA
may be able bind and disrupt the structural integrity of the PBS complexes via the alpha helical
structural mimicry they share with phycobiliproteins (Dines et al. 2008), highly conserved amino
acid residues (Karradt et al. 2008), electrostatic interactions, and/or van der Waals interactions.

4.3.2 PBS Degradation Mechanism
The proteolysis of the light harvesting antennas in cyanobacteria is initiated immediately
after nutrient step-down as the expressions of the nblA gene (Collier and Grossman 1994) and
NblA protein (Baier et al. 2001) are up-regulated. A possible NblA-mediated PBS degradation
model could begin with the hetero-oligomerization of NblA with ClpC, an ATP-dependent
chaperon (Stanne et al. 2007; Karradt et al. 2008). Upon forming large hexamers, the NblA-ClpC
structure migrates and interacts with the PBS complexes in a way where the C-terminus of NblA
binds to the N-terminus of β-PC, a region that is potentially accessible from above or inside
interior hollow cavity of the PC rod (Fig. 3.8). Our protein docking modeling suggests that the
K52 residue in NblA best fits in an internal groove within the PC structure that is near the T2
residue in β-PC. Upon NblA binding to β-PC, ClpC would be able to denature the
phycobiliprotein in preparation for degradation by the Clp protease. The PBS complex must be
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dynamically undergoing conformational changes for the NblA-ClpC hetero-oligomer to enter the
internal hollow cavity of the PC rod.

4.4 Implications
Cyanobacteria are microscopic prokaryotes that have the potential to produce massive
amounts of chemical energy by harvesting light energy to initiate photosynthesis. Combined with
their remarkably fast growth and minimal nutrient requirements, cyanobacteria are ideal model
organisms for biofuels research. Our investigations have provided insights into a significant
signaling network in cyanobacteria. MS analysis of the in vivo redox reactions demonstrated
thiol-based redox regulation and signaling control a broad range of cellular processes. In
addition, our global map contains data on the specific protein thiols that are modified during
redox stress. Knowledge of key redox active Cys residues in proteins that sensitive to redox
signaling offers scientist the opportunity to strategically focus on key factors that affect their
functional area of interest.
One area of great bioengineering interest is the optimization of photosynthesis by finetuning the light harvesting apparatuses in photosynthetic organisms during environmental
stresses. Given how numerous phycobilproteins have redox-sensitive protein thiols, we explored
the regulation of PBS complexes inactivation and turnover. NblA-mediated PBS degradation
intriguing revolves around a very small proteolysis adaptor that could trigger the degradation of
massive PBS complexes. An understanding of how NblA tags phycobiliproteins for degradation
could potentially open the doors for precise manipulation of protein proteolysis. This could
transform the world of synthetic and systems biology by degrading toxic protein intermediates
build-up or inactivation of select proteins on cue.
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4.5 Future Directions
Dynamic protein modifications and degradation facilitate cell survival during
environmental perturbations. Recent advances in MS made it possible to analyze transient in
vitro and in vivo protein modifications. The redox state of protein thiols have proven to play a
crucial role in the activation/inactivation of protein functions. We have developed an optimized
redox proteomics work-flow that captured on a large-scale the redox states of all free Cys
residues in Synechocystis 6803. This global map of redox-sensitive protein thiols provides a
comprehensive signaling network of an internal communication pathway cyanobacteria depend
on to acclimate to light stress. However, characterizations of the redox-sensitive protein thiols
are necessary to verify their role in protein function. In addition, our cross-linking and MS data
had shown that NblA binds to β-PC in a region that is located in the hollow cavity of the PC rod.
How NblA enters the inside of the PC rod is still a mystery.

4.5.1 Redox Signaling Network Map
In response to environmental stimuli, cells rely on redox signaling as an in vivo form of
communication. Characterization of redox-sensitive protein thiols detected by our redox
proteomics experiments would be a great future aim. Given the broad regulation of protein thiols,
Cys residues from specific biological pathways could be strategically examined to create
functional redox signaling network map. These network maps would be invaluable tools to
deciphering the roles of the Cys proteome. For instance, our redox proteomics studies have
elucidated numerous redox-sensitive protein thiols in various phycobiliproteins. Mutagenesis of
these Cys residues combined with 77 K fluorescence emission spectroscopy could examine the
energy transfer between PBS to PSII and PSI. Given that fluorescence occurs during the transfer
from energy from one pigment to another pigment, increases in fluorescence may suggest
increases in energy transfer.
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In addition, Trx proteins are master regulators of redox signaling due to their ability to
modify the redox states of protein thiols. By investigating the most redox-sensitive protein thiols
from the global redox map we created in Chapter 2, we could discover new Trx-like proteins.
These Cys residues in cyanobacteria could be mutated to serine, given their similar amino acid
structures. Then the following analyses could help determine the roles of these Cys residues of
these point mutants: growth rates, PSII/PSI ratios, kinetic spectroscopic measurements of PSII
and PSI activities, oxygen evolution and consumption, and 77 K fluorescence emission
spectroscopy. Discovery of novel Trx-like proteins would help paint a more complete picture of
how the redox states of protein thiols are modified.

4.5.2 Protein Proteolysis
Our intriguing discovery that NblA interacts with the N-terminal end of β-PC, a region
that is structurally located inside the hollow cavity of the PC rod, presents new research
directions. A future investigation could explore the conformational changes within PC and APC.
Any structural rearrangements that these linker proteins may have during nutrient stress are
poorly understood. Several different color-less linker proteins play an integral role in assembling
the massive PBS complexes together. Possible extensions of these linker proteins may promote
openings in the PC subunits that allow NblA access to the interior regions of the PC rod. Another
direction could examine where NblA interacts with APC. Whether NblA interacts with only the
proteins located on the surface or if it could bind with the proteins inside the core is unknown. In
addition, knowledge of how many copies of NblA that are necessary to initiate PBS degradation
could provide immense insights on how a small NblA dimer could trigger such drastic
remodeling of the massive light harvesting antennas in cyanobacteria. Lastly, the Clp proteasome
system regulates protein turnover in countless organisms from eubacteria to plants, but little is
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known how Clp proteins degrade PBS complexes. Continued research in NblA-mediated PBS
degradation could possibly reveal information on how Clp proteins dispose unwanted proteins in
cyanobacteria.

4.5.2 Application to Industry Needs
How photosynthetic microorganisms optimize their cellular metabolism in response to
adverse environmental conditions is an area of great interest in the field of bioenergy. A major
challenge to engineering microbial factories for production of biochemicals is the low yield,
which is cost-prohibitive for large-scale production. The ability to control the level of outputs in
an organism by fine-tuning the redox states of protein thiols and protein turnover would promote
innovation in mixotrophic microbial platforms for energy production.
Future high performing microbial chassis could have three key features. First, dynamic
modulations between rapid cell growth to synthesis of a highly valued product, depending on the
levels of an exogenous inducer. Second, programmed protective mechanisms through
modifications of protein thiols and protein degradation to minimize levels of lethal intermediates.
Third, a molecular sensor that prevents low-performing cells access to nutrients, thus leading to
cell death, to account for productivity variations between cells (Xiao et al. 2016). Only cells that
produce high titers of a preferred molecule can consume nutrients and live. These fine-tuning
capabilities will decrease production time and enable efficient usage of nutrients to drastically
reduce production costs. Overall, cross-functional teams could create a high throughput pipeline
that designs, synthesizes, and tests cells. The objective is to identify strains with fast growth, low
nutrient needs, and high production of bioenergy, which are all crucial features in the creation of
scalable microbial factories.
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Appendix A
Structural Basis and Evolution of Regulation
in Plant Adenosine-5’-Phosphosulfate Kinase

This work was originally published in the Proceedings of National Academy of Sciences.
Geoffrey E. Ravilious, Amelia Y. Nguyen*, Julie A. Francois, Joseph M. Jez. Structural Basis
and Evolution of Redox Regulation in Plant Adenosine-5'-Phosphosulfate Kinase. Proceedings
of National Academy of Sciences. 2012. 109(1):309-14. © National Academy of Sciences, USA.
*A.Y.N. cloned, overexpressed, and purified SynAPSK, performed the kinetics experiments, and
analyzed the data.
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A.1 Introduction
A.1.1 Abstract
Adenosine-5’-phosphosulfate (APS) kinase (APSK) catalyzes the phosphorylation of
APS to 3’-phosphoadenosine-5’-phosphosulfate (PAPS). In Arabidopsis thaliana, APSK is
essential for reproductive viability and competes with APS reductase to partition sulfate between
the primary and secondary branches of the sulfur assimilatory pathway; however, the
biochemical regulation of APSK is poorly understood. The 1.8 Å resolution crystal structure of
AtAPSK in complex with AMP-PNP, Mg2+, and APS provides the first view of the Michaelis
complex for this enzyme and reveals the presence of an intersubunit disulfide bond between
Cys86 and Cys119. Functional analysis of AtAPSK demonstrates that reduction of Cys86Cys119 resulted in a 17-fold higher kcat/Km and a 15-fold increase in Ki for substrate inhibition by
APS compared to the oxidized enzyme. The C86A/C119A mutant was kinetically similar to the
reduced wild-type enzyme. Gel- and activity-based titrations indicate that the midpoint potential
of the disulfide in AtAPSK is comparable to that observed in APS reductase. Both cysteines are
invariant among the APSK from plants, but not other organisms, which suggests redox-control as
a novel regulatory feature of the plant APSK. Based on structural, functional, and sequence
analyses, we propose that the redox-sensitive APSK evolved after bifurcation of the sulfur
assimilatory pathway in the green plant lineage and that changes in redox environment resulting
from oxidative stresses may affect partitioning of APS into the primary and secondary thiol
metabolic routes by having opposing effects on APSK and APS reductase in plants.

A.1.2 Sulfur Metabolism
Sulfur is an essential element for all living organisms and is required for the biosynthesis
of a diverse array of metabolites and macromolecules (Leustek et al. 2000; Yi et al. 2010a; Yi et
al. 2010b; Takahashi et al. 2011). Plants and prokaryotes are the primary assimilatory organisms
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that convert inorganic sulfate (SO42-), the predominant form of environmental sulfur, into
physiologically useful forms of sulfur (Patron et al. 2008; Marzluf 1997). The metabolic
organization of sulfur assimilation varies among plants and microbes (Fig. A.1) (Leustek et al.
2000; Yi et al. 2010a; Yi et al. 2010b; Patron et al. 2008; Takahashi et al. 2011; Marzluf 1997;
Sekowska et al. 2000; Bick et al. 2000). In yeast, fungi, and enterobacteria, including
Escherichia coli, sulfate is incorporated into adenosine-5'-phosphate (APS), then converted to 3’phosphoadenosine-5’-phosphosulfate (PAPS) as a biologically "activated" compound that is
reduced to sulfide (Marzluf 1997; Sekowska et al. 2000). In other sulfate-assimilating bacteria,
such as Pseudomonas aeruginosa, APS can be used for reduction of sulfide (Bick et al. 2000).
Plants possess bifurcated thiol metabolism pathways, which may reflect the metabolic needs of
sessile organisms adapted to a range of environmental stresses and nutrient fluctuations (Fig.
A.1) (Patron et al. 2008). These pathways branch after formation of APS. The primary sulfur
metabolic route in plants uses APS as the activated high-energy compound for sulfur reduction
and the production of cysteine, which is crucial for the synthesis of proteins, methionine, ironsulfur clusters, vitamin cofactors, and compounds that protect against oxidative stresses,
including glutathione and phytochelatin peptides (Noctor and Foyer 1998; Meyer 2008; Cobbett
and Goldsbrough 2002; Galant et al. 2011). Alternatively, APS can be converted into PAPS to
provide a sulfate-donor for the modification of multiple natural products, brassinosteroid and
jasmonate hormones, phytosulfokines, and other sulfonated molecules (Klein and Papenbrock
2004; Halkier and Gershenzon 2006; Amano et al. 2007). Partitioning of sulfate at the branchpoint between primary (reductive) and secondary metabolic pathways in plants is controlled by
APS reductase (APSR) and APS kinase (APSK), respectively (Rausch and Wachter 2005;
Mugford et al. 2011).
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APSR catalyzes the glutathione-dependent reduction of APS to sulfite (SO32-) and AMP.
Extensive studies of APSR in plants demonstrate a critical role for this enzyme in regulating flux
through the primary sulfur assimilatory pathway (Bick et al. 2001; Martin et al. 2005; Loudet et
al. 2007; Scheerer et al. 2010). Modulation of activity by redox changes in the APSR from
Arabidopsis thaliana (AtAPSR) occurs through a regulatory disulfide bond, which upon
reduction attenuates activity (Bick et al. 2001). Additional evidence suggests that APSR is
important for supplying reduced sulfur under stress conditions, such as nutrient deprivation and
chilling (Phartiyal et al. 2008). Conversely, application of cysteine and glutathione to
Arabidopsis results in decreased APSR transcript levels and activity (Vauclare et al. 2002). In
contrast to APSR, the role of APSK in plant thiol metabolism has only begun to be examined.
Recent studies in Arabidopsis revealed that APSK is essential for plant reproduction and
viability (Mugford et al. 2011; Mugford et al. 2009; Kopriva et al. 2009; Mugford et al. 2010).
Use of T-DNA knockout lines targeting each of the four AtAPSK isoforms established a
connection between this branch of sulfur metabolism and glucosinolate biosynthesis (Mugford et
al. 2009; Yatusevich et al. 2010). Subsequent analysis of triple AtAPSK knockout lines
demonstrated that AtAPSK1 alone could maintain wild-type levels of growth and development
in Arabidopsis (Mugford et al. 2010). Moreover, measurements of flux through the primary
sulfur assimilation pathway was increased when APSK activity was reduced, which implies that
alterations in either APSR or APSK activity aids in partitioning of sulfur between the two
branches of thiol metabolism (Mugford et al. 2011).
In plants, the biochemical regulation of APSK is not well understood and no study to date
has linked stress conditions to the control of its activity. APSK catalyzes the transfer of the γphosphate from ATP to the 3’-hydroxyl group of the APS adenine ring to yield PAPS and ADP.
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The reaction sequence suggested by kinetic studies of the APSK from Penicillium chrysogenum,
E. coli, and A. thaliana follows an ordered mechanism with substrate inhibition by APS
(Satishchandran and Markham 1989; Lillig et al. 2001; MacRae and Segel 1999). Although no
structural information for a plant APSK is available, x-ray crystal structures of the P.
chrysogenum APSK and bifunctional ATP sulfurylase-APSK from human, Aquifex aeolicus and
Thiobacillus denitrificans have been determined and reveal a canonical a/b purine nucleotide
binding fold (MacRae et al. 2000; Lansdon et al. 2002; Yu et al. 2007; Gay et al. 2009; Sekulic
et al. 2007a; Sekulic et al. 2007b). For the bifunctional human enzyme, the substrate inhibition
by APS on APSK activity is linked to a ~20 amino acid N-terminal loop of low sequence
homology (Sekulic et al. 2007b); Fig. A.2); however, the general role of this region across
different species remains unclear. In addition, earlier studies of AtAPSK suggest that oxidation
reduces specific activity (Lillig et al. 2001).
To better understand the molecular function of the plant APSK, we determined the threedimensional structure of AtAPSK isoform 1, lacking its chloroplast localization leader, in
complex with b,g-imidoadenosine-5′-triphosphate (AMP-PNP), Mg2+, and APS. Although the
overall structure is similar to that of the APSK from fungi and humans, the AtAPSK•AMPPNP•Mg2+•APS complex new insight on the reaction sequence of this enzyme and reveals an
intersubunit disulfide bond formed between Cys86 in the N-terminal loop of one subunit and
Cys119 in the adjacent monomer. Kinetic analysis and redox titrations of wild-type and the
C86A/C119A mutant of AtAPSK indicate that the disulfide bond forms at a physiologically
relevant redox potential and affects catalytic efficiency and substrate inhibition by APS. Because
sequence comparisons suggest a novel regulatory element of the plant APSK, we also
functionally compare AtAPSK and the APSK from the cyanobacterium Synechocystis sp. PCC
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6803, which is evolutionarily related to plant chloroplasts (Raven and Allen 2003), to
demonstrate that a homolog lacking the cysteines is not redox-sensitive. Based on structural,
functional, and sequence analyses, we propose that evolution of a thiol-based redox switch in the
plant APSK evolved with bifurcation of the sulfur assimilatory pathway later in the plant lineage
and that changes in redox environment resulting from oxidative stresses may coordinate flux
between the primary and secondary thiol metabolic routes by modulating APSR and APSK
activity in plants.

A.2 Materials and Methods
A.2.1 Characterization of APSK from Synechocystis 6803
Generation of the pET-28a-AtAPSKΔ77 bacterial expression vector, which encodes AtAPSK
isoform 1 lacking the plastid localization sequence and with an N-terminal hexahistidine tag, was
previously described (Phartiyal et al. 2006). Transformed E. coli BL21(DE3) were grown at 37
°C in Terrific broth containing 50 µg mL-1 kanamycin until A600nm ~ 0.8. After induction with 1
mM isopropyl 1-thio-β-D-galactopyranoside, the cultures were grown at 20 oC overnight. Cells
were pelleted by centrifugation and resuspended in 50 mM Tris (pH 8.0), 500 mM NaCl, 20 mM
imidazole, 1 mM β-mercaptoethanol (βME), 10% (v/v) glycerol and 1% Tween-20. After
sonication and centrifugation, the supernatant was passed over a Ni2+-nitriloacetic acid (Qiagen)
column. The column was washed with buffer minus Tween-20 and the bound protein eluted
using 250 mM imidazole in wash buffer. The eluent was dialyzed overnight at 4 °C against 25
mM HEPES (pH 7.5), 200 mM KCl, 5% glycerol, and 5 mM βMe, and then loaded onto a
Superdex-200 26/60 HiLoad FPLC size-exclusion column equilibrated in the same buffer.
Fractions corresponding to the major protein peak were pooled, and judged to be >95% pure by
SDS-PAGE. Protein was concentrated (Amicon) to 10 mg mL-1 with protein concentration
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determined using a molar extinction coefficient (ε280nm = 22,430 M-1 cm-1) calculated in
ProtParam (http://web.expasy.org/protparam). Protein was dialyzed against 25 mM HEPES (pH
7.5), 200 mM KCl, 10% glycerol, and 5 mM βMe, flash frozen in liquid nitrogen, and stored at 80 °C. For crystallization and redox titrations, βMe was removed by buffer exchange.

A.2.2 Crystallography
Crystals of the AtAPSK•AMP-PNP•Mg2+•APS complex grew at 4°C in hanging drops
from a 1:1 ratio of protein pre-incubated with 5 mM APS, 5 mM AMP-PNP, and 10 mM MgCl2
and crystallization buffer (100 mM HEPES (pH 7.5), 200 mM MgCl2, and 15-17.5% PEG
2,000). For data collection, crystals were transferred to cryoprotectant (mother liquor containing
ligands and 20% glycerol) and then frozen in liquid nitrogen. Diffraction data (100 K) were
collected at beam 19-ID of the Advanced Photon Source - Argonne National Laboratory.
Diffraction intensities were integrated, merged, and scaled using the HKL3000 software suite
(Otwinowski and Minor 1997). The structure of AtAPSK was determined by molecular
replacement with PHASER (McCoy et al. 2007) using the structure of APSK from P.
chrysogenum (PDB: 1M7G; (Lansdon et al. 2002)) as the search model. After iterative rounds of
model building in COOT (Emsley et al. 2010) and refinement in PHENIX (Adams et al. 2010),
the R-factors converged to those reported in Table S1. Coordinates and structure factors for the
AtAPSK•AMP-PNP•Mg2+•APS complex have been deposited in the RCSB Protein Data Bank.

A.2.3 Mutagenesis
The AtAPSK C86A/C119A mutant was generated using the QuikChange PCR method
(Stratagene) with pET-28a-AtAPSKΔ77 as the template. Two pairs of oligonucleotides (Table
A.1) were used to sequentially generate the double-mutant. Mutations were confirmed by
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sequencing (Washington University DNA Sequencing Facility). Protein expression and
purification were performed as described for wild-type protein.

A.2.4 Enzyme Assays and Redox Titrations
Enzymatic activity of purified wild-type and mutant AtAPSK was determined
spectrophotometrically using a coupled assay (MacRae and Segel 1999). Steady-state kinetic
parameters were determined by initial velocity experiments with data fitted to a general substrate
inhibition model, v = (Vmax[S])/(KM+[S]*((1+[S])/Ki). The effect of redox potential on AtAPSK
activity was examined with assays containing defined ratios of reduced (GSH) and oxidized
(GSSG) glutathione (Sigma-Aldrich). Protein (5 µM) was equilibrated in degassed 100 mM
HEPES (pH 7.5 or 7.0), 200 mM KCl, 5% glycerol and 20 mM GSH/GSSG for 60 min at 25 oC.
Aliquots were removed and transferred to the coupled assay (final protein concentration of 10-30
nM) and initial velocities measured. Values for EM were determined by fitting titration data to
the Nernst equation, Eh = Em + (RT/nF)(ln([GSSG]/[GSH]2) with RT/F = 25.7 mV (44, 47) and n
= 2 using Kaleidagraph (Synergy Software). The effect of redox potental on AtAPSK was also
evaluated by non-reducing SDS-PAGE. Protein was equilibrated with varying ratios of
GSSG/GSH, DTTred, or DTTox, and then separated into reduced and oxidized forms by SDSPAGE. The fraction of reduced versus oxidized AtAPSK was calculated by quantifying the
fractions of oxidized cross-linked (44 kDa) and reduced monomeric (22 kDa) species by
densiometry (Quantity One software; BioRad).

A.2.5 Cloning, Expression, Purification, and Analysis of APSK from
Synechocystis 6803
The cDNA encoding APSK from Synechocystis sp PCC. 6803 was PCR-amplified using
PfuUltraHF polymerase and gene-specific oligonucleotides (Table A.1). The PCR product was
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digested and cloned into the NheI and EcoRI sites of pET28a. Protein expression, purification,
and activity assays were performed as described for AtAPSK.

A.3 Results
A.3.1 Overall Structure
AtAPSK isoform 1 (residues 78-276; (Phartiyal et al. 2006)) lacking the 77 amino acid
N-terminal chloroplast localization sequence was used for protein crystallography. The structure
of AtAPSK in complex with AMP-PNP, Mg2+, and APS was solved by molecular replacement
using the P. chrysogenum APSK (Lansdon et al. 2002) as a search model with three monomers
in the asymmetric unit (Table A.2 and Fig. A.3). Chain A forms a crystallographic dimer and
chains B and C yield a second non-crystallographic dimer.
The overall fold of each monomer in the dimer consists of a variable N-terminal region
(residues 80-98), which includes a1 and entwines the adjacent monomer, a canonical a/b-purine
nucleotide binding domain (b1-a2-b2-a3-b3-a4-b4-a7), and a small domain, which includes a5
and a6, that caps the nucleotide binding sites (Fig. A.3a). Although AtAPSK shares a common
fold with the bifunctional PAPS synthetase from human (1.2 Å r.m.s.d. for 187 Ca-atoms; 51%
sequence identity; 35) and the P. chrysogenum APSK (1.3 Å r.m.s.d. for 176 Ca-atoms; 55%
sequence identity; 32), the positioning of the N-terminal region differs in these structures (Fig.
A.3b). This region is characterized by an unstructured loop followed by a ~7 amino acid a-helix
(a1) in various APSK structures (Lansdon et al. 2002; Yu et al. 2007; Gay et al. 2009; Sekulic et
al. 2007a; Sekulic et al. 2007b) and displays sequence divergence between the APSK homologs
from bacteria, cyanobacteria, green algae, fungi, plants, and human (Fig. A.2).
In the initial 2Fo-Fc maps of the AtAPSK structure, clear electron density for AMP-PNP,
APS, and Mg2+ was observed (Fig. A.3c). Additional contiguous density was observed between
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Cys86 in monomer B and Cys119 of a2 in monomer C (Fig. A.3d), Cys86 in monomer C and
Cys119 in monomer B, and between Cys86 of monomer A and Cys119 in the crystallographic
symmetry-mate of monomer A. The distance between the sulfur atoms of each cysteine falls
within the range of expected bond length (~2.05 Å) for a disulfide linkage. The Cys86(A)Cys119(A) and Cys86(B)-Cys119(C) disulfides were fully oxidized and the Cys86(C)Cys119(B) disulfide partially oxidized. The Cys forming the disulfide are invariant across the
APSK from plants and mosses, but are generally missing in the homologs from other organisms
(Fig. A.2).

A.3.2 Structure of the Active Site and N-terminal Loop
The structure of AtAPSK with a non-hydrolyzable ATP analog (AMP-PNP), Mg2+, and
APS bound in the active site provides the first view of the Michaelis complex in the APSK
reaction sequence (Fig. A.4). APS is locked in the active site through multiple binding contacts
(Fig. A.4). The adenine ring is stacked between Phe150 and Phe232. Arg141 and Asn158
provide bridging interactions between the sulfate and phosphate groups of the substrate. Arg155
and the backbone nitrogen of Ile181 also interact with the sulfate and phosphate groups,
respectively. Asp138 forms a bidentate interaction with the ribose hydroxyl groups to position
the 3'-OH proximal to the g-phosphate group of AMP-PNP for the ensuing phosphoryl transfer
reaction.
Binding of AMP-PNP is mediated almost exclusively through the phosphate moieties of
the ligand to residues in the active site and an extensive water network centered on the bound
Mg2+ ion (Fig. A.4). The adenine ring is positioned between Pro257 and Arg215. Extending into
the active site, phosphate groups of AMP-PNP form multiple contacts with main-chain atoms of
residues 110-116 in the P-loop (39). The a-phosphate group is bound by interactions with the
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side-chain hydroxyl group and backbone nitrogen of Thr116 and the backbone nitrogen of
Gly113. Lys114 contacts both the b- and g-phosphates with Ser110 and Lys228 forming
additional interactions to the g-phosphate. The b- and g-phosphates of AMP-PNP, three water
molecules, the hydroxyl-groups of Ser115 and Ser179, and the carboxylate of Asp136
octahedrally coordinate the Mg2+ ion. Asp136 and Asp138 form part of the DGDN-loop that
bridges the APS and ATP•Mg2+ binding sites and are critical for catalytic activity in APSK
(MacRae et al. 2000; Sekulic et al. 2007a; Singh and Schwartz 2003).
Although not immediately in contact with ligands in the AtAPSK active site, part of the
N-terminal loop (residues 80-84) of the adjacent monomer abuts the DGDN-loop and the sidechain of His84 hydrogen bonds to a water molecule in the network that coordinates the Mg2+ ion
(Fig. A.4). The structure of the AtAPSK N-terminal region is nearly identical to that of the
APSK domain from human PAPS synthetase in complex with ADP and PAPS, but differs from
the P. chrysogenum APSK apoenzyme and ADP•APS complex (Fig. A.3b). Changes in the Nterminal region of PAPS synthetase were suggested to promote conformational changes that
stabilize interactions between the DGDN-loop and substrates during the catalytic cycle (Yu et al.
2007).
Interestingly, the average B-factors for the N-terminal loop residues (80-90) in the
monomers containing the fully oxidized Cys86(A)-Cys119(A) and Cys86(B)-Cys119(C)
disulfides were 39 Å2 and 47 Å2, respectively, which were lower than the average B-factor of 56
Å2 in the monomer with the partially oxidized Cys86(C)-Cys119(B) disulfide bond.
Crystallographic analysis of the Cys86-Cys119 disulfide bond in AtAPSK suggests that redoxchanges may alter the positioning and/or mobility of the N-terminal loop near the active site and
potentially affect enzymatic activity.
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A.3.3 The Cys86-Cys119 Disulfide and Redox-regulation
Formation of the Cys86-Cys119 disulfide linkage in the N-terminal region of AtAPSK
may have a functional role in modulating enzymatic activity. Non-reducing SDS-PAGE analysis
of AtAPSK incubated with either dithiothreitol (DTTred) or trans-4,5-dihydroxy-1,2-dithiane
(DTTox) showed the enzyme as reduced monomeric (22 kDa) and oxidized dimeric (44 kDa)
forms, respectively (Fig. A.5a). The same analysis using the C86A/C119A mutant confirmed
that mutation of the cysteines prevented cross-linking of the two monomers (Fig. A.5a). Both the
wild-type and C86A/C119A mutant AtAPSK migrated as dimers upon size-exclusion
chromatography in either the presence or absence of reducing agents.
Kinetic analysis of AtAPSK incubated in the presence of either DTTred or DTTox
demonstrated that reduction of the disulfide bond resulted in enhanced catalytic efficiency
(kcat/Km) and a decreased effect of substrate inhibition by APS (Table A.3 & Fig. A.6). Reduced
AtAPSK was 17-fold more efficient and had a Ki value for APS 15-fold higher compared to the
oxidized protein (Table A.3). Moreover, the Ki values of the reduced protein increased
dramatically with decreasing ATP concentrations (Fig. A.6d); however, substrate inhibition by
APS was comparable at all ATP concentrations for the oxidized enzyme (Fig. A.6e). Steadystate kinetic analysis of the C86A/C119A mutant showed similar kinetic parameters for both
forms of the enzyme that were comparable to those of the reduced AtAPSK (Table A.3). The
C86A/C119A mutant treated with DTTred showed little difference in kinetic parameters with
respect to AtAPSKred. Similarly, treatment of the mutant with DTTox caused a modest 1.5-fold
decrease in activity compared to DTTred, but had little effect on either Km or Ki. These results
suggest that redox environment may have a role in regulating the activity of AtAPSK.
To determine the redox midpoint potential (Em) for the Cys86-Cys119 disulfide, titrations
using a gel-based system and activity assays were performed (Figs. 4b & 4c). AtAPSK was
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incubated in solutions containing varied ratios of oxidized:reduced glutathione (GSSG:GSH;
total concentration = 20 mM). Aliquots from incubations (Eh = -340 to -240 mV) were analyzed
by non-reducing SDS-PAGE and activity assays. Triplicate titrations of AtAPSK at pH 7.5
yielded average Em values of -295 ± 12 mV and -286 ± 18 mV in the gel-and activity-based
assays, respectively. At pH 7, the titrations yielded average Em values of -249 ± 9 mV and -260 ±
17 mV in the gel-and activity-based assays, respectively. Compared to the Em values of other
redox-regulated plant enzymes, which range from -390 to -237 mV (18, 41-45), these values
suggest that changes in redox environment may modulate APSK activity in vivo, which could
provide a strategy for modulating flux through the primary and secondary sulfur metabolism
pathways in plants.

A.3.4 Characterization of APSK from Synechocystis 6803
Comparison of APSK sequences indicates that the residues corresponding to Cys86 and
Cys119 are invariant in the enzymes from monocot and dicot plants and the mosses Selaginella
moellendorffii and Physcomitrella patens (Fig. A.2b). Cys119 is conserved in the APSK from
green alga Chlorella variabilis and Chlamydomonas reinhardtii, but is not found in the enzyme
from cyanobacteria Synechocystis and Cyanothece (Fig. A.2a). These sequence alignments
suggest that redox-regulation of APSK appeared later in the lineage of photosynthetic organisms.
To confirm that an evolutionarily earlier homolog is not redox-sensitive, the APSK from
Synechocystis sp. PCC 6803 was cloned, expressed, purified, and assayed. Steady-state kinetic
analysis of SynAPSK in the presence of either DTTred or DTTox indicates that its activity does
not change with redox environment (Table A.3).
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A.4 Discussion
The sulfur assimilation pathway in plants supports sulfur reduction and the synthesis of
cysteine in the primary metabolic branch and the generation of sulfonated molecules for
specialized metabolism in the secondary branch. Partitioning of sulfate at the branchpoint
between primary and secondary metabolic pathways in plants is balanced by the activities of
APSR and APSK (Fig. A.1) (Rausch and Wachter 2005; Mugford et al. 2011). Recent work
reveals an essential role of APSK for the reproductive viability of Arabidopsis (Mugford et al.
2011; Mugford et al. 2009; Mugford et al. 2010; Kopriva et al. 2009), but the biochemical
regulation of this enzyme in plants is not well understood. Structural and functional studies of
AtAPSK provide new insights on the molecular basis for PAPS formation and redox-control of
this important metabolic branchpoint enzyme.
The reaction sequence of APSK is proposed to follow an ordered mechanism with
ATP•Mg2+ binding first, followed by APS, catalysis, release of PAPS, and release of ADP•Mg2+
(Renosto et al. 1984). Structures of the P. chrysogenum APSK apoenzyme (Lansdon et al. 2002),
the P. chrysogenum APSK•ADP•Mg2+•APS dead-end complex (Yu et al. 2007), the
ADP•Mg2+•PAPS product complex of the APSK domain from human PAPS synthetase (Sekulic
et al. 2007a), and AtAPSK•AMP-PNP•Mg2+•APS Michaelis complex (Fig. A.3 and Fig. A.4)
clearly define the active site changes accompanying ATP-dependent phosphorylation of APS to
PAPS. Shifts in the side-chains of residues in the P-loop (Ser110-Thr116 in AtAPSK) position
the phosphate backbone of either ADP or AMP-PNP into the active site with additional
conformational changes in residues of the APS site allowing for binding of this ligand. These
alterations are accompanied by ordering of the 'lid'-domain, which in AtAPSK contains a5 and
a6, over the active site to constrain the flexibility of the structure.
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These crystal structures suggest critical roles for the Mg2+ ion in catalysis and
organization of the active site architecture. The interactions centered on the Mg2+ ion intricately
link the ATP binding site, the active site water network, and residues in the catalytically essential
DGDN-loop, which includes Asp136 and Asp138 of AtAPSK. Sekulic et al. (Sekulic et al.
2007a) noted that Mg2+ binding induces the DGDN-loop to switch from an inactive to active
conformation. Contacts from Asp136 to the Mg2+ and active site water molecules position
Asp138 in proximity to the ribose hydroxyl groups of APS. In the AtAPSK structure, the
carboxylate oxygens of Asp138 are 2.67 Å and 3.15 Å from the 3'-OH and 2'-OH groups of the
APS ribose, respectively (Fig. A.4). This suggests that the negatively-charged oxygen of Asp138
serves as a general base in the catalytic mechanism to abstract a proton from the 3'-hydroxyl
group of APS and promotes its nucleophilic attack on the g-phosphate group of ATP.
Phosphorylation of APS to yield PAPS requires an orchestrated series of structural
changes to organize the APSK active site for catalysis. Comparisons of various APSK in
complex with different ligands (Fig. A.3b) suggest that the conformational flexibility of the Nterminal loop region likely affects these structural changes. Within the active site, this loop
sterically contacts the DGDN-loop (Fig. A.4) and is proposed to position catalytically essential
residues to promote ligand binding and phosphoryl transfer (Sekulic et al. 2007a; Sekulic et al.
2007b). Deletion of the N-terminal region from the APSK domain of human PAPS synthetase
indicates that this region, which is not in direct contact with ligands in the active site, is
responsible for substrate inhibition by APS (Sekulic et al. 2007b). The AtAPSK structure reveals
a new regulatory control feature in the N-terminal loop, which is unique to plants.
Formation of a disulfide bond between Cys86 and Cys119 in the N-terminal loop region
cross-links subunits of the AtAPSK dimer (Figs. A.3d and Fig. A.4), decreases catalytic
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efficiency, and enhances substrate inhibition by APS (Table A.2). Comparisons of the kinetic
properties of the reduced and oxidized forms of AtAPSK indicate that reduction of the disulfide
yields a more active enzyme. Mutagenesis of the two cysteines in AtAPSK also mimics
reduction of the disulfide, as demonstrated by activity assays (Table A.3) and gel-based analysis
(Fig. A.5a). Moreover, redox-titrations of the disulfide bond using both gel-based and activitybased assays indicate that the midpoint potential is within a physiologically range (Figs. A.5b
and A.5c) (Bick et al. 2001; Bick et al. 1998; Jez et al. 2004; Hothorn et al. 2006; Hicks et al.
2007; Gromes et al. 2008; Hutchison and Ort 1995). The redox midpoint potential of the Cys86Cys119 disulfide in AtAPSK is comparable to that determined for AtAPSR (Em = -255 at pH 7).
Interestingly, both AtAPSK and AtAPSR are closer to the redox midpoint for GSH/GSSG than
to the reported values associated with plant thioredoxins (Dangoor et al. 2009; Hirasawa et al.
1999; Collin et al. 2003). Structurally, changes in the oxidation state of Cys86 and Cys119 in
AtAPSK likely alter the dynamic movements of the N-terminal loop to affect both catalytic
efficiency and substrate inhibition. Physiologically, the Cys86-Cys119 disulfide bond may act as
a regulatory switch to coordinate flux between the primary and secondary branches of sulfur
assimilation in Arabidopsis and other plants.
Several plant thiol metabolism enzymes (i.e., APSK, APSR and glutamate-cysteine ligase
(GCL); Fig. A.1) possess cysteines that form disulfide bonds to regulate enzymatic activity in
response to changes in redox environment (Bick et al. 2001; Hothorn et al. 2006; Hicks et al.
2007; Gromes et al. 2008). This suggests that oxidative stresses may simultaneously affect
multiple proteins across sulfur assimilation and metabolism in plants. Because APSR and APSK
share similar redox midpoint potentials and partition the flow of APS into different branches of
sulfur metabolism (Rausch and Wachter 2005; Mugford et al. 2011), coordinated biochemical
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regulation of their activities may be important to meet metabolic demands for sulfur reduction
and/or production of PAPS for specialized sulfonation reactions. Redox-regulation of these
branchpoint proteins would provide a mechanism for controlling sulfur allocation between the
two metabolic routes. For example, under oxidative stress conditions that increase demand for
sulfur reduction to support glutathione synthesis for maintaining redox state, formation of the
disulfides in APSR and APSK would increase and decrease their activities, respectively, and
result in direction of APS into cysteine and glutathione synthesis and away from synthesis of
PAPS. Moreover, previous studies demonstrate that formation of a key disulfide bond in the
plant GCL under mulitple oxidative stress conditions activates this enzyme to increase
glutathione synthesis (Jez et al. 2004; Hothorn et al. 2006; Hicks et al. 2007; Gromes et al. 2008).
Thus, both APSR and GCL in the primary thiol metabolic pathway would be active in response
to stress and APSK activity attenuated in the secondary pathway. Further experimental studies in
plants that analyze metabolite distribution and sulfur pathway flux in response to biotic and
abiotic stresses that alter oxidation state is required to explore this potential biochemical
regulatory mechanism.
Sequence comparisons of the APSK from plants, mosses, fungi, human, green algae, and
cyanobacteria show that active site residues are highly conserved (Mugford et al. 2010; Mugford
et al. 2009; Kopriva et al. 2009; Yatusevich et al. 2010; Satishchandran and Markham 1989;
Lillig et al. 2001; MacRae et al. 2000; Lansdon et al. 2002; Yu et al. 2007; Gay et al. 2009;
Sekulic et al. 2007a; Sekulic et al. 2007b) and that the N-terminal regions are divergent (Fig.
A.2), which may reflect the need for specialization of APSK regulation in organisms with
differing metabolic demands for sulfur assimilation. Residues corresponding to Cys86 and
Cys119 of AtAPSK are nearly invariant across the homologs from plants and mosses with some
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unicellular alga and yeast retaining Cys119; however, in the APSK from organisms lacking
plastids neither cysteine is found (Fig. A.2b). In addition, of the four APSK isoforms in
Arabidopsis (Phartiyal et al. 2008), the disulfide cysteines are found in the three plastid-localized
isoforms, but only Cys119 is conserved in the cytosolic isoform. Given that the chloroplast is a
highly redox active organelle (Noctor and Foyer 1998; Meyer 2008; Galant et al. 2011), this
difference between AtAPSK isoforms suggests the evolution of a specialized regulatory control
in the enzymes of this organelle. Through the lineage from cyanobacteria to green algae to
mosses and 'higher' plants, there is also a shift in the organization of the sulfur assimilation
pathway from a linear one in cyanobacteria to a branched pathway in the later evolving mosses
and plants (Fig. A.1) (Patron et al. 2008; Raven and Allen 2003). Thus, the redox-sensitive
disulfide observed in the plant and moss APSK may be a later adaptation to the development of
chloroplasts and branched sulfur metabolism pathways in these multicellular photosynthetic
organisms and reflects a greater need for regulatory control in response to more specialized
metabolic demands for coordination of flux between the primary and secondary sulfur pathways
by reciprocally modulating APSR and APSK activity in plants.
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C86A-F

5’-dCTCGACAAATATAAAGTGGCATGAAGCTTCTGTTG-3’

C86A-R

5’-dCTGTCTATCAACTTTCTCAACAGAAGCTTCATGCC-3’

C119A-F

5’-dGGGAAGAGTACTTTGGCTGCTGCTTTG -3’

C119A-R

5’-dCAACATCTGATTCAAAGCAGCAGCCAAAG -3’

SynAPSK-F

5'-dTTTATGGCTAGCATGCAACAACGTGGCGTAAC-3’

SynAPSK-R

5'dATAGAATTCGTTAGCCCTCGATATATTTTAGATCTACTAGCTTCTG3’

Table A.1: Oligonucleotides used for generation of strains.
The AtAPSK C86A/C119A and overexpression of APSK from Synechocystis sp. PCC 6803
strains were made. Mutated codons are italized, restriction sites are underlined, and start/stop
codons are shown in bold.
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Crystal

AtAPSK•AMPPNP•Mg2+•APS

Space group

C2

Cell dimensions

a = 121.1 Å, b = 95.31 Å, c =
73.33 Å; b = 114.1°

Data Collection
Wavelength (Å)

0.979

Resolution range (Å) (highest shell resolution)

30.5 - 1.80
(1.83 - 1.80)

Reflections (total/unique)

255,905 / 69,476

Completeness (highest shell)

98.0% (98.4%)

<I/s> (highest shell)

34.1 (1.7)

Rsyma (highest shell)

3.2% (44.1%)

Model and Refinement
Rcrystb / Rfreec

17.3 / 20.1

No. of protein atoms

4,525

No. of water molecules

479

No. of ligand atoms

177

R.m.s. deviation, bond lengths (Å)

0.006

R.m.s. deviation, bond angles (°)

1.08

Avg. B-factor (Å2) - protein, waters, ligands

39.5, 50.0, 46.0

Stereochemistry: most favored, allowed, generously
allowed

97.6, 2.1, 0.2%

Table A.2: Summary of crystallographic statistics.
aRsym = S|Ih - <Ih>|/SIh, where <Ih> is the average intensity over symmetry. bRcryst = S|Fo <Fc>|/SFo, where summation is over the data used for refinement. cRfree is defined the same as
Rcryst, but was calculated using 5% of data excluded from refinement.
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kcat (s-1)

Km (µM)

Ki (µM)

kcat / Km
(M-1 s-1 x
108)

AtAPSKred

272 ± 39

0.48 ±
0.41

37.5 ± 6.9

5.67

AtAPSKox

14.1 ±
2.3

0.43 ±
0.26

2.51 ±
0.84

0.328

C86A/C119Ar

239 ± 44

1.90 ±
0.53

34.8 ± 2.7

1.25

203 ± 31

0.87 ±
0.49

41.6 ± 7.1

2.33

SynAPSKred

18.6 ±
4.5

0.33 ±
0.17

27.6 ± 3.5

0.56

SynAPSKox

15.9 ±
2.2

0.57
± 0.26

21.6 ± 3.7

0.28

ed

C86A/C119Ao
x

Average values ± S.E. (n = 3) are shown.

Table A.3: Steady-state kinetic parameters.
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Figure A.1: Sulfur assimilatory pathways.
In plants (left) and bacteria/cyanobacteria (right). Various bacteria and cyanobacteria use either
APS kinase and PAPS reductase (black arrows) or APS reductase (grey arrow and text marked
with an asterisk) for formation of sulfite. Abbreviations are: APS, adenosine 5'-phosphosulfate;
PAPS, 3'-phosphoadenosine-5'-phosphosulfate.
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Figure A.2: Sequence alignment of representative APSK.
From bacteria, cyanobacteria, green algae, and eukaryotes a and plant species b. The secondary
structure of the AtAPSK is shown above the alignment. Invariant residues are highlighted in
green. Conserved cysteines corresponding to those in AtAPSK that form the disulfide bond are
highlighted in orange.
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Figure A.3: Structure of AtAPSK.
a Ribbon diagram of the dimer. Each monomer is colored in rose and blue, respectively. The
positions of AMP-PNP and APS are shown as stick molecules. The position of the C86-C119
disulfide bond is indicated in the left monomer. Secondary structure features are labeled in the
right monomer. b Structural comparison of APSK structures. The overall AtAPSK structure is
shown in grey. The position of the N-terminal region of the AtAPSK•AMP-PNP••Mg2+•APS
complex is in blue. The N-terminal of the APSK domain from the human PAPS
synthetase•ADP•PAPS complex is nearly identical to that of AtAPSK. The N-terminal of P.
chrysogenum APSK apoenzyme is in yellow and the position in the P. chrysogenum
APSK•ADP•APS complex is in red. c The 2Fo-Fc omit map (1.5 s) for AMP-PNP and APS in the
AtAPSK active site. d The 2Fo-Fc omit map (1.5 s) for Cys86-Cys119 disulfide bond. Note that
the cysteine residues are found in alternate conformations.
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Figure A.4: Stereoview of the AtAPSK active site.
The N-terminal loop of the adjacent monomer is shown as the dark gray loop, which includes
His84.
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Figure A.5: Functional analysis of redox activity.
a SDS-PAGE of wild-type and C86A/C119A AtAPSK incubated in the absence or presence of
either 5 mM reduced DTT (DTTred) or trans-4,5-dihydroxy-1,2-dithiane (DTTox). Protein (0.3-1
µg) was stained with Coomassie blue. Arrows on the left side of the gel indicate positions of the
molecular weight markers. Arrows on the right indicate positions of the oxidized dimeric and
reduced monomeric forms. b Gel-based redox-titration of AtAPSK. Protein was incubated in
increasing ratios of oxidized:reduced glutathione (GSSG:GSH; 20 mM total; Eh = -240 to -340
mV). c Comparison of gel-based (squares) and activity-based (circles) redox titrations. Solid
lines represent fits to the Nernst equation.
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Figure A.6: Velocity curves of v versus APS concentration.
For a AtAPSKred, b AtAPSKox, and c-d the effect of [ATP] on Ki of AtAPSKred and AtAPSKox.
a Initial velocities were measured at 5 mM (!), 1 mM ("), 0.35 mM (#), 0.15 mM ($) and
0.05 mM (!) ATP. The curves represent best fits to the general substrate inhibition model
described in Materials and Methods. b Initial velocities were measured at 5 mM (!), 0.5 mM
($), 0.1 mM (!), 0.025 mM (") ATP. c-d Effect of ATP concentration on the inhibition
constants (Ki) of AtAPSKred (c) and AtAPSKox (d).
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Appendix B
Global Proteomic Analysis Reveals an
Exclusive Role of Thylakoid Membranes in
Bioenergetics of a Model Cyanobacterium
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B.1 Introduction
B.1.1 Abstract
Cyanobacteria are photosynthetic microbes with highly differentiated membrane systems.
These organisms contain an outer membrane, plasma membrane, and an internal system of
thylakoid membranes where the photosynthetic and respiratory machinery are found. This
existence of compartmentalization and differentiation of membrane systems poses a number of
challenges for cyanobacterial cells in terms of organization and distribution of proteins to the
correct membrane system. Proteomics studies have long sought to identify the components of the
different membrane systems in cyanobacteria, and to date about 450 different proteins have been
attributed to either the plasma membrane or thylakoid membrane. Given the complexity of these
membranes, many more proteins remain to be identified, and a comprehensive catalog of plasma
membrane and thylakoid membrane proteins is needed. Here we describe the identification of
635 differentially localized proteins in Synechocystis sp. PCC 6803 by quantitative iTRAQ
isobaric labeling; of these, 459 proteins were localized to the plasma membrane and 176 were
localized to the thylakoid membrane. Surprisingly, we found over 2.5 times the number of
unique proteins identified in the plasma membrane compared to the thylakoid membrane. This
suggests that the protein composition of the thylakoid membrane is more homogeneous than the
plasma membrane, consistent with the role of the plasma membrane in diverse cellular processes
including protein trafficking and nutrient import, compared to a more specialized role for the
thylakoid membrane in cellular energetics. Thus, our data clearly define the two membrane
systems with distinct functions. Overall, the protein compositions of the Synechocystis 6803
plasma membrane and thylakoid membrane are quite similar to that of the plasma membrane of
Escherichia coli and thylakoid membrane of Arabidopsis chloroplasts, respectively.
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Synechocystis 6803 can therefore be described as a gram-negative bacterium with an additional
internal membrane system that fulfills the energetic requirements of the cell.

B.1.2 Plasma and Thylakoid Membranes
Photosynthetic microbes such as the cyanobacterium Synechocystis sp. PCC 6803 convert
light to cellular energy, an ability that makes these organisms of particular interest in renewable
energy studies. Cyanobacteria typically have a Gram-negative-type cell envelope consisting of a
plasma membrane (PM), peptidoglycan layer, and outer membrane. These microbes also have an
internal thylakoid membrane (TM) system where the protein complexes of the photosynthetic
and respiratory electron transfer chains function. The presence of these differentiated membrane
systems makes cyanobacteria more complex than other gram-negative bacteria. There is
considerable interest in understanding the roles of the membrane systems and their relation with
each other. Our studies using electron tomography revealed that the TM in the cyanobacterium
Cyanothece sp. ATCC 51142 forms a complicated network of membranes that enclose a single
lumenal space (Liberton et al. 2011). Several studies have probed the question of whether the
PM and TM are contiguous, or if these two systems are physically independent (Liberton et al.
2006; van de Meene et al. 2006; Schneider et al. 2007). Recent reports have proposed the
existence of sites of “hemifusion” between PM and TM, which can be analyzed as a subfraction
of the PM and used to further clarify the targeting pathways between the membrane systems
(Pisareva et al. 2011). Similarly, the existence of a membrane subfraction that associates with
both PM and TM has been proposed (Nickelsen et al. 2011; Rengstl et al. 2011). Thus,
identifying the protein composition of the different membrane systems is of considerable interest
in understanding the form and function of cyanobacterial membranes.
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Several previous studies have begun to catalog the protein complement of the
cyanobacterial membrane systems. One study of the PM proteome used two-dimensional gel
electrophoresis coupled with mass spectrometry (MS) to identify 57 proteins, of which 17 are
integral membrane proteins and 40 are peripheral proteins (Huang et al. 2002). Another study
identified 51 integral PM proteins by peptide mass fingerprinting (Pisareva et al. 2007). Isolated
TM samples were used to identify 76 proteins from 1- and 2-D gels by MALDI-TOF MS
(Srivastava et al. 2005). A study of both isolated PM and TM samples probed by nano-LC
separation and MS/MS identified 379 different proteins (Pisareva et al. 2011), of which 237 were
uniquely localized to either PM or TM. However, all together to date only about 450 different
proteins have been identified as localized to the PM or TM.
In order to comprehensively detect and identify proteins localized to the PM and TM, we
applied a sensitive LC-MS/MS based analysis pipeline for the identification and quantification of
this protein complement. This resulted in the identification of 635 proteins observed with
significantly different localizations across PM and TM from purified membrane samples isolated
from Synechocystis sp. PCC 6803 (hereafter, Synechocystis 6803). This is a large increase in the
number of differentially abundant proteins compared to previous studies and offers considerable
insight into the composition of PM and TM. Our study found a larger number of proteins
uniquely localized in PM (459) compared to TM (176). The overall protein composition of PM
was characterized by proteins involved in transport, secretion, and trafficking, whereas the TM
protein composition described a specialized membrane system dedicated to the energetics of
electron transport, highlighting the very different roles these membrane systems have in
cyanobacterial cellular metabolism. Comparison of the Synechocystis 6803 membrane systems
with the E. coli PM and Arabidopsis TM showed how an oxygenic phototrophic bacterium
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modified the Gram-negative PM for specific purposes while creating a specialized internal
membrane compartment for photosynthetic electron transfer.

B.2 Materials and Methods
B.2.1 Cell Growth and Sample Preparation
Synechocystis 6803 cells were grown in BG11 at 30°C under 30 µmole photons·m-2·s-1
white light. Membrane isolation and two-phase partitioning were performed as described (Keren
et al. 2005). Two-phase systems were prepared from stock solutions of 20% (w/w) Dextran T500 and 40% (w/w) polyethylene glycol 3350.
Protein samples were incubated in 8 M urea, 100 mM ammonium bicarbonate, pH 8.0
solution containing 5 mM dithiothreitol at 56°C for 45 min with constant shaking at 800 rpm in
Thermomixer R (Eppendorf, NY). Alkylation was performed with 20 mM iodoacetamide at
37°C in the dark with constant shaking (800 rpm in Thermomixer), followed by an 8 fold
dilution with 25 mM ammonium bicarbonate, pH 8.0 containing 1 mM CaCl2. Tryptic digestion
with Sequencing Grade Modified Trypsin (Promega, WI) was performed at 1:50 enzyme‐to‐
substrate ratio for 4 h at 37°C. The digested samples were then acidified with 10% trifluoroacetic
acid to ~pH 3 and 5% acetonitrile was added to the digested samples prior to desalting. SPE C18 columns (SUPELCO Discovery) were used for cleanup of the resultant peptide mixture, and
samples were concentrated in a SpeedVac SC250 Express (ThermoSavant) followed by BCA
assay to determine final peptide concentration.

B.2.2 iTRAQ Labeling and HPLC Fractionation
Isobaric labeling of peptides using 2 separate four-plex iTRAQ™ reagents was
performed according to the manufacturer’s instructions (AB Sciex, Foster City, CA) and as
previously described (Welkie et al. 2014). Labeled peptide samples were separated at a flow rate
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of 0.5 ml/min on a reverse phase Waters XBridge C18 column (250 mm × 4.6 mm column
containing 5 µm particles, and a 4.6 mm × 20 mm guard column) using an Agilent 1200 HPLC
System equipped with a quaternary pump, degasser, diode array detector, Peltier-cooled autosampler and fraction collector (both set at 4ºC). Approximately 120 µg of labeled tryptic
peptides was suspended in buffer A (10 mM triethylammonium bicarbonate, pH 7.5) and loaded
onto the column After the sample loading, the C18 column was washed for 35 min with solvent
A, before applying the LC gradient. The LC gradient started with a linear increase of solvent A
to 10% B (10 mM triethylammonium bicarbonate, pH 7.5, 90% acetonitrile) for 10 min, then
linearly increased at 15 min to 20% B, 30 min to 30% B, 15 min to 35% B, 10 min to 45% B and
another 10 min to 100% solvent B. Using an automated fraction collector, 96 fractions were
collected for each sample, lyophilized and reconstituted into 12 fractions prior to LC-MS/MS
analysis.

B.2.3 LC-MS/MS Analysis
All iTRAQ™-labeled fractions were analyzed by LC–MS/MS. Each sample was loaded
onto a homemade 65 cm × 75 mm i.d. reversed-phase capillary column using 3 mm C18 particles
(Phenomenex, Torrance, CA, USA). The HPLC system consisted of a custom conuration of 100
ml Isco Model 100DM syringe pumps (Isco, Lincoln, NE, USA), two-position Valco valves
(Valco Instruments Co., Houston, TX, USA), and a PAL autosampler (Leap Technologies,
Carrboro, NC, USA) that allowed fully automated sample analysis across four HPLC columns
(Livesay et al. 2008). The system was operated at a constant pressure of 10,000 psi over 3 h with
an exponential gradient starting with 100% of mobile phase A (0.1% (v/v) formic acid in water)
to 60% (v/v) of mobile phase B (0.1% (v/v) formic acid in acetonitrile). MS analysis was
performed on a Thermo Scientific LTQ-Orbitrap Velos mass spectrometer (Thermo Scientific,
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San Jose, CA, USA) coupled with an electrospray ionization interface using homemade 150-mm
o.d. × 20-mm i.d. chemically etched electrospray emitters (Kelly et al. 2006). Full MS spectra
were recorded at resolution of 100 K (m/z 400) over the range of m/z 400–2000 with an
automated gain control (AGC) value of 1×106. MS/MS was performed in the data-dependent
mode with an AGC target value of 3×104. The most abundant 10 parent ions were selected for
MS/MS using high-energy collision dissociation with a normalized collision energy setting of
45. Precursor ion activation was performed with an isolation width of 2 Da, a minimal intensity
of 500 counts, and an activation time of 10 ms.

B.2.4 Data Analysis
LC–MS/MS raw data were converted into dta files using Bioworks Cluster 3.2 (Thermo
Fisher Scientific, Cambridge, MA, USA), and MSGF+ algorithm (Kim et al. 2008) was used to
search MS/MS spectra against Synechocystis 6803 (NCBI 2011-02-28, 3672 entries). The key
search parameters used were 20 ppm tolerance for precursor ion masses, +0.5 Da and -0.5 Da
window on fragment ion mass tolerances (Kim et al. 2010), no limit on missed cleavages, partial
tryptic search, no exclusion of contaminants, dynamic oxidation of methionine (15.9949 Da),
static IAA alkylation on cysteine (57.0215 Da), and static iTRAQ modification of lysine and Ntermini (+144.1021 Da). No additional mass shifts were performed on the data. The decoy
database searching methodology (Elias and Gygi 2007; Qian et al. 2005) was used to control the
false discovery rate at the unique peptide level to ~0.1% (Kim et al. 2008). Only proteins
containing multiple peptide identifications with reporter ion intensities were quantified. The ppm
distribution of identified spectra is shown is Figure B.1 and protein and peptide data can be
found in Table B.1. The mass spectrometry proteomics data have been deposited to the
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ProteomeXchange Consortium (Vizcaino et al. 2014) via the PRIDE partner repository with the
dataset identifier PXD003079 and 10.6019/PXD003079.

B.2.5 Experimental Design and Statistical Rationale
The experimental design incorporated three biological replicates of PM and TM samples,
across two independent four-plex iTRAQ experiments to cover all six samples, where final
quantitative comparisons included the averaged technical replicate values for TM-2 and TM-3.
For quantification purposes, peptide reporter ion intensities were captured across all channels
and compared by calculating the summed peptide intensity values for TM and PM samples.
Summed protein values were then scaled within each experiment and then central tendency
normalized and statistically compared across biological replicates using ANOVA with
membrane type as a fixed effect and using the program DAnTE (Polpitiya et al. 2008) for final
comparisons.

B.2.6 Computational Web-based Tools
We

used

SignalP

4.1

server

(Petersen

et

al.

2011)

(http://www.cbs.dtu.dk/services/SignalP/) for identifying putative signal peptides as well as their
cleavage sites. In addition, we utilized THHMM server 2.0 (Krogh et al. 2001)
(http://www.cbs.dtu.dk/services/TMHMM/) and LipoP 1.0 server (Juncker et al. 2003)
(http://www.cbs.dtu.dk/services/LipoP/) to identify TMHs and lipoproteins, respectively, in
identified proteins.

B.3 Results
B.3.1 Identification of PM and TM Proteins
In order to analyze isolated plasma membrane (PM) and thylakoid membrane (TM)
samples, we previously devised a 2D protocol for membrane isolation with a short preparation
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time (Keren et al. 2005). This procedure used multiple rounds of a polymer two-phase isolation
step, which is a fast procedure that maintained the photochemical activity of the isolated
membranes. As markers for the purity of the isolated membranes, antibodies raised against the
NrtA and CP47 proteins were used that were found exclusively in PM and TM, respectively, and
immunoblotting results indicated that membrane fractions isolated using this procedure are
highly purified (Keren et al. 2005).
PM and TM samples prepared using this procedure were analyzed by a sensitive LCMS/MS-based pipeline for the identification and quantification of proteins. Quantitative iTRAQ
4-plex isobaric labeling coupled with pre-MS high pH reversed phase peptide separations were
used to quantitatively capture a triplicate comparison of PM and TM samples (see Experimental
Procedures for details). This resulted in the identification of 1496 proteins with appropriate
quantitative values for statistical comparison (Table B.2). Of these 1496 proteins, 635 proteins
were observed with significantly different localizations across PM and TM (p-value <0.05) (Fig.
B.2, Table B.2, Fig. B.3), and 861 proteins were found to be present in both PM and TM (Table
B.2).
Of the 861 proteins found in both PM and TM, 257 of these are predicted to be
hypothetical and 88 are unknown proteins (Table B.2). Of the remaining 516 proteins, many of
these are known soluble proteins of high cellular abundance, such as phycobilisome lightharvesting antenna subunits, and are present in both isolated PM and TM membrane samples.
Interestingly, a number of PSI and PSII proteins (e.g., the PSII D1 protein and PSI proteins PsaB
and PsaK) are present in both PM and TM. Another major group (i.e., 91) of such proteins
belong to translational processes such as aminoacyl tRNA synthetase and tRNA modification,
protein modification and degradation, and ribosomal protein synthesis and modification. The
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remaining proteins are distributed across several pathways/subsystems including biosynthesis of
amino acids and cofactors, energy metabolism, regulatory and transport processes.
This identification of 635 proteins with significantly different localizations across PM
and TM provides insight into the unique properties and characteristics of these two membrane
systems. In addition, this study represents a more comprehensive investigation, in terms of both
depth of coverage and quantitation, compared to the most recent study of isolated PM and TM
samples (Pisareva et al. 2011). This previous study, which also employed LC-MS/MS analysis
but utilized spectral count approaches, identified a total of 379 proteins, 237 of which were
designated as differentially localized to PM or TM (Pisareva et al. 2011). Note that this
comparison considers only the number of proteins identified in either PM or TM, but not in both,
in these studies. As iTRAQ labeling and quantitative comparison were used in the current study,
we focused on the differential abundance of proteins to determine membrane localization,
recognizing that low abundance signals can be generated by iTRAQ in both TM and PM
preparations, and it is likely that the sensitivity of the analyses coupled with known cofragmentation and isolation issues with iTRAQ labeling (Wuhr et al. 2012) contribute to this
overlap.
Of these 635 differentially localized proteins identified in our study, 459 and 176 proteins
were localized to PM and TM, respectively (Table B.2 and Fig. B.2). This was a surprising
result, with over 2.5 times the number of proteins identified in PM compared to TM, suggesting
that the protein composition of TM is more limited and specialized than PM. Proteins involved in
protein trafficking, nutrient transport, cofactor biosynthesis, cell envelope function, secretion,
and small molecule transport were found predominately in the PM (Fig. B.4). In comparison,
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TM was characterized by proteins involved in metabolism, ATP generation, electron transport,
and photosynthesis (Fig. B.4).
Another possible rationale for this finding could be that more abundant proteins in TM,
such as PSI and PSII components, bias against peptide/protein identification compared to PM.
However, considering the sensitivity of the analyses and the large number of overall proteins
identified, it is unlikely that there are a significant number of proteins specific to TM that have
been missed. An additional consideration is the overall abundance of PM versus TM in the cell.
We chose to compare similar peptide/protein amounts between PM and TM for optimizing
coverage and comparison. This could introduce a bias for greater PM protein coverage; however,
when viewing the volcano plot (Supplemental Fig. S2), the right side (PM specific) is more
consistently populated at higher p-values and fold changes compared to the left side (TM
specific), which interestingly appears more variable in its protein distribution, regardless of
which cutoff value is used. Furthermore, annotation of the findings is consistent with the
diversity of roles of PM in cellular processes. Though there may be limited biases in the protein
distributions, overall our results describe independent membrane systems that have unique,
highly specific cellular roles.

B.3.2 Characteristics of Identified Proteins
Important characteristics of membrane proteins describe their types (e.g., integral
membrane proteins or soluble proteins) and provide other relevant information such as the
number of transmembrane helices (TMH) and the protein orientation across the membrane (for
transmembrane proteins) or presence/absence of a signal peptide (for soluble proteins). From the
176 TM proteins identified in the current study, the number of TMH was predicted using
TMHMM, and lipoprotein N-terminal signals were predicted using SignalP/LipoP. Based on this
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analysis, Figure 3a shows the predicted topologies of identified TM proteins. Eighty-seven (of
176) TM proteins (49%) were identified as integral membrane proteins. About 45% of these
integral membrane proteins have only one TMH, while about 20% have more than five. Seven
(of 87) integral membrane proteins have N-terminal signal peptides as identified by SignalP 4.1;
these include three photosystem II proteins (Sll1418 (PsbP), Sll1194 (PsbU), and Sll0427
(PsbO)), the photosystem I reaction center subunit III precursor/plastocyanin docking protein
PsaF (Sll0819), the cytochrome c550 protein (Sll0258), a H+/Ca+2 exchanger protein (Slr1336),
and a hypothetical protein (Slr1273). Five of the identified non-integral TM proteins contain an
N-terminus with a consensus pattern for lipoproteins. There are five proteins with a Sec signal
among the rest of the proteins (i.e., soluble proteins). Finally, 79 of the 84 soluble proteins do not
have any N-terminal signal peptide and hence are considered as peripheral proteins on the
cytoplasmic side of the thylakoid membrane.
Based on similar analysis as that for TM proteins, Fig. B.5b shows the predicted
topologies of identified PM proteins. Of 459 PM proteins, 150 (33%) were identified as integral
membrane proteins. About 37% of these 150 integral membrane proteins have only one TMH
while about 28% have more than five. Eight (of 150) integral membrane proteins have Nterminal signal peptides, including three proteins (Slr1744, Slr0089, and Slr1897) from cell
envelope, fatty acid, and transport/binding processes, respectively, and five other
hypothetical/unknown proteins. Nine of the identified non-integral PM proteins contain an Nterminus with a consensus pattern for lipoproteins, whereas 22 others were detected as soluble
proteins with a Sec signal on the periplasmic side. Since the remaining 278 of the soluble
proteins do not have any N-terminal signal peptide, they are considered as peripheral proteins on
the cytoplasmic side of the plasma membrane.
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Synechocystis 6803 is predicted to have more than 800 membrane proteins (Wang et al.
2009; Gao et al. 2015), or ~22% of the predicted 3672 open reading frames. In this study, we
have identified a total of 237 integral membrane proteins differentially localized to TM or PM
(87 in TM and 150 in PM). The remaining set of integral membrane proteins (~500) are proteins
that are potentially found in OM, in both PM and TM, or were not identified in our analysis. Our
strategy was successful in identifying a substantial number of integral membrane proteins with
more than five TMHs (17 in TM and 42 in PM) (Fig. B.5), demonstrating the ability of this
approach to identify highly hydrophobic proteins.

B.3.3 Photosystems and Respiratory Proteins
The current work identified a majority of the subunits of important photosynthetic
complexes localized to the TM, including photosystem I (PSI), photosystem II (PSII),
cytochrome b6f, and ATP synthase. Similarly, major respiratory complexes (e.g., NADH
dehydrogenase and cytochrome b6f) are also mostly located in the TM. However, of the two
subunits of cytochrome oxidase, one is located in the TM (Slr1136) and the other in the PM
(Sll0813).
Table B.3 shows the most abundant integral TM proteins and includes many important
proteins from photosynthetic and respiratory metabolism. Included in this set are four PSI
proteins (Slr1834 (PsaA), Sll0819 (PsaF), Slr1655 (PsaL), and the PSI assembly related protein
Sll0226), all which have one or more TM TMH. Note that PsaF is the only PSI protein having Nterminal signal peptides (see above). There are five other PSI-related proteins including Sll0563
(PsaC), Slr0737 (PsaD), and Ssr2831 (PsaE) identified as peripheral TM proteins on the
cytoplasmic side (Fig. B.5).
Out of eight PSII proteins (Psb subunits with one or more TMH), four proteins, Sll0427
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(PsbO), Sll1418 (PsbP), Sll1194 (PsbU), and Sll0258 (PsbV), have a single TMH each with Nterminal signal peptides. Of these, PsbO, PsbU, and PsbV are included with the most abundant
proteins in Table B.3. Three other PSII-related proteins were detected as soluble proteins:
Slr2034 (Ycf48) on the lumenal side and two Psb28 subunits (Slr1739 and Sll1398) on the
cytoplasmic side. This localization of Psb28 is consistent with previous reports (Dobakova et al.
2009). Consistent with a recent report (Selao et al. 2016), the D1 protein processing protease,
CtpA (Slr0008) was found as an integral TM protein (Table B.2).
Of seven subunits of ATP synthase located in TM, Sll1323 (AtpG(β)) and Sll1322
(AtpI(α)) (Table B.3) have one and five TM TMH, respectively, with the remaining being
soluble proteins on the cytoplasmic side. There are 9 NADH dehydrogenase subunits identified
in TM, five (NdhA, NdhB, NdhE, NdhF1 and NdhF4) as integral and four others as soluble
proteins. However, one of the two Type 2 dehydrogenase subunits (Sll1484) is found as an
integral PM protein, while the other (Slr1743) is a soluble TM protein on the cytoplasmic side.
Among the remaining proteins, two cytochrome b6f complex proteins (PetA and PetC) were
identified in the TM. Overall, almost the entire electron transport machinery functions in the TM
and these comprise a large portion of the proteins listed in Table B.3.

B.3.4 Pigment Biosynthesis and Transport Proteins
Our analysis revealed the location of 11 proteins from pigment biosynthesis (3 from
carotenoid and 8 from cobalamin, heme, phycobilin and porphyrin metabolism). All but
ferrochelatase (HemH/ScpA) were identified as PM soluble proteins on the cytoplasmic side.
A total of 62 transport (and binding) proteins were identified in the PM. Among these
proteins, 34 proteins were PM integral proteins, including components of ABC transporters,
permease proteins, biopolymer transporter system, P-type ATPase, and metal ion/cation transport
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system proteins. Of the 35 most abundant integral PM proteins identified (Table B.4), half were
classified as hypothetical/unknown, and the majority of the categorized proteins were
transport/binding proteins.
The periplasmic sugar-binding protein of an ABC transporter, Slr1897, is the only protein
with a single transmembrane span and N-terminal signal peptides. Seven PM proteins including
Slr0040 (CmpA), Sll1450 (NrtA), and Slr0447 (UrtA) were detected as lipoproteins, while two
others (NatB and Slr2043) as soluble periplasmic proteins. The remaining 19 proteins (mostly
ATP binding proteins of ABC/urea transporter) are soluble proteins on the PM cytoplasmic side.
Compared to the large number of transport proteins located in PM, only 7 such proteins are
located in the TM. Five of these that involve metal (i.e., Ca+2 and Na+) and urea transport
systems were found to be integral TM proteins, while (similar to PM) the remaining two were
ATP binding proteins located on the cytoplasmic side of the membrane.

B.3.5 Proteins Involved in Other Important Cellular Processes
Of the 50 proteins from cell envelope and cellular processes that were identified in the
current study, 10 proteins, including 5 putative porins and PilQ, are soluble PM proteins on the
periplasmic side, while solute-binding protein Slr1962 and putative endoglucanase Slr0897 were
detected as a PM lipoprotein. Note the remaining proteins including pilus biogenesis protein
Slr0063 were detected as soluble PM proteins on the cytoplasmic side. Fourteen other proteins
including MurC, PilC, PilA2, Ctr1, and TaxD1 are integral PM proteins. Among these proteins,
N-acetylmuramoyl-L-alanine amidase (Slr1744) has a single transmembrane span with Nterminal signal peptides. In addition, 5 proteins (e.g., PilA1) were identified as integral TM
proteins. Only one protein from the amino acid metabolism, cytochrome b subunit of nitric oxide
reductase (NorB), and two proteins (DesD and Sll0418) from fatty acid metabolism were
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identified as integral TM proteins, while just one protein, gamma-tocopherol methyltransferase
(Slr0089) from fatty acid metabolism, was identified as a PM protein.
Compared to proteins from metabolic/transport processes, only a handful of proteins
involved in translation and regulation were identified in PM/TM by our current work. These
include a protease (Slr0535) as an integral PM protein, and the tRNA synthetase AsnS, and the
cis-trans isomerase Sll0408 as integral TM proteins. From regulatory mechanism, IcfG (Carbon
metabolism regulatory protein), Slr1225 and Slr0599 (Serine/Threonine kinase), and two
component system (Hik6/10/12/21/31) proteins were detected as integral proteins in the PM.

B.3.6 Hypothetical and Unknown Proteins
Hypothetical proteins are predicted from nucleic acid sequences without experimental
evidence. Oftentimes, these proteins are associated with low identity to known/annotated
proteins (Lubec et al. 2005). Unknown proteins are also predicted by bioinformatics tools, but
unlike hypothetical proteins, these are experimentally proven to exist without any biochemical
characterization (Lubec et al. 2005). Based on the annotations provided on the Cyanobase
database (Nakao et al. 2010), the Synechocystis genome contains about 33% hypothetical and
18% unknown ORFs. Our current study reveals about 25% and 13% of PM proteins as
hypothetical and unknown, respectively. The corresponding percentages are 32% (hypothetical)
and 10% (unknown) for TM proteins.
Of 57 hypothetical TM proteins, 27 are integral, 11 have one predicted TMH, 7 have two,
and the remaining 9 have three or more helices. One of these proteins (Slr1273) has an Nterminal signal peptide. In addition, 2 of the identified non-integral hypothetical TM proteins
contain an N-terminus with a consensus pattern for lipoproteins, whereas 3 others are soluble
proteins on the lumen side. Finally, the remaining 25 proteins are peripheral proteins on the
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cytoplasmic side of TM. Among 17 unknown TM proteins, 10 were identified as integral, 7 have
one predicted TMH, and the remaining 3 have four or more helices. Sll0022 was identified as a
non-integral lipoprotein, while the remaining 6 are soluble proteins on the cytoplasmic side.
Of 117 hypothetical PM proteins, 51 are integral, 19 have one predicted TMH, 18 others
(three sets of 6 proteins) have two, three, and four helices, respectively, and 14 have five or more
helices. Two such proteins (Slr0200 and Slr0765) were found to have N-terminal signal peptides.
Four other proteins were identified as soluble proteins on the periplasmic side, whereas the
remaining 62 are peripheral proteins on the cytoplasmic side of PM. Among these 62 unknown
PM proteins, 25 were identified as integral, 12 have one predicted TMH, 3 have two, 3 others
have three, and 7 have four or more helices. Of these 25, Slr01257 and Ssr0693 have N-terminal
signal peptides. The remaining proteins include 2 non-integral lipoproteins, 3 soluble PM
proteins on the periplasmic side, and 32 peripheral proteins on the cytoplasmic side.

B.4 Discussion
Of the 635 differentially abundant proteins identified in our study, 459 proteins were
localized to PM and 176 were localized to TM. Fig. B.2 shows the clear quantitative
differentiation between these two localized protein groups; however, interestingly, we also
observed more quantitative variation within the biological replicates of TM or PM protein groups
than anticipated (more so for the TM preparation, as also seen in Fig. B.2), likely hinting at a
more dynamic localization of proteins between biological replicates. This is difficult to
determine, however, as the scale and ratio type data of iTRAQ quantification is somewhat
limited for this type of comparison. Regardless, the fact that over 2.5 times the number of
proteins appear localized to PM compared to TM suggests that the protein composition of TM is
more limited and specialized compared to PM. Functional annotation of these differential
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proteins also confirms, that as a whole, our data describe two membrane systems that have very
different roles: PM is involved in transport, secretion, trafficking, and general “gatekeeping”
functions, whereas TM is devoted to the energetics of electron transport and cellular metabolism
(Fig. B.4). Based on our analysis, it is evident that a higher percentage of PM proteins are
soluble proteins (i.e., 65% PM soluble proteins vs. 48% TM soluble proteins), while the opposite
is the case with integral membrane proteins (i.e., 32% PM integral proteins vs. 49% TM integral
proteins). Therefore, these topological/functional variations are well correlated with their stated
roles. An overview of the distribution of cellular processes between PM and TM is depicted in
Fig. B.7.
The association between PM and TM in cyanobacteria has long been a topic of interest,
and even though we technically identified the majority of proteins across both membranes, we
assert that these data provide further evidence that PM and TM are separate membrane systems,
since given the differences in protein composition described here, it is unlikely that PM and TM
are contiguous. Other studies have investigated a membrane subfraction existing between PM
and TM, but our purification procedure does not result in the isolation of this subfraction. In fact,
we did not identify the PratA protein (Slr2048), a marker for this subfraction, in our analysis.
The PSII biogenesis and repair cycle has recently been explored by a combination of aqueous
two-phase partitioning, epitope tagging, and radioactive pulse chase, and it was determined that
processing of the D1 protein occurs in the TM (Selao et al. 2016), a finding that is consistent
with our localization of the CtpA processing protease in the TM (Table B.3). However, this
study found the vesicle-inducing protein 1 (Vipp1, Sll0617) predominately in the PM (Selao et
al. 2016), with a weaker signal found in the TM, while our analysis identified Vipp1 as a TM
protein (Table B.3). Interestingly, we identified several photosystem-related proteins in the set

176

of proteins shared between PM and TM, including PsbA3 (Sll1867), PsbA1 (Slr1181), PsaB
(Slr1835), and PsbB (Slr0906).
One of the goals of this study was to generate a comprehensive list of uniquely localized
proteins for both PM and TM (Table B.2). We therefore examined the scope of the current work
in comparison to the most comprehensive previous study, that of (Pisareva et al. 2011). Of the
176 proteins we identified localized to TM, 149 of these were uniquely identified in our analysis,
while 27 proteins were also identified by (Pisareva et al. 2011). However, an additional 73
proteins were uniquely localized to the TM by (Pisareva et al. 2011), but not in the current study.
Similarly, of the 459 proteins we identified as localized to PM, 71 of these were also identified
by Pisareva et al in the PM, with 86 additional proteins uniquely localized to the PM by Pisareva
et al. Table B.2 summarizes the proteins uniquely identified by Pisareva et al in both PM and
TM. It is interesting to note that the vast majority (84%) of these 73 proteins uniquely localized
to the TM by Pisareva et al were identified/quantified with one spectra (61 out of 73), from
which it is difficult to accurately determine or quantify appropriate localization. This most likely
explains the limited overlap between the two studies, and in this regard, our current, more indepth study, which included pre-MS fractionation along with quantitative iTRAQ labeling
performed in biological triplicate, provides the necessary quantitative information to inform upon
the previously limited protein identifications. This more comprehensive survey of TM
components included key photosynthetic and electron transport components, i.e., 7 different
NADH dehydrogenase subunits (Subunits 2 and 5 as integral and the rest as soluble proteins), 7
photosystem I proteins (3 integral and 4 soluble), 9 photosystem II proteins (5 integral and 4
soluble), and 5 ATP synthase subunits (2 integral and 3 soluble).
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A similar comparison in terms of PM proteins across these two data sets revealed overlap
of 71 proteins, while 388 proteins were identified as PM specific in the current study and 86
identified as PM specific by (Pisareva et al. 2011) (Fig. B.7b). Among these unique proteins, 160
(out of 388) and 49 (out of 86) are either hypothetical or have unknown functions. Of the
remaining 228 PM proteins detected in the current analysis, 53 are integral membrane proteins
(such as two-component hybrid system proteins, ATP binding proteins on ABC transporters, and
Na+/H+ antiporter), 7 are substrate-binding lipoproteins, 11 are soluble proteins on the
periplasmic end (e.g., putative porins), and the remaining ones are peripheral proteins on the
cytoplasmic side.
Cross-comparison between the current dataset and that in (Pisareva et al. 2011) (see
Supplemental Table S2) also revealed multiple instances where proteins previously deemed
localized to TM or PM were in fact found quantitatively enriched in the other membrane. Seven
TM proteins from the current study were identified in the PM by Pisareva et al., and 16 PM
proteins from the current study were found in the TM by Pisareva et al. Excluding
hypothetical/unknown proteins, 3 TM proteins identified in the current study included two
(Sll0897 and Sll1260) peripheral proteins on the cytoplasmic end, plus lipoprotein Sll0915. Out
of 10 PM proteins, 4 are integral membrane proteins (e.g., two-component regulatory proteins
and binding proteins), 2 are lipoproteins (GgtB and Slr0804) with the remaining being soluble
proteins. The remainder of unique proteins found by (Pisareva et al. 2011) (57 TM and 79 PM
proteins) were either not detected or excluded through our analysis pipeline requirement of
multiple peptide identifications per protein, (27 TM and 38 PM proteins), or quantitatively
rejected due to p-value criterion (30 TM and 96 PM proteins). Overall, these proteins are
distributed across different functional categories; however, a significant portion of these has
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photosynthesis/respiratory function or are hypothetical/unknown proteins. A detailed comparison
of TM/PM proteins between these two data sets is included in Supplemental Table S2.
Synechocystis 6803 is a gram-negative photosynthetic bacterium, and therefore, the
general PM features are predicted to resemble those of a gram-negative bacterium such as E.
coli. In addition, since a cyanobacterial ancestor was the progenitor of plant chloroplasts, the
Synechocystis 6803 TM membrane properties might also be correlated to that of a plant species
such as the model plant Arabidopsis thaliana. Based on this premise, we carried out a
comparative study by using literature data available on topologies of E. coli PM (von Heijne
2006) and Arabidopsis TM (Ferro et al. 2010) (Fig. B.7). As shown in Fig. B.7a, both E. coli and
Synechocystis 6803 have an almost similar amount of PM proteins (17% vs. 13% of total
proteins in E. coli (Tatusova et al. 2015) and Synechocystis 6803 (UniProt: a hub for protein
information 2015), respectively), but two categories (namely, transport proteins and proteins
involved in cellular processes such as biogenesis, cell envelope development, DNA
replication/repair, and regulation) differ considerably. In contrast to 13% of PM proteins
involved in transport in Synechocystis 6803, E. coli has 40% proteins involved in various
transport activities (e.g., export/import, active/passive transport). Interestingly, a significant
portion of Synechocystis 6803 transport proteins is involved in generic ABC transporters,
whereas the majority of E. coli transporter proteins are substrate specific (e.g., amino acid
transporters). This difference might be primarily due to their physiological differences: while
Synechocystis 6803, as a photosynthetic bacterium, is able to synthesize all essential amino acids,
E. coli is equipped to import these when available, without expending energy on their production
(Shimizu 2014). Compared to a mere 6% of E. coli PM proteins, a staggering 31% Synechocystis
6803 PM proteins are involved in various cellular processes such as cell envelope development,
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DNA modification, restriction, modification, recombination, and repair, regulatory functions,
transcription, and translation. Another interesting difference is the localization of electron
transfer chain: while in E. coli the entire electron transfer chain is in the PM, in Synechocystis
6803 it mostly functions in the TM. It is interesting to note that the evolutionary line of bacteria
involves the transition from anoxygenic to oxygenic photosynthesis, and in purple anoxygenic
photosynthetic bacteria, reaction centers are located in a structure called the intracytoplasmic
membrane, which is a specialized invagination of the plasma membrane (Sener et al. 2007). This
is in contrast to the autonomous nature of the PM and TM in cyanobacteria.
Fig. B.7b shows the comparison between Arabidopsis and Synechocystis 6803 TM
proteins. While proteins from the majority of categories, such as photosystems, binding, and
NDH, have similar contributions across these two photosynthetic species, the main differences
lie in the corresponding contributions of metabolic and unknown proteins. About 44% of
Synechocystis 6803 TM proteins have unknown functions, which might be due to differences in
the levels of annotation of these two species. In contrast, compared to less than 1% of
Synechocystis 6803 TM metabolic proteins, about 14% of Arabidopsis TM proteins function as
metabolic proteins mainly in vitamin, pigment, and lipid metabolism. Given that a cyanobacterial
ancestor was the progenitor of chloroplasts via an endosymbiotic event, these differences point to
the changes that have occurred during the evolution of modern-day chloroplasts.
To summarize, the Synechocystis 6803 PM functions similarly to a gram-negative
bacterial PM with additional activities across different cellular processes, while the TM behaves
in a slightly different way compared a plant TM, with lesser activities in metabolic processes.
Overall, the Synechocystis 6803 membrane systems can be considered as a gram-negative
bacterial PM membrane system with bioenergetic electron transfer functioning in the TM.
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Table B.1: Identified peptide and proteins details.
Table B.2: List and analysis of total proteins detected and quantified.
Tables B.1-B.2 can be found at:
http://www.mcponline.org/content/early/2016/04/07/mcp.M115.057240/suppl/DC1.
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Table B.3: Distribution of TM integral proteins with Log2 ratio of -2 or less across different
pathways/subsystems.
Proteins

Function

Subsystem/Pathway

Sll0026

NADH dehydrogenase subunit 5
(involved in constitutive, low
affinity CO2 uptake)

Sll0223
Sll0226

Log2
ratio
(PM/TM)

No of
TMHa

Photosynthesis and
respiration

-3.65

16

NADH dehydrogenase subunit 2

Photosynthesis and
respiration

-4.25

14

photosystem I assembly related
protein

Photosynthesis and
respiration

-2.01

2

photosystem II PsbV protein

Photosynthesis and
respiration

-3.50

1

Sll0262

acyl-lipid desaturase (delta 6)

Fatty acid,
phospholipid and
sterol metabolism

-2.16

5

Sll0408

peptidyl-prolyl cis-trans isomerase

Translation

-2.93

1

Sll0427

photosystem II PsbO protein

Photosynthesis and
respiration

-4.85

1

Sll0450

cytochrome b subunit of nitric
oxide reductase

Amino acid
biosynthesis

-3.38

13

NADH dehydrogenase subunit 4L

Photosynthesis and
respiration

-2.85

3

Na+/H+ antiporter

Transport and
binding proteins

-2.36

12

Sll0819

photosystem I PsaF protein

Photosynthesis and
respiration

-2.40

2

Sll0851

photosystem II CP43 protein

-2.59

7

Sll0258

Sll0522
Sll0556

Photosynthesis and
186

respiration

glutathione S-transferase

Biosynthesis of
cofactors, prosthetic
groups, and carriers

-3.05

3

Sll1194

photosystem II PsbU protein

Photosynthesis and
respiration

-3.50

1

Sll1316

cytochrome b6-f complex ironsulfur subunit (Rieske iron sulfur
protein)

Photosynthesis and
respiration

-4.50

1

ATP synthase A chain of CF(0)

Photosynthesis and
respiration

-2.02

5

Sll1323

ATP synthase subunit b' of CF(0)

Photosynthesis and
respiration

-2.84

1

Sll1471

phycobilisome rod-core linker
polypeptide

Photosynthesis and
respiration

-2.78

1

Sll1513

c-type cytochrome synthesis
protein

Other categories

-3.81

8

Sll1694

pilin polypeptide PilA1

Cellular processes

-2.28

1

Sll1702

hypothetical protein YCF51

Hypothetical

-3.34

2

Sll1784

periplasmic protein, function
unknown

Unknown

-2.78

1

Slr0228

cell division protein FtsH

Cellular processes

-2.72

2

H+/Ca2+ exchanger

Transport and
binding proteins

-3.96

11

pyridine nucleotide
transhydrogenase beta subunit

Biosynthesis of
cofactors, prosthetic
groups, and carriers

-2.44

9

Slr1645

photosystem II Psb27 protein

Photosynthesis and
respiration

-2.15

1

Slr1655

photosystem I subunit XI

-2.61

2

Sll1147

Sll1322

Slr1336

Slr1434

Photosynthesis and
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respiration

a

Slr1834

photosystem I PsaA protein

Photosynthesis and
respiration

Slr2087

c-type cytochrome biogenesis
protein Ccs1

Other categories

-2.27

3

Ssr3451

photosystem II PsbE protein

Photosynthesis and
respiration

-4.15

1

Sll0862

hypothetical protein

Hypothetical

-2.84

11

Sll5034

hypothetical protein

Hypothetical

-2.96

1

Slr0637

hypothetical protein

Hypothetical

-3.68

1

Slr0813

hypothetical protein

Hypothetical

-2.54

3

Slr0962

unknown protein

Unknown

-4.26

3

Slr1261

hypothetical protein

Hypothetical

-2.08

2

Slr1273

hypothetical protein

Hypothetical

-2.22

1

Slr1470

hypothetical protein

Hypothetical

-2.70

1

Slr1471

hypothetical protein

Hypothetical

-3.39

3

Slr1624

hypothetical protein

Hypothetical

-2.71

1

Ssl0410

unknown protein

Unknown

-2.84

1

Ssl1328

hypothetical protein

Hypothetical

-3.92

1

Ssl5113

unknown protein

Unknown

-2.47

1

Ssr2406

unknown protein

Unknown

-5.86

2

-2.65

9

Number of TMH was predicted using TMHMM-v2.0 (http://www.cbs.dtu.dk/services/TMHMM-2.0)
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Table B.4: Distribution of PM integral proteins with Log2 ratio of 2 or more across
different pathways/subsystems.

Proteins

Function

Subsystem/Pathway Log2 ratio No of
(PM/TM) TMHa

Sll0108

ammonium/methylammonium
permease

Transport and
binding proteins

3.01

12

Sll0169

cell division protein Ftn2
homolog

Cellular processes

2.04

1

Sll0574

probable permease protein of
lipopolysaccharide ABC
transporter

Transport and
binding proteins

3.08

6

putative channel transporter

Transport and
binding proteins

2.01

10

Sll0993

potassium channel

Transport and
binding proteins

2.67

3

Sll1276

ATP-binding protein of ABC
transporter

Transport and
binding proteins

2.09

3

Sll1695

pilin polypeptide PilA2

Cellular processes

3.19

1

Slr0114

putative PP2C-type protein
phosphatase

Unknown

2.71

2

Slr0369

RND multidrug efflux
transporter

Transport and
binding proteins

2.05

11

Slr0593

cAMP binding membrane
protein

Unknown

2.11

6

Slr0615

ATP-binding protein of ABC
transporter

Transport and
binding proteins

2.53

6

Slr0678

biopolymer transport ExbD like Transport and
protein
binding proteins

2.56

1

Sll0855
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Slr0798

zinc-transporting P-type
ATPase (zinc efflux pump)
involved in zinc tolerance

Transport and
binding proteins

2.27

5

Slr1149

ATP-binding protein of ABC
transporter

Transport and
binding proteins

2.66

5

Slr1216

Mg2+ transport protein

Transport and
binding proteins

2.12

3

Slr1423

UDP-N-acetylmuramatealanine ligase

Cell envelope

2.91

1

Slr1515

putative membrane protein
required for bicarbonate uptake

Hypothetical

2.54

12

Slr1575

probable potassium efflux
system

Transport and
binding proteins

2.28

2

Sll0267

unknown protein

Unknown

2.14

3

Sll0283

hypothetical protein

Hypothetical

2.31

4

Sll0384

unknown protein

Unknown

2.01

4

Sll0505

hypothetical protein

Hypothetical

2.15

2

Sll0602

hypothetical protein

Hypothetical

2.25

1

Sll0727

hypothetical protein

Hypothetical

2.21

11

Sll1608

hypothetical protein

Hypothetical

2.09

7

Sll2003

hypothetical protein

Hypothetical

2.02

11

Slr0060

unknown protein

Unknown

2.09

1
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a

Slr0594

hypothetical protein

Hypothetical

2.65

4

Slr0625

hypothetical protein

Hypothetical

2.59

11

Slr0818

hypothetical protein

Hypothetical

2.02

1

Slr0960

unknown protein

Unknown

2.31

3

Slr1257

unknown protein

Unknown

2.05

2

Slr1875

hypothetical protein

Hypothetical

2.05

4

Slr1927

hypothetical protein

Hypothetical

2.16

2

Slr2011

hypothetical protein

Hypothetical

2.24

3

Number of TMH was predicted using TMHMM-v2.0 (http://www.cbs.dtu.dk/services/TMHMM-2.0)
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Figure B.1: Distribution of ppm mass accuracy for all identified spectra.
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Figure B.2: Heat map of differentially abundant membrane proteins.
LC-MS/MS quantification of >1400 proteins resulted in the identification of 459 PM and 176
TM proteins observed with significantly different membrane localization after direct comparison,
p-value <0.05, between plasma and thylakoid membrane sample preparations. Proteins were
hierarchically clustered using a Pearson correlation distance metric. Three biological replicates
of PM and TM samples were analyzed (as shown), which included the additional averaged
technical replicate values for TM rep 2 and TM rep 3. The red-green color scale depicts
normalized log2 ratio values of PM to TM abundance of any individual membrane protein (Red:
high, Green: low).
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Figure B.3: Reverse volcano plot of all quantified protein identifications comparing PM
and TM results.
Shown in red dotted line is the >0.05 p-value cut-off, resulting in the 635 proteins deemed
differentially abundant between PM and TM preparations.
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Figure B.4: Functional categorization distribution of proteins between PM and TM
analyzed preparations.
Shown is the most abundant and relevant functional categorization populated by proteins
enriched in either PM or TM preparations, demonstrating clear segregation of cellular processes.
Categorization is based upon CyanoBase annotation.
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Figure B.5: Predicted topology of identified a TM and b PM proteins in Synechocystis 6803.
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Figure B.6: Schematic drawing showing distribution of functional roles between PM and
TM.
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Figure B.7: Comparative analysis of membrane proteins.
a E. coli PM vs. Synechocystis PM, and b Arabidopsis TM vs. Synechocystis TM.
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Appendix C
Non-tenera Contamination and the Economic
Impact of SHELL Genetic Testing in the
Malaysian Independent Oil Palm Industry

This work was originally published in Frontiers in Plant Science. Leslie Cheng-Li Ooi, Eng-Ti
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Murad, Nathan Lakey, Jared M. Ordway, Anthony Favello, Muhammad A. Budiman, Andrew Van Brunt,
Melissa Beil, Michael T. Leininger, Nan Jiang, Steven W. Smith, Clyde R. Brown, Alex Chun Seng
Kuek, Shabani Bahrain, Allison Hoynes-O'Connor, Amelia Y. Nguyen*, Hemangi G. Chaudhari, Shivam
A. Shah, Yuen May Choo, Ravigadevi Sambanthamurthi, and, Rajinder Singh. Non-tenera
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*A.Y.N. created the economic model, analyzed the data, and wrote the paper.
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C.1 Introduction
C.1.1 Abstract
Oil palm (Elaeis guineensis) is the most productive oil bearing crop worldwide. It has
three fruit forms, namely dura (thick-shelled), pisifera (shell-less) and tenera (thin-shelled),
which are controlled by the SHELL gene. The fruit forms exhibit monogenic co-dominant
inheritance, where tenera is a hybrid obtained by crossing maternal dura and paternal pisifera
palms. Commercial palm oil production is based on planting thin-shelled tenera palms, which
typically yield 30% more oil than dura palms, while pisifera palms are female-sterile and have
little to no palm oil yield. It is clear that tenera hybrids produce more oil than either parent due to
single gene heterosis. The unintentional planting of dura or pisifera palms reduces overall yield
and impacts land utilization that would otherwise be devoted to more productive tenera palms.
Here we identify three additional novel mutant alleles of the SHELL gene, which encode a type
II MADS-box transcription factor, and determine oil yield via control of shell fruit form
phenotype in a manner similar to two previously identified mutant SHELL alleles. Assays
encompassing all five mutations account for all dura and pisifera palms analyzed. By assaying
for these variants in 10,224 palms or seedlings, we report the first large scale accurate genotypebased determination of the fruit forms in independent oil palm planting sites and in the nurseries
that supply them throughout Malaysia. The measured non-tenera contamination rate (10.9%
overall on a weighted average basis) underscores the importance of SHELL genetic testing of
seedlings prior to planting in production fields. By eliminating non-tenera contamination,
comprehensive SHELL genetic testing can improve sustainability by increasing yield on existing
planted lands. In addition, economic modelling demonstrates that SHELL gene testing will confer
substantial annual economic gains to the oil palm industry, to Malaysian gross national income
and to Malaysian government tax receipts.
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C.1.2 Oil Palm
The Elaeis genus comprises two interfertile species, E. guineensis of West African origin
and E. oleifera of Central and South American origin (Zeven 1965; Cochard et al. 2005). Due to
higher oil yield, E. guineensis is the predominant species in commercial planting sites, and oil
palm cultivation accounts for 45% of edible oil production worldwide. Oil palm has three
naturally occurring fruit forms (dura, pisifera and tenera) which vary in oil yield depending on
the presence and thickness of the distinct lignified shell surrounding the fruit kernel. Dura fruits
have a thick shell (2-8 mm) and produce approximately 5.3 tons of oil per hectare per year.
Pisifera fruits have no shell, are typically female sterile, and bunches prematurely rot prior to oil
production. Crosses of dura and pisifera palms produce hybrids having tenera fruit with a
relatively thin shell (0.5-3 mm) surrounded by a distinct fiber ring and can produce from 7.4 tons
(Hartley 1988) to as high as 13.6 tons of oil per hectare per year, as seen in elite individuals
(Sharma and Tan 1999). Therefore, tenera hybrids produced by selection of maternal (dura) and
paternal (pisifera) pools are the basis for commercial palm oil production throughout southeast
Asia (Rajanaidu et al. 2000).
The shell fruit form phenotype displays co-dominant monogenic inheritance (Beirnaert
and Vanderweyen 1941). Our previous identification of the SHELL gene and two mutations
responsible for tenera and pisifera fruit forms explained the single gene heterosis exhibited in
tenera palms (Singh, Low et al. 2013). The discovery was recently independently verified and
converted to a PCR based assay (Ritter et al. 2015). SHELL is a type II MADS-box transcription
factor homologous to Arabidopsis SEEDSTICK (STK) and rice OsMADS13, which are
members of transcription factor networks controlling differentiation of the ovule, seed and
lignified endocarp in Arabidopsis (Favaro et al. 2003; Pinyopich et al. 2003; Dinneny and
Yanofsky 2005) and ovule differentiation and female fertility in rice (Dreni et al. 2007). MADS-
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box proteins function through heterodimerization with other MADS-box family members, and as
predicted by homology, wild-type SHELL heterodimerizes with the rice SEPALLATA MADSbox protein, OsMADS24, in yeast two-hybrid assays (Singh, Low, et al., 2013). The shMPOB
mutant allele, identified among descendants of the Nigerian tenera accession T128, is a T-to-C
polymorphism that results in a leucine-to-proline amino acid change within the highly conserved
MADS-box domain. The shAVROS mutant allele, identified within a multigenerational pedigree
spanning five-decades segregating for the Congo-derived AVROS pisifera allele, is an A-to-T
polymorphism resulting in a lysine-to-asparagine substitution, which is two amino acids
carboxy-terminal to the shMPOB amino acid change (Singh et al. 2013). Both mutations occur
within the α-helical structure, characteristic of all MADS-box domains, which is involved in both
heterodimerization and DNA binding. Palms producing thick-shelled dura fruits are homozygous
for the wild-type (ShDeliDura) nucleotide at each of the two variant nucleotide positions.
Heterozygosity for either the shMPOB or shAVROS alleles (ShDeliDura/shMPOB or ShDeliDura/shAVROS)
results in palms producing thin-shelled tenera fruits. Palms homozygous for either mutation or
heteroallelic for both mutations (a shAVROS mutation on one chromosome and a shMPOB mutation
on the other) produce shell-less pisifera fruits. Cases of heteroallelic pisifera palms indicated that
shAVROS and shMPOB alleles do not complement each other, thus confirming the identity of the
SHELL gene (Singh et al. 2013).
The intention of the oil palm industry is to plant only high-yielding tenera hybrids in
production fields. However non-tenera contamination can arise due to several reasons, including
unintentional use of pollen from a non-pisifera palm, self-pollination of dura parental palms,
open pollination of dura parental palms by surrounding dura palms, and imprecise selection of
seeds or seedlings (Corley 2005). The phenotypic identification of non-tenera contaminant palms
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is based on the observation of a cross-section of mature fruit. Since fruiting first occurs three to
four years after field planting, the replacement of contaminants is not economical due to the large
size of palms at this stage. With the discovery of SHELL and the mutations responsible for fruit
form, DNA-based fruit form prediction is possible in nurseries prior to field planting.
We report the application of SHELL genetic testing in the assessment of non-tenera
contamination rates in planting and nursery sites throughout Malaysia. Contamination rates are
substantially higher than the <1% theoretically achievable through careful control of pollination
(Corley 2005). DNA sequencing identified three novel mutant alleles of SHELL, each resulting
in the tenera fruit form when heterozygous. Like the shAVROS and shMPOB mutations, each mutant
allele is a missense mutation resulting in substitution of a conserved amino acid within the
SHELL MADS-box domain, indicating that all five SHELL mutations share a common or closely
related molecular mechanism impacting oil palm fruit form.
We also constructed a 48-parameter, 4-stage economic model to determine the losses
incurred by the inadvertent cultivation of non-tenera palms in Malaysia. The findings suggest
that comprehensive DNA-based screening and removal of non-tenera contaminants at the
nursery will increase yield and result in substantial economic gains while optimizing use of
existing planted area – a positive step towards sustainability.

C.2 Material and Methods
C.2.1 Sampling of Independent Planting Sites and Nurseries
Non-tenera contamination rates were assessed in representative independent planting
sites surrounding the Malaysian Palm Oil Board’s (MPOB’s) 6 research stations, located in
Peninsular Malaysia (Teluk Intan, Kluang, Keratong, Hulu Paka), Sarawak (Sessang) and Sabah
(Lahad Datu). Non-tenera contamination rates were also assessed in three independent nursery
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sites in each of seven sampling sub-regions encompassing the six geographical locations selected
for the independent planters. The seven sampling sub-regions include Perak, Selangor, Negeri
Sembilan, Melaka, Johor and Sarawak. In total, approximately 200 palms from each of 36
independent planting sites (n = 6,272) and from each of 21 nursery sites (n = 3,952) were
randomly selected and genotyped by allele-specific PCR.

C.2.2 PCR-based Genetic Testing
In a total of 10,224 samples, genotypes at the shAVROS and shMPOB variant nucleotide
positions

were

determined

by

SureSawitTM

http://orionbiosains.com/products/suresawit

SHELL

Kit

(Orion

Biosains,

shell/protocol/sybr-green-dye-detection).

Approximately 20 ng of genomic DNA were used as template for each of four independent
allele-specific PCR reactions: (i) exon 1 specific primers in which one primer overlapped the
shMPOB variant nucleotide with the wild-type base and amplified only the wild-type allele at the
variant nucleotide position, (ii) exon 1 specific primers in which one primer overlapped the
shMPOB variant nucleotide with the shMPOB base and amplified only the shMPOB allele at the variant
nucleotide position, (iii) exon 1 specific primers in which one primer overlapped the shAVROS
variant nucleotide with the wild-type base and amplified only the wild type allele at the variant
nucleotide position, and iv) exon 1 specific primers in which one primer overlapped the shAVROS
variant nucleotide with the mutant base and amplified only the shAVROS allele at the variant
nucleotide position. PCR wells were scored for amplification at end point by SYBR Green
emission. Genotypes were scored based on the amplification pattern across the four reactions.
Samples that are wild-type at both variant positions (ShDeliDura/ShDeliDura) amplify in reactions (i)
and (iii) only. ShDeliDura/shMPOB samples amplify in reactions (i), (ii) and (iii) only.
ShDeliDura/shAVROS samples amplify in reactions (i), (iii) and (iv) only. shAVROS/shAVROS samples
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amplify in reactions (i) and (iv) only. shMPOB/shMPOB samples amplify in reactions (ii) and (iii)
only. Finally, heteroallelic shAVROS/shMPOB samples amplify in all four reactions. Primer
sequences and PCR conditions are provided in Table C.1.

C.2.3 DNA Sequencing
A total of 1,132 palm or seedling samples were genotyped by allele-specific PCR as wildtype at both the shAVROS and shMPOB variant nucleotide positions. Although these palms or
seedlings would be predicted to be dura phenotype based on the genotypes at the shAVROS and
shMPOB positions alone, they could, in fact, be tenera phenotype due to SHELL mutations
independent of the shAVROS and shMPOB mutations. Therefore, exon 1 of SHELL was PCR
amplified using flanking intronic primers (Singh et al. 2013) and Sanger sequenced.

Primer

sequences were confirmed to be unique in the reference pisifera genome and free of polymorphic
nucleotides (Singh, Ong-Abdullah, et al., 2013). SHELL exon 1 was amplified from 20 ng of
purified genomic DNA under standard PCR amplification conditions (Singh, Low, et al., 2013).
Amplicons were treated with exonuclease I and shrimp alkaline phosphatase to remove
unincorporated primers and deoxynucleotides. An aliquot of each amplicon was Sanger
sequenced (ABI 3730) using an amplicon specific primer. All sequencing data was aligned to the
reference pisifera genome sequence, and data were analyzed to determine the genotype at each
exon 1 base. SHELL exons 2-7 were similarly Sanger sequenced in a subset of samples. Exons 36 were amplified using an intron 2 forward primer and an intron 6 reverse primer. Exons 2 and 7
were separately amplified using intronic primers flanking each exon. All primer sequences and
PCR conditions are provided in Table C.1.
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C.2.4 Genotype/Phenotype Comparisons
To determine concordance of fruit form phenotype with SHELL genotype, 512 previously
unanalyzed samplings were phenotyped by visual inspection of shell thickness in cross-sectioned
ripe fruits and genotyped by Sanger sequencing of SHELL exon 1, as described above.
Phenotyping and genotyping were performed by different individuals. Individuals involved in
phenotyping were blinded to genotyping calls, and individuals involved in genotyping were
blinded to phenotyping calls. Genotypes and phenotypes were compared only after each set of
calls was finalized. To address initial genotype/phenotype discordances, 15 discordant palms, as
well as 15 palms that were concordant in the initial analysis, were sampled a second time for
independent blinded phenotyping and genotyping as described above.

C.2.5 Economic Impact Modeling of Comprehensive SHELL Genetic Testing
To assess the economic impact of SHELL genetic testing on the Malaysian oil palm
industry, Malaysian gross national income (GNI) and tax revenues of the Malaysian government,
a 48-parameter, four-stage economic model that involves breeders, nurseries, planting sites and
mills was constructed (Table C.2). In the model, two scenarios were compared – a baseline
scenario representing the current state of the independent planters and a SHELL gene testing
scenario, which forecasts changes in the production of crude palm oil (CPO), palm kernel oil
(PKO), and palm kernel cake (PKC) in the deployment of comprehensive DNA testing and
culling at the nursery stage. Contamination rates utilized for economic modeling were based on
weighted averages of observed contamination in the surveyed independent planting sites, as
these values represent the closest approximation of contamination currently in production fields.
Observed contamination rates within each planting region were weighted according to the
hectare size of planting area for each region, resulting in the pisifera (2.8%) and dura (8.1%)
contamination rates utilized in the baseline scenario. Note that non-weighted contamination rates
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are reported in Table C.3. Assuming that comprehensive SHELL gene testing would enable the
molecular based identification and subsequent culling of all contaminant pisifera and dura palms
at the nursery stage, we modelled 100% tenera rates in the selected sites in the SHELL gene
testing scenario.
Monte Carlo simulation was used to mimic variation around 4 key fruit composition
parameters including fruit to bunch, mesocarp to fruit, shell to fruit and kernel to fruit for tenera
and dura palms, where 1,000 values were selected at random from normal distributions of each
parameter for each fruit form for each year in the 60 -year simulation (Table C.2). For pisifera
palms in the baseline scenario, we assumed these trees produced no fruit and were a complete
loss.
We held planted area managed by independent planters at reported 2015 levels
throughout the simulation (0.809M HA, representing 15% of the 5.39M HA of total planted area
in Malaysia), and assumed an average planting density of 143 palms per hectare. Assumptions
surrounding the age structure and productivity of palms in year 0 of the simulation are
summarized in Table C.2, as are mill extraction efficiencies and other parameters.
The mass of CPO, PKO, and PKC for the baseline and SHELL testing scenarios were
computed from the following mass balance equations:
(i)

FFB (fresh fruit bunch) = EFB (empty fruit bunch) + PF (palm fruit);

(ii)

PF (palm fruit) = Msc (mesocarp) + PK (kernel) + PKS (palm kernel shell);

(iii)

Msc (mesocarp) = CPO (crude palm oil) + MF (mesocarp fruit fibre) + POMEMSC

(fraction of palm oil mill effluent from mesocarp);
(iv)

PK (kernel) = PKO (palm kernel oil) + PKC (palm kernel cake) + WWPK (fraction of

palm kernel mill waste water from kernel).
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Substituting terms of equation (i) with equations (ii), (iii) and (iv) yields equation (v):
(v)

FFB = EFB + CPO + MF + POMEMSC + PKO + PKC + WWPK + PKS.
To determine the selling price (P) of CPO and PKO at a future date (i.e., future month A),

a regression of monthly closing prices denominated in Malaysian Ringgit from January 1995
through April 2015 for CPO (http://www.indexmundi.com/commodities/?commodity=palm
oil&months=360&currency=myr) and from January 1996 through April 2015 for PKO
(http://www.indexmundi.com/commodities/?commodity=palm-kernel
oil&months=360&currency=myr), was computed and the following exponential trend equations
and effective inflation rates were determined and used in the model (historic prices for PKO
denominated in Malaysian Ringgit were not available in 1995):
PCPO(month A) = 1107.9 x e(0.0039 x B); an effective inflation rate of 4.79%
PPKO(month A) = 1602.5 x e(0.0037 x B); an effective inflation rate of 4.54%
where B equals the number of months from January 1995 to Month A.
A price inflation rate of 4.79% (based on the effective inflation rate of CPO) and a bond
rate of 3.55% were used for time value of money corrections, an economic multiplier of 1.511
(as determined for oil palm primary products in Malaysia) (Bekhet 2011) was used to convert
industry economic gains into increases in gross national income, and a weighted average tax rate
of 25% (the standard Malaysian corporate income tax rate since 2009) applied to increases in
gross national income was used to compute increases in Malaysian government tax receipts. The
costs of sampling and culling labor at the nursery, shipping sampled material to a centralized
laboratory and the costs of SHELL allele testing were not included in the model.
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C.3 Results
C.3.1 Non-tenera Contamination Trial Design
Adult palms and seedlings were selected among 6 planting sites and 3 nearby
independent nurseries within multiple geographical regions throughout peninsular Malaysia,
Sabah and Sarawak (Table C.3). The number of sampled palms per region ranged from 539 to
1,133, for a total of 10,224 independent palms. To ensure that the palms sampled from each site
were representative, plants were randomly selected from several operational areas within each
site. SHELL genotypes for two previously described mutations (shAVROS and shMPOB) were
determined by allele-specific PCR assays designed to amplify either the dura or pisifera allele
(Materials and Methods). In addition to shAVROS and shMPOB mutant alleles, Table 1 includes three
novel SHELL mutations described below.

C.3.2 Non-tenera Contamination
Palms were classified as genetically non-tenera if the genotype was either homozygous
wild type at both variant nucleotide positions and therefore dura fruit form, or homozygous or
heteroallelic for shAVROS and/or shMPOB mutant alleles (shAVROS/shAVROS, shMPOB/shMPOB or
shAVROS/shMPOB) and therefore pisifera fruit form. Palms that were homozygous or heteroallelic
for any of three novel SHELL gene mutations, described below, were also classified as non
tenera. Palms identified as genetically dura were confirmed by DNA sequencing to have no
other SHELL gene mutations that could have caused the palm to be a tenera phenotype palm
(Materials and Methods). The unadjusted non-tenera contamination across all palms sampled
was 10.7% (95% confidence interval (CI) 10.1% - 11.9%) (Table C.3). The average
contamination rates from each region were then weighted by each region’s respective total oil
palm planted area resulting in a national weighted average contamination rate in independent
planting sites of 10.9% (2.8% pisifera and 8.1% dura).
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Both dura and pisifera contamination were observed in each region with dura
contamination exceeding that of pisifera in each case (Table C.3). This finding indicates that
contamination is not completely explained by self or open pollination of dura palms by dura
pollen (which would yield only dura seeds) or by unintentional pollination of dura palms by
tenera pollen (which would yield dura or tenera seeds), as pisifera seeds could only be produced
from tenera x pisifera or tenera x tenera crosses. Regional unweighted non-tenera
contamination ranged from 2.5% (Region 4) to 23.1% (Region 7). There was significant
variation in non-tenera contamination between different sites within a given region, with the
exception of the two lowest overall contamination sites (Regions 3 and 4) (Fig. C.1).
Furthermore, individual sites with very high contamination rates were identified, for example,
site 7a with 63.5% (95% CI 56.5% - 70.1%) non-tenera palms and site 11b with 60.1% (95% CI
52.9% - 67.0%) non-tenera palms. Only 6 of 57 sites had no detectible non-tenera palms (Fig.
C.1). Palms of all age groups sampled (from less than 5 years to greater than 10 years after
planting) showed non-tenera contamination, indicating that current controlled pollination
practices have not overcome the problem.

C.3.2 Identification of Novel Mutant Alleles of SHELL
We previously identified two independent but closely related mutations within the
SHELL MADS-box domain (shAVROS and shMPOB) that each results in the tenera fruit form
phenotype when heterozygous and the pisifera fruit form phenotype when homozygous or
heteroallelic with each other (Singh et al. 2013). However, recognizing that additional mutant
alleles of SHELL could exist in commercial material, exon 1 of the SHELL gene (encoding the
entire MADS-box domain) was sequenced in each of the DNA samples with a wild-type
genotype at both the shAVROS and shMPOB nucleotide variant positions (Materials and Methods).
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Among 1,132 palms genotyped as homozygous wild-type at the shAVROS and shMPOB
nucleotide positions, 235 (20.8%) were heterozygous for one of three novel non-synonymous
nucleotide variants within the MADS-box coding region (Table C.4, Fig. C.2a), and no palms
were found to be homozygous for these variants. Two variants (shMPOB2 (lysine-to-glutamine)
and shMPOB4 (lysine-to-asparagine)) result in the substitution of the same conserved lysine six
residues amino-terminal to the shMPOB leucine-to-proline position. The shMPOB3 variant results in
an alanine-to-aspartate substitution 10 residues carboxy-terminal to the shAVROS lysine-toasparagine position (Fig. C.2). The three novel mutant SHELL alleles varied in frequency. The
shMPOB2 variant was detected in 1.4% of the 10,224 palms analyzed (Table C.4), and was present
in 7 of the 13 geographic regions at rates ranging from 0.1% (Region 1) to 6.4% (Region 10).
The shMPOB3 variant was detected in 7 of 13 regions, at a rate ranging from 0.6% (Region 3) to
2.1% (Region 1), representing 0.8% of all palms analyzed. Finally, the shMPOB4 variant was
detected in only two palms (in Region 1 and Region 3), representing 0.02% of all palms
analyzed. Given the conservation of these residues within the MADS-box domain motif (Fig.
C.2b) and the proximity to the mutations previously shown to determine fruit form phenotype
(Singh, Low, et al., 2013), we hypothesized that these variants represent novel mutant alleles of
SHELL that also control oil palm shell fruit form. Note that the non-tenera contamination rates
described in Table C.3 and Fig. C.1 were calculated based on all five SHELL gene variants. All
seven exons of SHELL were sequenced in a panel of 112 palms that were homozygous wild-type
at all five variant nucleotide positions. While three synonymous single nucleotide
polymorphisms (SNP) were identified within exon 7, these would not be predicted to impact fruit
form as they code for the wild-type amino acid. One non-synonymous SNP resulting in a
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conservative glutamate-to-aspartate substitution 12 amino acids from the SHELL carboxy
terminus was identified.
To demonstrate that the three novel mutant SHELL alleles conferred the shell fruit form
trait, adult oil palms from populations in which the alleles were detected were sampled and
scored for fruit form. In total, 512 sampled palms with mature fruit bunches were visually
phenotyped and DNA sequenced (Materials and Methods). In an initial genotype-by-phenotype
comparison, 97.1% of genotypes matched the predicted phenotype, assuming that all 5 mutant
alleles result in tenera phenotype when heterozygous and pisifera phenotype when homozygous.
A 2.9% discordance rate is within the accuracy norms of visual phenotyping in plantation
settings (Singh et al. 2013). The 15 discordant palms included 9 ShDeliDura/shAVROS palms and 1
ShDeliDura/shMPOB2 palm phenotyped as dura, 2 shAVROS/shAVROS palms and 1 ShDeliDura/ ShDeliDura
palm phenotyped as tenera and 2 ShDeliDura/shAVROS palms phenotyped as pisifera. There were no
discordances in which a genotypically pisifera palm was phenotyped as dura, or vice versa, as
these phenotypes are the most easily discriminated by visual inspection of shell thickness.
However, in addition to a low rate of visual phenotyping inaccuracy, discordances could arise
due to inaccuracies of genotyping as well as due to potential sample collection and processing
errors that may arise, especially under conditions where hundreds to thousands of samples are
collected in field settings. To address this, the 15 discordant palms, as well as 15 palms that were
concordant in the initial analysis, were sampled a second time for independent blinded
phenotyping and genotyping (Materials and Methods). In this independent round of sampling, no
phenotype or genotype changes occurred among the 15 originally concordant palms, and
therefore these remained genotype-by-phenotype concordant. However, among the 15 originally
discordant palms, all 15 were either scored as a different phenotype than in the first sampling (6
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palms) or genotyping of the repeated sampling yielded a different genotype than the first
sampling (9 palms), and these changes resolved each of the 15 discordances. These results
suggest that the very low rate of discordances was due to a combination of phenotyping and
sample processing inaccuracies. First, all genotyping in this genotype-by-phenotype comparison
was performed by Sanger DNA sequencing, which has a very low error rate. Second, if
genotyping inaccuracies were the cause of discordances, then genotype calls should have
changed at a similar rate among the initially concordant and discordant palm sets. However, 60%
of initial discordant palms changed genotype upon second sampling compared to no palms
changing genotype within the initially concordant set (p<0.0003, chi squared test). To further
support this conclusion, we performed three independent PCR amplification and Sanger
sequencing assays on each of the 30 original sampling DNA preps, as well as each of the 30
resampled DNA preps. In every case (180 independent assays), genotype calls were consistent
between replicated assays of the same sample and agreed with the original genotype call of the
same prep, thus demonstrating the accuracy of genotype calls.
After resolution of rare discordances, the five SHELL MADS box domain mutations
accounted for 100% of observed tenera and pisifera phenotypes (Table C.5, Fig. C.3). Among
the 422 phenotypically tenera palms, 385 were heterozygous shAVROS/ShDeliDura, 2 were
heterozygous shMPOB/ShDeliDura, 2 were heterozygous shMPOB2/ShDeliDura, 31 were heterozygous
shMPOB3/ShDeliDura and 2 were heterozygous shMPOB4/ShDeliDura. All 56 phenotypically dura palms
were wild-type at each of the five variant positions. Finally, among 34 phenotypically pisifera
palms, 33 were homozygous shAVROS/shAVROS and one was heteroallelic with the shMPOB2 allele on
one chromosome and the shAVROS allele on the other. This heteroallelic pisifera palm suggests
that shMPOB2 does not complement the shAVROS allele, thus confirming that the shMPOB2 mutation
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(and, likely, the shMPOB4 mutation, as it involves substitution of the same amino acid)
functionally determines oil palm shell fruit form. Furthermore, the 100% concordance between
heterozygosity for shMPOB3 and tenera phenotype strongly supports the conclusion that this allele
is functionally equivalent to the other four mutant alleles. The finding that all tenera (n = 442)
and all pisifera (n = 34) phenotype palms could be explained by heterozygous (tenera) or
homozygous/heteroallelic (pisifera) mutations involving the five SHELL MADS box domain
mutations indicates that the single conservative missense amino acid substitution detected in
exon 7 likely does not impact shell fruit form phenotype. While additional mutant alleles
impacting fruit form may be present in other oil palm populations, the data confirm that the three
novel SHELL alleles affect fruit form and suggest that these five mutations are responsible for at
least the vast majority of tenera and pisifera phenotypes within this wide sampling of planting
sites and nurseries.

C.3.4 Economic Impact Modeling of Comprehensive SHELL Genetic Testing
Nursery stage DNA testing of the estimated 3.9 million palms planted at independent
planting sites each year would enable nursery operators to cull contaminant palms before they
are field planted. To assess the economic impact of SHELL genetic testing in the independent
sector, a 48-parameter, four-stage economic model that involves breeders, nurseries, planting
sites and mills was constructed (Table C.2, Materials and Methods). The monthly closing prices
for crude palm oil (CPO) and palm kernel oil (PKO) and the fit of the regression curves for CPO
and PKO are plotted in Figs. C.4a and Fig. C.4b, respectively, where the regression equations
were able to explain 48.43% and 41.68% of the historical pricing data, and regression predictions
were used for future CPO and PKO pricing in the model (Materials and Methods). The economic
model determined two curves, which compute the annual gains at steady state excluding
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sampling, testing and culling costs i) to the oil palm industry, ii) to Malaysian gross national
income (GNI), and iii) to the Malaysian government in the form of increased tax revenues. The
gains are determined as a function of the weighted average national independent planting
site pisifera (Fig. C.4c) and dura (Fig. C.4d) contamination prevented in the SHELL gene
screening scenario (Materials and Methods). The SHELL gene-screening scenario would increase
GNI, industry income, and government tax income as low yielding contaminant palms are
replaced by high yielding tenera palms. At steady state, SHELL gene DNA testing in the
independent sector alone would add Malaysian ringgit (RM) 1.05 billion to Malaysian GNI
annually by comprehensive screening (or RM 272 in gains per screened palm - including all
tenera and non-tenera palms tested), RM 0.693 BN of increased production annually to oil palm
industry members (or RM 180 per screened palm) and RM 0.26 BN of increased tax receipts
annually (or RM 68 in new taxes per screened palm) (Fig. C.5). Using the average RM to USD
exchange rate over the past 20 years of 3.5, SHELL gene DNA testing would add $300M USD to
Malaysian GNI annually (or $77.71 USD per screened palm), $198M USD of increased
production annually to oil palm industry members (or $51.42 USD per screened palm), and
$74.28M USD of increased tax receipts annually (or $19.43 USD per screened palm) (Fig. C.5).

C.4 Discussion
Since the publication of the E. guineensis and E. oleifera reference genome sequences in
2013 (Singh et al. 2013), several critical milestones toward oil palm industry sustainability have
been achieved. These advances include the identifications of the SHELL gene (Singh et al. 2013),
the VIRESCENS gene and mutations responsible for oil palm fruit colour (Singh et al. 2014), as
well as the MANTLED gene and the epigenetic abnormality responsible for the somaclonal
mantling phenotype (Ong-Abdullah et al. 2015). These discoveries have introduced strategies for
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genetic or epigenetic testing impacting sustainability by ensuring that land devoted to oil palm
production is optimally utilized. The present study will enhance the sensitivity of DNA-based
screening for non-tenera contamination through the addition of three novel mutant alleles of
SHELL to the two previously identified alleles (Singh et al. 2013). These five mutations,
clustering within a highly conserved 19 amino acid span of the MADS box domain, were
sufficient to account for all tenera and pisifera phenotype palms within the diverse geography
surveyed.
These findings, for the first time, also enabled a direct assessment of non-tenera
contamination in independent planting sites and nurseries across Malaysia. Within these
populations, contamination rates were substantially higher than the <1% contamination rate
theoretically achievable through careful control of pollination (Corley 2005). Although
contamination rates varied significantly both between surveyed regions (ranging from 2.5% to
30.0%) and between specific sites within those regions, no region was found to be free of
contamination. Overall, the measured non-tenera contamination rate across all regions/sites on a
weighted average basis was 10.9% (8.1% dura and 2.8% pisifera).
Given directly measured contamination rates among independent planting sites and
nurseries, it is possible to model the real-world economic impact of the implementation of
comprehensive SHELL genetic testing at the nursery stage in this sector, which would effectively
eliminate the inadvertent planting of non-tenera materials. Economic modeling predicts that the
comprehensive genetic testing to prevent cultivation of non-tenera palms in the independent
sector alone would add RM 1.05 BN ($300M USD) to Malaysian gross national income
annually, which represents RM 272 ($77.71 USD) in gains per screened palm. Screening would
contribute RM 0.693 BN ($198M USD) to oil palm industry members annually representing RM
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180 ($51.42 USD) per screened palm. Finally, SHELL gene testing would increase the
Malaysian tax revenues annually by RM 0.26 BN ($74.28M USD) or RM 68 ($19.43 USD) for
each palm screened. Therefore, SHELL genetic testing would have a major positive economic
impact while improving oil palm sustainability by optimizing the utilization of existing planted
area.
Although over 10,000 palms and seedlings derived from multiple sites within each of 13
geographic regions were analyzed in the present study, it is noted that this survey of 36
independent planting sites and 21 nurseries represents only a small sampling of the over 200,000
independent planting sites throughout Malaysia. The findings reveal that non-tenera
contamination is likely a concern throughout the entire palm industry, and they demonstrate that
comprehensive genetic testing will have major positive environmental and economic impacts.
However, substantially larger surveys of contamination, utilizing now available SHELL genetic
testing, will be a critical area of future oil palm research.
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Allele-specific genotyping primers
Assay ID (as
described in text)

Amplified Allele

Allele-specific
primera

Second primer

i

Wildtype allele at shMPOB
variant nucleotide

GCAAACGCCGAA
ATGGACTGA*T

GTTGCCCTAGT
CAAGGTAAAA
CTC*T

ii

Mutant allele at shMPOB
variant nucleotide

GCAAACGCCGAA
ATGGACTTT*C

GTTGCCCTAGT
CAAGGTAAAA
CTC*T

iii

Wildtype allele at shAVROS
variant nucleotide

CACAAAGGACAG
ACAACTCATAAG
G*T

GAGAATCGAG
ATTTGAGCCG*
T

iv

Mutant allele at shAVROS
variant nucleotide

CAAAGGACAGAC GAGAATCGAG
AACTCATAAGT*A ATTTGAGCCG*
T

Amplification primers for Sanger DNA Sequencing
Assay ID (as
described in text)

Forward primer

Reverse primer

Sequencing Primer

Exon 1

tcagaatttaaagaaactaaacttcacg ggatcagggataaaaggga
ta
ag

Exon 2

gaaaattatatggttagaaaatgttact
aaaggt

aggactccgacatagtcttaa gaaaattatatggttagaa
tagttagtagta
aatgttactaaaggt

Exons 3-6

tgaatcatcaaatttattacattttagcct

tgagaaaatgcattttaaacat tgaatcatcaaatttattac
aagtcac
attttagcct

Exon 7

tgctgatttctctatttatcgatgc

gatctactcaatagatgatgg
ttggtg

gatctatggaaattaataa
gtcaatatgtcagtatgtg

tgctgatttctctatttatcg
atgc

PCR conditions (allele specific assays and amplification for Sanger DNA sequencing)
Step

Condition

1

94oC, 2 minutes

2
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94oC, 30 seconds
3

58oC, 1 minute

4

72oC, 1 minute

5

72oC, 5 minutes

Steps 2-4 repeated 34
cycles

* indicates phosphorothionate bond between
3'N and 3'N-1 oligonucleotide positions.
a

Mismatched bases outside the variant nucleotide position were
intentionally included to increase specificity of allele specific primers.

Table C.1: PCR primers and conditions.
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Definition

Value

Contamination Rates:
Initial Fraction of Tenera

89.10%

Initial Fraction of Dura

8.10%

Initial Fraction of Pisifera

2.80%

Final Fraction of Tenera

100.00%

Final Fraction of Dura

0.00%

Final Fraction of Pisifera

0.00%

Plantation:
Number of trees per hectare

143

Total Planted Area (in HA)

5,392,235

Fraction Cultivated by Ind. Smallholders

15.00%

Total Planted Area of Ind. Smallholders (in HA)

808,835

Age Structure and Productivity:
Initial Fraction of immature palms (age <4)

13.00%

Initial Fraction of young palms (age 5-8)

17.00%

Initial Fraction of prime palms (age 9-18)

35.00%

Initial Fraction of aging palms (age 19-24)

20.00%

Initial Fraction of old palms (age 25-30)

15.00%

Productivity - young palms (MT FFB/HA/YR)(D&T)

15

Productivity - prime palms (MT FFB/HA/YR)(D&T)

23

Productivity - aging palms (MT FFB/HA/YR)(D&T)

17

Productivity - old palms (MT FFB/HA/YR)(D&T)

15

Milling:
CPO mill extraction efficiency

ECPO

86.00%

PKO mill extraction efficiency

EPKO

97.00%

Valuation:
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Initial CPO Price (in RM)

PCPO

2,869

Initial PKO Price (in RM)

PPKO

3,781

Initial PKC Price (in RM)

PPKC

370

CPO Price Inflation Rate

RI

4.79%

Bond Rate for Malaysia

RB

3.55%

MY Corporate Income Tax Rate

Tax

25.00%

MY Econ Multiplier (Oil Palm Primary Products)

M

1.511

Tenera: fruit to bunch (Avg.)

PF/FFB(T)(Avg.)

0.649

Tenera: fruit to bunch (Std. Dev.)

PF/FFB(T)(Std. Dev.)

0.041

Dura: fruit to bunch (Avg.)

PF/FFB(D)(Avg.)

0.612

Dura: fruit to bunch (Std. Dev.)

PF/FFB(D)(Std. Dev.)

0.038

Tenera: mesocarp to fruit (Avg.)

Msc/PF(T)(Avg.)

0.865

Tenera: mesocarp to fruit (Std. Dev.)

Msc/PF(T)(Std. Dev.)

0.027

Dura: mesocarp to fruit (Avg.)

Msc/PF(D)(Avg.)

0.612

Dura: mesocarp to fruit (Std. Dev.)

Msc/PF(D)(Std. Dev.)

0.026

Tenera: shell to fruit (Avg.)

PKS/PF(T)(Avg.)

Tenera: shell to fruit (Std. Dev.)

PKS/PF(T)(Std. Dev.)

0.008

Dura: shell to fruit (Avg.)

KS/PF(D)(Avg.)

0.306

Dura: shell to fruit (Std. Dev.)

PKS/PF(D)(Std. Dev.)

0.026

Tenera: kernel to fruit (Avg.)

PK/PF(T)(Avg.)

0.065

Tenera: kernel to fruit (Std. Dev.)

PK/PF(T)(Std. Dev.)

0.005

Dura: kernel to fruit (Avg.)

PK/PF(D)(Avg.)

0.082

Dura: kernel to fruit (Std. Dev.)

PK/PF(D)(Std. Dev.)

0.01

Tenera: CPO content of mesocarp (Avg.)

CPO/Msc(T)(Avg.)

0.55

Dura: CPO content of mesocarp (Avg.)

CPO/Msc(D)(Avg.)

0.55

Tenera: PKO content of kernel (Avg.)

CPO/Msc(T)(Avg.)

0.47

Fruit Composition (Mass Ratios):
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0.07

Dura: PKO content of kernel (Avg.)

CPO/Msc(D)(Avg.)

0.47

Abbreviations: MT, million tonnes; FFB, fresh fruit bunch; HA, hectare; T, tenera; D, dura;
CPO, crude palm oil; PKO, palm kernel oil; MY, Malaysia; PF, palm fruit; Msc, mesocarp;
PKS, palm kernel shell; PK, palm kernel; PKC, palm kernel cake; RM, Malaysian Ringgit
Table C.2: Parameters for Economic Impact Model.
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No. sites
surveyed

Palms
genotyped

tenerab (%)

durac (%)

1

6

1,132

88.9

7.4

3.7

11.1

2

6

1,133

89.1

9.7

1.1

10.9

3

6

882

96.4

2.8

0.8

3.6

4

6

1,092

97.5

2.3

0.2

2.5

5

3

539

92.8

7.1

0.2

7.2

6

3

571

79.7

20.1

0.2

20.3

7

3

576

76.9

22.7

0.3

23.1

8

3

571

84.2

15.6

0.2

15.8

9

3

550

95.8

3.8

0.4

4.2

10

6

921

91.6

8.1

0.2

8.4

11

6

1,112

81.0

11.8

7.2

19.0

12

3

572

88.5

11.4

0.2

11.5

13

3

573

94.1

5.6

0.3

5.9

Total

57

10,224

89.3

9.2

1.5

10.7

Region

a

Unadjusted nontenera
contaminatione

a

pisiferad (%)

Regions within peninsular Malaysia (1-9) and Sabah & Sarawak (10-13) were surveyed.

b

Tenera genotypes include ShDeliDura/shAVROS, ShDeliDura/shMPOB, ShDeliDura/shMPOB2,
ShDeliDura/shMPOB3 or ShDeliDura/shMPOB4.
c

Dura genotypes are wild-type at all five variant nucleotide positions.

d

Pisifera genotypes include shAVROS/shAVROS, shMPOB/shMPOB or shAVROS/shMPOB2.

e

Note that national weighted average contamination rate adjusted for the regional planting area is
10.9%.

Table C.3: Non-tenera contamination by region.
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Potential dura
contaminantsa!

shMPOB2!

shMPOB3!

shMPOB4!

Region 1

110

1 (0.1%)b

24 (2.1%)

1 (0.1%)

Region 2

126

-

16 (1.4%)

-

Region 3

32

-

5 (0.6%)

1 (0.1%)

Region 4

36

-

11 (1.0%)

-

Region 5

37

1 (0.2%)

-

-

Region 6

114

18 (3.2%)

-

-

Region 7

129

12 (2.1%)

2 (0.3%)

-

Region 8

89

5 (0.9%)

-

-

Region 9

20

-

-

-

Region 10

145

59 (6.4%)

11 (1.2%)

-

Region 11

199

52 (4.7%)

16 (1.4%)

-

Region 12

65

-

-

-

Region 13

30

-

-

-

1,132

148 (1.4%)

85 (0.8%)

2 (0.02%)

!

Total
a

Number of palms genotyped as wild-type at both the shAVROS and shMPOB
variant nucleotide positions.
b

Integer value represents number of palms per site heterozygous for the
indicated nucleotide variant, and parentheses denote the percentage of the
indicated heterozygous palms among all palms analyzed per site.

Table C.4: Novel SHELL alleles.
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!!

Observed Phenotypesb

!!

Predicted Phenotypesa

tenera

pisifera
dura

Genotypes

tenera

pisifera

dura

shAVROS/ShDeliDura

385

-

-

shMPOB/ShDeliDura

2

-

-

shMPOB2/ShDeliDura

2

-

-

shMPOB3/ShDeliDura

31

-

-

shMPOB4/ShDeliDura

2

-

-

shAVROS/shAVROS

-

33

-

shAVROS/shMPOB2

-

1

-

ShDeliDura/ShDeliDura

-

-

56

a

Fruit form phenotypes predicted by the indicated genotype.

!!

b

Fruit form phenotypes determined by visual inspection.

!!

Table C.5: Concordance of SHELL genotype and fruit form phenotype.
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Figure C.1: Non-tenera contamination rates within each individual sampled site.
Palms and nursery seedlings genotyped as either wild-type (dura), homozygous mutant for any
of the five identified SHELL gene MADS box mutation (pisifera) or heteroallelic for any two of
the five mutants (pisifera) were classified as non-tenera. On the x-axis, numbers 1-13 indicate
sampled regions according to Table C.3. Letters represent each independent site sampled within
the indicated region.

Numbers in parentheses indicate the number of palms or seedlings

genotyped per region/site. Error bars indicate 95% confidence intervals.
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Figure C.2: SHELL MADS box domain mutations associated with fruit form phenotype.
a The amino acid sequence of the wild-type (dura) SHELL MADS box domain is shown at the
top. Amino acid substitutions encoded by the shAVROS, shMPOB, shMPOB2, shMPOB3 and shMPOB4
mutations are each indicated below the wild-type amino acid sequence. b Logo plot of amino
acid conservation among 51 independent oil palm MADS box gene predictions within the oil
palm reference genome sequence. The positions of substituted amino acids encoded by the five
SHELL mutations are indicated below the plot. The shMPOB2 (K-to-Q) and shMPOB4 (K-to-N)
mutations alter the same amino acid (position 23 in the Logo plot). The shMPOB, shAVROS, and
shMPOB3 mutations alter amino acid positions 29, 31 and 41 in the Logo plot, respectively. Each
mutation results in alteration of the most prevalent amino acid to an amino acid not utilized in
any oil palm MADS box gene prediction at that position.
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Figure C.3: Fruit form phenotypes.
Photographs of three whole fruits (top) and three cross-sectioned fruits (bottom) from a wildtype dura palm a and from a ShDeliDura/shAVROS b, ShDeliDura/shMPOB c, ShDeliDura/shMPOB2 d,
ShDeliDura/shMPOB3 e or ShDeliDura/shMPOB4 f tenera palm are shown. Arrows indicate the thick shell
of dura fruit a and the thin shell of tenera fruits from palms with different heterozygous mutant
alleles b-e.
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Figure C.4: Economic impact modeling of comprehensive SHELL genetic testing.
a-b To determine selling price of CPO a and PKO b at a future date, monthly closing prices (in
Malaysian Ringgit, RM) are plotted from January 1995 through April 2015 a and from January
1996 through April 2015 (historic prices for PKO denominated in Malaysian Ringgit were not
available in 1995) b. A regression of monthly closing prices was computed as described in
Materials and Methods. c-d Annual economic impact of preventing pisifera c and dura d
contamination in independent planting sites at steady state. RM to U.S. dollar (USD) conversions
are based on an average exchange rate over the past 20 years of 3.5RM/USD.
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Figure C.5: Annual economic impact of SHELL genetic testing on the oil palm industry,
gross national income and the Malaysian government.
Calculated annual increases (Malaysian Ringgit, RM) are plotted as proportions obtained by
genetic screening based prevention of dura (blue) and pisifera (orange) contamination among
independent planting sites. Gains per individual palm screened prior to commercial planting
including tenera and non-tenera palms are indicated below each column. RM to U.S. dollar
(USD) conversions are based on an average exchange rate over the past 20 years of 3.5RM/USD.
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Appendix D
Population Level Coordination of Pigment
Response In Individual Cyanobacterial Cells
Under Altered Nitrogen Levels

This work will be submitted to Cell Reports. Jaclyn Murton, Aparna Nagarajan, Amelia Y.
Nguyen*, Michelle Liberton, Harmony Hancock, Himadri B. Pakrasi2 Jerilyn A. Timlin.
Population Level Coordination of Pigment Response In Individual Cyanobacterial Cells Under
Altered Nitrogen Levels. Cell Reports.
*A.Y.N. sent samples and wrote the paper.
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D.1 Introduction
D.1.1 Abstract
In cyanobacteria, phycobilisome (PBS) pigment-protein complexes harvest light and
transfer the energy to reaction centers. Cyanobacteria respond to changes in nutrient availability
by altering PBS complexes. We have characterized the pigment response to nitrogen depletion
and repletion at the subcellular level in individual live Synechocystis sp. PCC 6803 cells using
hyperspectral confocal fluorescence microscopy (HCFM) and multivariate image analysis. Our
results show that PBS degradation and re-synthesis are well coordinated, with homogeneous cell
populations undergoing pigment modifications. Chlorophyll fluorescence originating from the
photosystems decreased during nitrogen starvation, but the photosystem I/II ratio was
unchanged, and no alteration in subcellular chlorophyll localization was found. We observed
differential rod and core pigment responses to nitrogen deprivation, suggesting that PBSs
undergo a stepwise degradation process. Compared to previous studies that assayed cellular
response to nitrogen starvation at the population level, this analysis provides insights into
nutrient stress response at the single cell level.

D.1.2 Introduction
Cyanobacteria are unicellular photosynthetic microbes that played a central role in
oxygenating the Earth’s atmosphere 2.4 billion years ago (Buick 2008). Cyanobacteria are found
ubiquitously throughout the Earth’s biosphere where they are crucial contributors to the global
carbon and nitrogen cycles (Zehr et al. 2001). These organisms have diverse morphologies,
including spherical, rod-shaped, and filamentous forms, and have the metabolic flexibility to
thrive in environments ranging from terrestrial, freshwater, and marine habitats to more extreme
conditions like deserts and hot springs. The ability of cyanobacteria to use light energy to fix
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carbon dioxide and produce oxygen makes these organisms of critical importance in the
biosphere, and of particular interest in biotechnological studies.
Cyanobacterial cells contain pigment-proteins that function to harvest and transfer light
energy to the reaction centers in the thylakoid membranes to power photochemistry. The blue
bilin and green chlorophyll (Chl) pigments impart the characteristic blue-green color to
cyanobacteria. The bilin-containing phycobilisomes (PBS) are the main light-harvesting antenna
in cyanobacteria. Bilins are covalently attached to proteins to form phycobiliproteins, of which
there are three major types: phycocyanin (PC), allophycocyanin (APC), and phycoerythrin (PE).
These phycobiliproteins are arranged in PBS pigment-protein complexes, giant membrane
extrinsic structures of 3-5 MDa in size (Adir et al. 2006). In a well studied cyanobacterial model
organism, Synechocystis sp. PCC 6803 (hereafter Synechocystis 6803), PBS are hemidiscoidal
complexes consisting of a tricylindrical APC central core and six PC peripheral rods radiating
from the core (MacColl 1998). The pigmented phycobiliproteins are interspaced with nonpigmented linker proteins in the PBS structure. PBS may account for up to 60% of the total
soluble protein in the cell, thus serving as a large cellular nitrogen reserve (Bogorad 1975).
Cyanobacteria are subjected to varying concentrations of nutrients in their diverse
habitats. Acclimation to fluctuating environmental conditions can be facilitated by plasticity in
pigment abundance and localization. The dynamic nature of PBS is best observed during nutrient
deprivation (nitrogen or sulfur depletion), when cells bleach due to the degradation of PBS
(Collier and Grossman 1994). The degradation of phycobilisomes supplies macronutrients for
cellular use during nutrient deprivation conditions, and may prevent photosystems from
undergoing photoinhibition and production of harmful radical species (Adir et al. 2006).
Consequently, PBS degradation plays an important function in cell survival.
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A number of proteins have been identified that are involved in PBS degradation. An
essential factor for the ATP-dependent degradation of PBS is non-bleaching A (NblA) (Collier
and Grossman 1994). NblA is a protein that triggers the degradation of PBS in cyanobacteria by
serving as an adapter protein to facilitate the interaction of a protease with phycobiliproteins
(Baier et al. 2004; Karradt et al. 2008). NblA is a ~7kDa, ~60 amino acid polypeptide with low
homology (about 30% sequence identity) (Dines et al. 2008). Most cyanobacteria and red algae
have one copy of the nblA gene; Synechocystis 6803 is an exception that has two copies (Baier et
al. 2001). Upon deletion of nblA, cells maintain high levels of PBS after nutrient step down
(Collier and Grossman 1994). Additional proteins including NblR, NblS, NblB, RpaB, and NtcA
have been identified that function with NblA to regulate PBS degradation during nutrient
deprivation (Grossman et al. 1993; van Waasbergen et al. 2002; Dolganov and Grossman).
Physiological experiments conducted during nutrient starvation in previous studies showed that
essentially all PBS are degraded in wild-type cells within 48 hours (Collier and Grossman 1994;
Li and Sherman 2002). Chl levels decreased dramatically following PBS degradation, with <1%
of the original Chl remaining after 2 weeks of nitrogen deprivation (Gorl et al. 1998). Upon
addition of nutrients, cyanobacteria regain their blue-green color due to the re-synthesis of PBS.
The process of re-synthesis is also rapid, and cells can regenerate pigmentation with the readdition of nitrate back to the culture even with prolonged nitrogen starvation of up to a month
(Gorl et al. 1998).
Degradation of PBS is an active, rapid and specific process that occurs on a massive
scale. Earlier studies have monitored the rate of degradation by measuring the decrease of the
pigment peaks in whole cell absorption spectra in bulk cultures during nutrient depletion. A
model of PBS degradation developed using this approach describes the sequential trimming of
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the peripheral phycocyanin rods, starting at the most distal end, with complete degradation of the
remaining PBS occurring within 2 days of continued nutrient depletion in Synechococcus sp.
PCC 7942 (hereafter referred to as Synechococcus 7942) (Collier and Grossman 1994).
Advances in microcopy in recent years have made it possible to study pigment
localization at the single cell level, however challenges with spectral resolution between
pigments remains (Tóth et al. 2013). Previous techniques were unable to separate overlapping
pigments (e.g. PSI/PSII or APC/PC), localize subcellular compartments, and image single cell
population. Hyperspectral confocal fluorescence microscopy (HCFM) is a technique that allows
the spectral resolution of pigments with similar fluorescence emission, and when combined with
multivariate curve resolution (MCR) algorithms, pure fluorescent component spectra can be
extracted from the emission of live cells. The resulting data sets can show the distribution of
pigments within cells. Hyperspectral confocal fluorescence microscopy has been previously
applied to isolate spectra from highly overlapping pigments in photosynthetic organisms,
specifically APC, PC, PSI and PSII in Synechocystis 6803 (Vermaas 2008), and to analyze and
compare the distribution of pigments in a group of PBS mutants with increasingly truncated
antenna complexes (Collins et al.).
In this study, we explored the plasticity of pigment response in live Synechocystis 6803
by applying a quantitative imaging approached to characterize, at the subcellular level, the
pigment response to nitrogen depletion and repletion conditions using HCFM. In a new
application of HCFM, we coupled HCFM with single cell analysis to quantify changes in the
different pigment components in individual single cells in order to gain insights into the
degradation and re-synthesis of PBS on a population level. We carried out single cell
quantification of pigment dynamics by analyzing PBS degradation in response to nitrogen
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depletion to explore pigment changes in wild type Synechocystis 6803 during nitrogen starvation.
Our results show that PBS degradation and re-synthesis are well coordinated, with homogeneous
cell populations undergoing pigment modifications. Chl fluorescence originating from the
photosystems decreased during nitrogen starvation, and the PBS to Chl ratio changed
dramatically (~4x) under nitrogen depletion conditions. However, the photosystem I/II ratio was
unchanged, and no alteration in subcellular chlorophyll localization was found. We observed
differential rod and core pigment responses to nitrogen deprivation, suggesting that PBSs
undergo a stepwise degradation process. These data provide insights into how individual pigment
proteins react to changes in extracellular nitrogen at the single cell level.

D.2 Material and Methods
D.2.1 Cyanobacterial Strains and Culture Conditions
Synechocystis sp. PCC 6803 was grown photoautotrophically in BG11 medium with 1.76
M NaNO3 as a nitrogen source. The nitrogen source was replaced with 1.76 M NaCl to generate
nitrogen depleted media. Cultures were incubated at 30⁰C while continuously shaking at 150
rpm (VWR Orbital Shaker) under constant, cool-white light (30 µmol photons•m-2•s-1). To
perform the experiment, three replicate cultures were started by transferring 20 mL of
Synechocystis culture (107 cells/mL) into 25 mL BG11 media containing nitrogen and incubated
for three days under standard culture conditions. After three days each culture was subdivided
into two equal volumes, harvested by centrifugation (500 X g for 10 min) and washed twice with
either nitrogen replete BG11 media (BG11 (+N)) or nitrogen depleted media (BG11 (-N)). After
washing, the cells were resuspended in 50 mL BG11 (+N) or BG11 (-N) and cultured in a 500
mL baffled Erlenmeyer flask for 24 hours. Both cultures were harvested by centrifugation after
24 hours, resuspended in media (+ or – N, depending on experimental condition to be tested) and
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cultured for another 24 hours. This process was repeated for all the required experimental time
points. Bulk culture absorbance spectra (400-800 nm) were obtained from all cultures/timepoints
using a plate reader (BioTek Eon). Samples were prepared hyperspectral confocal fluorescence
microscopy (HCFM) images by withdrawing 25 µL of the first concentrated cell pellet (prior to
any washing steps). This aliquot was resuspended in 100 uL of media (+ or – N, depending on
experimental condition to be tested) and 8uL of the resulting culture was placed on an agar
coated slide. Cells were allowed to settle for 60 sec and a coverslip was applied (#1.5), excess
culture wicked from the edges, and sealed with nail polish. Imaging was performed immediately.

D.2.2 Single Cell HCFM Microscopy
Hyperspectral confocal fluorescence images were acquired using a custom hyperspectral
confocal fluorescence microscope described previously (Sinclair et al 2006). In brief, 3 uW of
488 nm laser excitation was focused onto the sample through a 60x oil-immersion objective
(Nikon Plan Apochromat; NA=1.4) to a diffraction-limited spot. Fluorescence emission was
collected through the same objective and dispersed by a prism spectrometer onto the focal plane
of an electron-multiplied CCD array (iXon DU897U, Andor Technologies). The per pixel dwell
time was 240 ms. The image was formed by raster scanning the beam over the sample with step
size of 0.12 um. This generates images with diffraction limited lateral spatial resolution (240
nm). A total of 256 images, each containing 44,100 spectra were collected.

D.2.3 Spectral Image Analysis
Hyperspectral images were preprocessed and subsequently analyzed using multivariate
image analysis methods to extract the underlying spectral components and calculate their relative
contributions to each image pixel as described in Jones et. al. (Jones 2012). Representative
images from each time point and sample were combined into one image data set and MCR was
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executed with non-negativity constraints on all image pixels above the background. This resulted
in a 5 (or 6) component spectral model that explained >99.4% of the spectral variance. An
autofluorescent component was included in the analysis to account for dead or dying cells.
Concentration maps indicating the abundance and location of each component were generated
using a classical least squares analysis. The resulting concentration maps were segmented using a
modified watershed transformation algorithm to identify individual cells. Automated cell
segmentation was verified and edited manually. Single cell statistics were calculated for
individual cells. Dead and dying cells were identified by their extremely high autofluorescent
abundance and/or high PBS fluorescence and excluded from calculation of single cell statistics.

D.3 Results
D.3.1 Pigment Response to Nitrogen Depravation in Synechocystis 6803
Cultures
Synechocystis 6803 cells were starved for nitrogen and samples were collected at 0 h, 24
hr, and 48 hr time points, and at 24 hr after nitrogen readdition (Fig. D.1a). These samples were
used for absorbance measurements and HCFM. The absorbance peak originating from PBS
(~625 nm) gradually declined over 24 hr of nitrogen depletion and recovered to above original
levels upon nitrogen repletion (Fig. D.1b). Likewise, the chlorophyll absorbance peak (680 nm)
declined with nitrogen depletion and recovered above original levels when nitrogen was added
back to the media (Fig. D.1b).
The PC and Chl concentrations per OD730 were measured at the different time points
during nitrogen depletion and readdition (Fig. D.2). The PC content in the control culture
gradually increased by a factor of 1.7 over 48 hr, while the PC content in the nitrogen depleted
culture dramatically decreased by a factor of 6.5 within 24 hr (Fig. D.2a). When nitrogen was
added back to the depleted culture, the PC concentration increased 12 fold to normal levels. The
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Chl response to changing nitrogen levels exhibited a similar pattern to PC, although diminished.
The average chlorophyll concentration per OD730 decreased by a factor of 1.8 in nitrogen
depleted media and exhibited a 2.4 fold increase in upon nitrogen repletion (Fig. D.2b).
Interestingly, the average chlorophyll concentration per OD730 in the nitrogen depleted culture
did not appear to recover to normal levels 24 hours after nitrogen was added back to the media.
To elucidate further, we investigated the ratio of PC to chlorophyll (Fig. D.2c), which generally
remained constant over 48 hours in the cultures with nitrogen in the media. The ratio decreased
fivefold in the nitrogen depleted media, following the same trend observed in the adaptive
response of PC to variable nitrogen levels (Fig. D.2a). Upon repletion of nitrogen, the ratio of
PC to chlorophyll increased seven fold (Fig. D.2c).

D.3.2 Single Cell Analysis
This section is incomplete because our collaborator at Sandia National laboratory needs
to discuss about cell finder and single cell statistics. The goal was to investigate changes in
pigments in intact Synechocystis 6803 cells, we used HCFM combined with MCR analysis.

D.4 Discussion
Still in progress.
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%!of!original!abundance!
Pigment!
PC!
APC!
Chl=PSI!
Chl=PSII!

following!N!
depletion!
3!
9!
43!
38!

following!N!
repletion!
88!
87!
80!
95!

Table D.1: Average % of original abundance of photosynthetic pigments.
Following nitrogen depletion (24 hrs) and repletion (24 hrs) calculated from the single cell
hyperspectral confocal fluorescence images.
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Figure D.1: Hyperspectral work-flow and pigments measurements.
a Schematic of experimental design. b Bulk absorbance measurements of Synechocystis cultures
under varying nitrogen conditions. Absorbance spectra normalized to A730. " indicates the
phycobilin peak, while % indicates the chlorophyll peak.
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Figure D.2: Changes in the concentration of pigments at different time points under
varying nitrogen conditions.
a Phycobilin content per cell. b Chlorophyll content per cell. c Ratio of phycobilin to chlorophyll
content per cell.
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Figure D.3: Multivariate curve resolution.
Results from hyperspectral confocal fluorescence images of single Synechocystis 6803 cells
under a time course of varying nitrogen conditions. a Spectral model. Fluorescence emission
spectra corresponding to four photosynthetic pigments and a broad autofluorescence emission
spectrum were mathematically isolated. A 6th spectrum, a flat offset, has been omitted for
simplicity. b RGB images corresponding to the relative abundance of the four photosynthetic
pigments. Red: Chlorophyll (PSI), Green: Chlorophyll (PSII), Blue: phycocyanin +
allophycocyanin. Scale bars = 5 µm in large images, 2.5 µm in the zoomed inset images.
Colorscales are identical for all images to facilitate comparison between images.
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Figure D.4: Average per cell fluorescence.
Intensities of photosynthetic pigments from hyperspectral confocal fluorescence images of
Synechocystis 6803 under a time course of varying nitrogen conditions. a Phycocyanin, b
Allophycocyanin, c Chlorophyll (PS1), and d Chlorophyll (PSII). Error bars represent the
standard error of the single cell measurements.
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Figure D.5: Single cell scatter plots for comparing abundances of photosynthetic pigments.
a & b Chl-PSII vs. phycocyanin content and c & d phycocyanin vs. allophycocyanin content in
individual cells. a & c All time points are represented in control (blue circles), nitrogen deplete
(red circles) and replete conditions (green circles). b & d Same data as a & c, however, only
showing deplete conditions and color coding for 0, 24, and 48 hrs in nitrogen deplete
environment.
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